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Preface

The incidence of invasive fungal infections in humans has steadily increased over the last few
decades, resulting in nearly one million deaths each year. In addition to causing mortality,
fungi are becoming increasingly appreciated to modulate and influence our immune system,
by either residing as gut commensals or shaping the pulmonary immune response following
inhalation from the environment. Despite the impact of fungi and fungal infections on
human health, our understanding of antifungal immunity has lagged behind that of other
types of infections. This is partly due to a lack of expertise, with a relatively small number of
laboratories focusing on anti-fungal immunity. This book aims to help recruit new investi-
gators to the field by providing them with the protocols needed to set up clinically relevant
animal models of fungal infection (in mice, insects and fish), as well as methods for
developing the latest cutting-edge techniques for analysing in vivo immunology and fungal
morphology/biology.

Even within the medical mycology field, some fungal diseases remain particularly under-
studied. These include phaeohyphomycosis, coccidioidomycosis, mucormycosis and pneu-
mocystis pneumonia. Each of these infections have been difficult to model in animals, and
therefore the use of mice to study these infections have been limited to a small number of
research groups. To help address this and improve uptake of these infection models, this
book has particularly focused on gathering protocols from the experts who developed and
routinely use mouse models of these understudied fungal diseases. Many of the protocols
feature specific insights into what adverse effects can be expected and recommended
techniques and assays to study the immunological response during infection.

Fungal infections have a global impact with a particularly high concentration of cases in
parts of Africa, Asia and South America. It therefore felt important that the authorship of
this book adequately represented the different continents and reflected the great diversity of
the medical mycology and fungal immunology research communities. I am proud that we
have achieved a 50% gender balance in the contributing authors and have chapters submitted
by scientists based across the world including within the UK, South Africa, USA, Brazil,
Germany, Belgium, Colombia and Japan. This demonstrates the collaborative and collegiate
nature of the scientists working in our field and I am grateful to call them my colleagues,
who have helped put together a fantastic resource for our community.

Rebecca A. Drummond
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Chapter 1

Quantifying the Mechanical Properties of Yeast Candida
albicans Using Atomic Force Microscopy-based Force
Spectroscopy

Christopher R. Jones, Zhenyu Jason Zhang, and Hung-Ji Tsai

Abstract

Fungi can adapt to a wide range of environmental stresses in the wild and host milieu by employing their
plastic genome and great diversity in morphology. Among different adaptive strategies, mechanical stimuli,
such as changes in osmotic pressure, surface remodeling, hyphal formation, and cell divisions, could guide
the physical cues into physiological responses through a complex signaling network. While fungal patho-
gens require a pressure-driven force to expand and penetrate host tissues, quantitatively studying the
biophysical properties at the host–fungal interface is critical to understand the development of fungal
diseases. Microscopy-based techniques have enabled researchers to monitor the dynamic mechanics on
fungal cell surface in responses to the host stress and antifungal drugs. Here, we describe a label-free, high-
resolution method based on atomic force microscopy, with a step-by-step protocol to measure the physical
properties in human fungal pathogen Candida albicans.

Key words Fungal infections, Hyphal formation, Surface stiffness, Turgor pressure, Atomic force
microscopy, Young’s modulus

1 Introduction

Fungal pathogens can change their cell surface composition and
morphology to respond to environmental stimuli and to facilitate
their virulence [1–4]. Throughout the process of cell division and
hyphal expansion, a hydrostatic pressure (turgor), generated by an
accumulation of solutes, including amino acids and polyols which
change intracellular osmolarity, serves as a key driver for tissue
invasion and colonization [5, 6]. Understanding the underlying
mechanism and where its related physical properties act on can
offer as invaluable insight into the development of fungal diseases.
As such, a quantitative measurement with a nanoscopic resolution
for the pressure-driven force is critical to connect the biophysical
cues and physiological responses in fungi.

Rebecca A. Drummond (ed.), Antifungal Immunity: Methods and Protocols, Methods in Molecular Biology, vol. 2667,
https://doi.org/10.1007/978-1-0716-3199-7_1,
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Microorganism cell wall provides a physical barrier to resist
both internal force (turgor) [6, 7] and external perturbations
(e.g., macrophage engulfment) [8], and its composition can con-
stantly change in response to the cell physiological state [3]. For
example, upon heat stress, the abundance of chitin changes with a
twofold increase of surface stiffness [9]. At the host–fungal inter-
face, innate immune cells can recognize fungal cell wall compo-
nents such as β-glucan and initiate phagocytosis for fungal killing
[8, 10]. During such process, polymorphic fungal pathogens, such
as Candida albicans, can form lengthy hyphae, where β-glucan is
masked by mannan to attenuate phagosome maturation [11], and
also extend their cell body to escape from phagocytic engulfment
[12, 13]. This complex morphogenetic program is not only gov-
erned by stress-induced signaling pathways but also a series of
mechanical cues to achieve infections by overcoming host immu-
nity [11, 14–17]. In parallel, macrophages can counteract the
physical challenges by folding hyphae and further damaging hyphal
structure while re-exposing β-glucan to promote immune recogni-
tion [18]. This two-way host–fungal response highlights the
important role of physical properties in fungal pathogenesis. Fur-
thermore, to colonize host tissue or implanted abiotic surface, a
sufficient adhesive force, resulting from either adhesins (e.g., Als
proteins [19]) or carbohydrate moiety, is essential for the afore-
mentioned pathogenic process [20, 21]. Additionally, fungal cell
wall is a major target for current antifungal treatments, and anti-
fungal drugs, including fluconazole and caspofungin, can alter
fungal surface mechanics differently [22, 23]. These surface physi-
cal properties are critical parameters for antifungal efficacy while
developing strategies in fungal clearance and the measurements of
antifungal drug efficacy.

Techniques employing different fluorescence probes and soft
substrates are used to measure cell surface stiffness as a proxy of
turgor changes and to monitor its dynamics in response to environ-
ment [24–26]. Over the past two decades, atomic force microscopy
(AFM) has been used extensively to investigate the mechanical and
topographical characteristics of living microorganisms without
additional labeling or sophisticated sample preparation procedures
[27–30]. A unique advantage of this technique is to acquire nano-
scopic spatial resolution under physiological condition in response
to stress applied. As the method in evaluating mechanical properties
in C. albicans is proven versatile in mycology, here we describe the
measurements of cell surface stiffness and turgor pressure in
C. albicans with step-by-step instructions.
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2 Materials

2.1 Fungal Strain,

Medium, and Solutions

1. Candida albicans SC5314 (wild-type).

2. YPD medium (liquid and solid): 1% bacto yeast extract, 2%
bacto peptone, 2% dextrose, and 1.5% bacto agar (solid
media only).

3. Poly-L-Lysine (0.1% w/v).

4. PBS: Phosphate buffer saline.

2.2 Consumables 1. Parafilm.

2. Petri-dishes.

3. PAP pen (Hydrophobic barrier pen).

4. Poly-L-Lysine Adhesive Microscope Slides (see Note 1).

2.3 Microscope

Specifications

1. A range of commercially available atomic force microscopes
(AFM) are suitable for studying the mechanical properties of
cells by force spectroscopy. The representative data shown here
was acquired using the following:

(a) FlexAFM (Nanosurf AG, Switzerland).

(b) Mounted on an IX73 (Olympus, Japan) inverted
microscope.

2. Measurements were carried out in an air-conditioned labora-
tory at 21 °C.

3. An AFM cantilever with appropriate tip geometry, stiffness,
and coating material should be chosen.

(a) For the present work, PPP-CONTR (Nanosensors, Swit-
zerland) cantilevers with a nominal spring constant of
0.2 N m-1 and tip radius of 7 nm were used.

(b) Further details on cantilever selection can be found in
Notes 2–4.

4. All calibrations and measurements were carried out using
Nanosurf C3000 software (Nanosurf AG, Switzerland).

3 Methods

3.1 Yeast Growth

and Preparation

1. Inoculate 2 mL of YPD with a single yeast colony from a newly
streaked plate and grow overnight at 30 °C.

2. For imaging cells on a glass slide, draw a circle by PAP pen to
form a hydrophobic barrier for inoculating yeast cells in the
next day. Alternatively, place a ring-shape parafilm on the glass
slide and heat the glass-slide on a preheated block for 10 s to
melt the parafilm and form a barrier.
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3. If the glass slide is not precoated, deposit 100 μL of 0.1% (w/v)
poly-L-lysine (PLL) on a glass slide to cover the area and leave
the slide in a petri-dish (air-dry) for the experiment next day.

4. Dilute the overnight culture in 5 mL of fresh YPD at an
OD600 of 0.2 and grow at 30 °C for at least one doubling
time (>90 min but less than 3 doublings).

5. Remove the remaining poly-L-lysine solution on the glass slide
and wash it by PBS once, following another wash using YPD
medium (or medium suitable for the experiment).

6. Dilute the yeast culture for >100 times in YPD medium and
spot 50,100 μL of the diluted culture within the ring area on
the glass slide. Keep the slide statically in the room temperature
for 30 min.

7. Remove the medium gently and wash the area with YPD
medium for (at least) twice to remove suspended cells. Add
50–100 μL of YPD medium to keep cells in a constant condi-
tion and ready for microscopy.

3.2 AFM Setup and

Calibration

1. The procedure for many of the setup steps listed below will be
specific to each instrument and should be carried out following
the manufacturer’s instructions. In this protocol, a schematic
diagram of the experimental setup is shown in Fig. 1.

2. Load the selected AFM cantilever into the cantilever holder and
attach this to the AFM scan head. When handling probes with a

Fig. 1 Schematic representation of an Atomic Force Microscope (AFM) instrument mounted on an inverted
microscope with glass slide with affixed yeast cell on sample stage
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sharp tip, it is recommended to use an electrostatic discharge
(ESD) wrist strap and mat to prevent static discharge.

3. Adjust the height and position of the AFM scan head and
inverted microscope optics so that the end of the cantilever
beam is focused in the field of view.

4. Position the laser beam onto the back of the cantilever, cen-
tered laterally, and near the tip end, then center the reflection
of the laser on the photodetector.

5. Set up the AFM software in contact mode.

6. Place a clean glass microscope slide on the sample stage of the
inverted microscope and pipette a 0.2 mL drop of YPD (or a
solution used to keep cells under their natural state; e.g., PBS)
onto the center of the slide.

7. Place the AFM scan head on the stage and lower the cantilever
until it is submerged in the droplet. It may help to pipette a
small droplet onto the cantilever holder before lowering
towards the droplet, to prevent an air bubble being trapped at
the interface.

8. Calibrate the cantilever spring constant. Most AFMs have the
ability to carry out this calibration using the thermal tuning
method [31]. Where this is not available, it is recommended to
purchase precalibrated probes, as the true value can vary signif-
icantly from the nominal value.

9. Approach the cantilever to the surface and calibrate its deflec-
tion sensitivity using the glass substrate.

10. Withdraw the cantilever from the surface and remove the glass
slide from the stage.

3.3 Force

Spectroscopy

Measurements

1. Set up the AFM software for force spectroscopy, selecting the
appropriate mode to stop at a maximum force rather than a
fixed distance.

2. Input the required parameters (example values are provided
below).

(a) Maximum force: 1 nN.

(b) Modulation time: 1 s.

(c) Distance range: 5 μm.

(d) Data points: 1024.

(e) Grid size: 6 × 6 points.

3. To ensure results are reproducible, it is advised to carry our
force spectroscopy measurements close to the cell center. Mea-
surements near the edge of the cell may lead to an increased
probability of variation due to the surface gradient of the cell.
Either a single measurement at the cell center or a grid of
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measurements over the cell surface may be used. Using a grid
allows investigation of localized behavior over the cell area.

4. Place the poly-L-lysine (PLL) coated glass slide with immobi-
lized yeast cells on the microscope sample stage with a droplet
of YPD (based on experimental needs) coating the surface.

5. Lower the cantilever into the droplet.

6. Focus the microscope on the cells.

7. Slowly bring the cantilever towards the surface, stopping when
the beam starts to come into focus indicating it is close to the
cell surface.

8. Move the sample so the cantilever tip is above the center of a
cell and approach the cantilever to the surface.

9. Start the force spectroscopy measurements.

10. Once the process has been completed, withdraw the cantilever
from the cell surface, move the tip to above another cell, and
carry out repeat measurements.

3.4 Data

Preprocessing

Data analysis can be carried out using a range of commercial or
open-source software packages, or using custom written analysis
codes in programming languages such as MATLAB or Python
[32]. The example data here was analyzed using a home developed
“nanoforce” (v0.3.21) package implemented in Python (v 3.8.1),
available from https://pypi.org/project/nanoforce/. The steps
used are similar for each platform and are summarized below.

1. Export raw data from the AFM software and import it into a
desired analysis package.

2. The output signal from the photodetector measures cantilever
deflection as a voltage signal that should be converted to force
data using the spring constant and deflection sensitivity cali-
brated as described in Subheading 3.2. Some AFM software
may apply this conversion automatically.

3. The mean value of a selected range of the noncontact portion
of the force distance curve is calculated and subtracted from the
force data to align the baseline region to 0 nN (as shown in
Fig. 2b). For some datasets, it may be necessary to instead
calculate a linear fit of the noncontact portion and subtract
this from the force data, to account for any tilting of the
baseline.

4. The contact point at which the tip reaches the sample surface is
identified and subtracted from the distance data, so the contact
point is at 0 nm (as shown in Fig. 2b).

5. Distance data is recorded by the piezoelectric positioner used
to control the cantilever height. Due to the physical bending of
the cantilever, this may not be able to represent the absolute tip

https://pypi.org/project/nanoforce/
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Fig. 2 Representative AFM force–distance curves for (a) PLL substrate used to immobilize cells, used to
exclude measurements where cantilever did not contact cell surface, and (b) cell surface with key parameters
annotated



8 Christopher R. Jones et al.

position when in contact with a surface. The true tip position
could be calculated from the piezo position, cantilever deflec-
tion, and deflection sensitivity.

6. Figure 2a presents a force–distance curve acquired on the PLL
substrate as benchmark. This was recorded to distinguish
between the cell surface and substrate.

7. Figure 2b shows a force–distance curve measured on the sur-
face of a cell identified by the optical microscopy.

8. Figure 2a, b shows distinctively different characteristics: in the
approaching component of the force curve (blue lines), a much
deeper indentation can be observed on the cell than the PLL
substrate, and there is a considerable hysteresis on the cell
surface when withdrawing the cantilever.

9. A range of information can be quantified from an AFM force–
distance curve, including the following which are labeled in
Fig. 2b:

(a) Adhesion force (N)—maximum force recorded on the
withdraw curve when separating the AFM tip from the
surface.

(b) Work of adhesion (J)—area between the baseline and the
withdraw curve when separating the AFM tip from the
surface.

(c) Young’s modulus (Pa)—calculated from the slope of the
approach curve in the indentation region.

3.5 Contact

Mechanics Analysis

1. A range of contact models reported in the literature can be used
to calculate Young’s modulus from a force–distance curve. An
appropriate model should be selected depending on the geo-
metries of the surface (i.e., the cell) and the indenter (i.e., the
AFM tip) [33].

2. The cell can be assumed a flat surface if its size dimension is
much greater than that of the indenter.

3. For a spherical indenter on a flat surface (Fig. 3a), the force–
distance curve can be fitted to the Hertz model (Eq. 1) [34].

F =
4
3
E�R0:5δ1:5 ð1Þ

where F is force (N), R is tip radius (m), δ is indentation depth
(m), and E� is reduced modulus (Pa), which is given by Eq. (2).

1
E� =

1- v2i
Ei

-
1- v2s
Es

ð2Þ

where E is Young’s modulus (Pa) and ν is Poisson ratio, with
subscript i representing the indenter (AFM cantilever) and s the



sample. Assuming a rigid indenter (i.e., Eq. ) with a Young’s
modulus much greater than that of the sample, simplifies to
Eq. ( ).4

3
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Fig. 3 Schematic representation diagrams of the indentation of a flat sample by
(a) a spherical indenter and (b) a conical indenter with the relevant parameters
required to fit force–distance data shown for the Hertz and Sneddon models,
respectively

1- v2i
Ei

≫
1- v2s
Es

ð3Þ

F =
4
3

Es

1- ν2s
R0:5δ1:5 ð4Þ

4. For a conical indenter on a flat surface (Fig. 3b), the force–
distance curve can be fitted to the Sneddonmodel (Eq. 5) [35].

F =
2
π

Es

1- ν2s
tan αð Þδ2 ð5Þ

where α is the half angle of the indenter.

5. Hertz (Eq. 4) and Sneddon (Eq. 5) model fits of the approach-
ing force–distance curve (Fig. 2b) are shown in Fig. 4a along-
side the raw data points.

6. Data can be fitted to each model by taking a linear fit of the
force versus distance terms (i.e., F vs. δ1.5 for the Hertz model
and F vs. δ2 for the Sneddon model), using an ordinary least
squared linear regression model.

7. The gradient of the calculated linear fit can be substituted into
the equation for the appropriate model, along with the Poisson
ratio and tip radius or tip half-angle, to calculate the Young’s
modulus of the sample.

8. The Sneddon model fitting in Fig. 4a is a much better repre-
sentation of the raw data than the Hertz model fitting. This is
expected as the AFM cantilever used to record this data has



primarily conical shape, excluding a small spherical region at
the tip with a radius of less than 7 nm.
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Fig. 4 (a) Raw force–distance data for indentation portion of AFM measurements, along with Sneddon model
and Hertz model fits of this data, and (b) comparison of Young’s modulus calculated by the Sneddon model
using the fit shown in (a), along with a pointwise calculation for each raw data point

9. Figure 4b shows a pointwise analysis of the Young’s modulus at
each raw datapoint, along with the value predicted by the
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Fig. 5 Box plots showing the variation of adhesion force and Young’s modulus for three representative cells

Sneddon model fitting shown in Fig. 4a. The model proves an
accurate representation of the raw data points at indentation
depths of greater than 40 nm.

10. The divergence from the model at low indentation depths is
likely caused by the small spherical region at the tip of the
cantilever. Once the indentation depth is much greater than
this tip radius, the cantilever can be assumed cylindrical, for
which the Sneddon model fits well.

11. Literature investigating the adhesion and Young’s modulus of
yeast cells has observed variation in measured values across the
cell surface [22, 36].

12. Figure 5 shows the variation of values measured over the
surface of three representative cells.

4 Notes

1. Yeast cell immobilization using an adhesive (e.g., poly-L-lysine
and concanavalin A) is recommended, because yeast cell may
move away while the cantilever makes contact. Cell entrapment
using microfabricated chambers/microwells may alter the
mechanical properties in their natural state since the space
confinement could apply an artificial force to the cell.

2. A cantilever should be chosen with a spring constant that allows
large cantilever deflection to improve the resolution of the
force–distance curve while being stiff enough to allow suffi-
cient indentation into the cell and ensure the cantilever
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detaches from the cell surface during the withdraw curve.
Typically, a spring constant between 0.01 and 0.6 N/m is
appropriate for cell studies [32].

3. Cantilever tip geometry is an important consideration for
studying the nanomechanical properties of cells. In general, a
spherical tip with a 2.5–10 μm radius is most appropriate for
soft and fragile cellular structures, while a conical tip may be
used for stiffer features. The sharp tip of a conical indenter
enables determination of more localized surface properties,
while a spherical tip gives information related to the whole-
cell behavior [35].

4. When aligning the AFM tip with the cell surface by optical
microscopy, it may be advantageous to use a cantilever with the
tip aligned with the end of the cantilever beam for ease of
alignment, such as OPUS 3XC-NA (Mikromasch, USA) or
ARROW-CONTR (NanoWorld, Switzerland).
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é-Guinlet M (2021) AFM in cellular and
molecular microbiology. Cell Microbiol 23:
e13324

31. Hutter JL, Bechhoefer J (1993) Calibration of
atomic-force microscope tips. Rev Sci Instrum
64:1868–1873

32. Gavara N (2017) A beginner’s guide to atomic
force microscopy probing for cell mechanics.
Microsc Res Tech 80:75–84

33. Han R, Chen J (2021) A modified Sneddon
model for the contact between conical inden-
ters and spherical samples. J Mater Res 36:
1762–1771

34. Johnson KL (1985) Contact mechanics. Cam-
bridge University Press

35. Chen J (2014) Nanobiomechanics of living
cells: a review. Interface Focus 4:20130055

36. Formosa C, Schiavone M, Martin-Yken H et al
(2013) Nanoscale effects of caspofungin
against two yeast species, Saccharomyces cere-
visiae and Candida albicans. Antimicrob Agents
Chemother 57:3498–3506

https://doi.org/10.1128/mBio.01581-18
https://doi.org/10.1128/mBio.01581-18
https://doi.org/10.1073/pnas.2020484118
https://doi.org/10.1073/pnas.2020484118
https://doi.org/10.1128/mSphere.00946-20
https://doi.org/10.1128/mSphere.00946-20
https://doi.org/10.1128/mSphere.00277-19
https://doi.org/10.1128/mSphere.00277-19


Chapter 2

Standardization of Galleria mellonella as an Infection Model
for Malassezia furfur and Malassezia pachydermatis

Maritza Torres and Adriana Marcela Celis Ramı́rez

Abstract

Galleria mellonella larva has been widely exploited as an infection model for bacteria and fungi. Our
laboratory uses this insect as a model for fungal infection caused by the genus Malassezia, in particular,
systemic infections caused by Malassezia furfur and Malassezia pachydermatis, which are poorly under-
stood. Here, we describe the G. mellonella larva inoculation process with M. furfur and M. pachydermatis
and the posterior assessment of the establishment and dissemination of the infection in the larvae. This
assessment was done through the evaluation of larval survival, melanization, fungal burden, hemocytes
populations, and histological changes. This methodology allows for the identification of virulence patterns
between Malassezia species and the impact of inoculum concentration and temperature.

Key words Alternative animal model, Galleria mellonella larva, Malassezia furfur, Malassezia pachy-
dermatis, Systemic infection modeling, Fungemia

1 Introduction

Galleria mellonella larva was implemented as a model for bacterial
infection in 1968. Since then, there have been an increasing num-
ber of publications in which this model has been used to evaluate
both the pathogens virulence from different approaches and the
host response and antimicrobial activity [1]. This model has gained
attention for various reasons. First, the development of the 3Rs
principle in which studies that use animal models for laboratory
experimentation require investigators to consider Replacement
(alternative animal models, in vitro technologies), Reduction
(reduce numbers needed in experimental groups), and Refinement
(better animal models and welfare) approaches [2]. The use of
alternative models such as G. mellonella larvae will contribute to
the partial replacement due to their current status as nonsentient
animals, which implies that they do not require ethical approval for
experimentation [3]. Second, the larvae are small and reproduce
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fast, which makes it easy to maintain and handle in laboratory
conditions and also reduces space [3]. This, in turn, lowers the
costs associated with animal maintenance and experimentation.
Third, the larvae can be incubated at 37 °C, which is the human
corporal temperature [1]. Moreover, the immune system shows
some homology with the human innate immune system, both in
the cellular and humoral innate immune response [1]. This allows
for preliminary high throughput approaches to the understanding
of host–pathogen interactions.
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Galleria mellonella larva has been implemented as an infection
model for yeasts like Candida albicans [4, 5], among others.
Studies that used this model have shown that the results obtained
correlate with the results of virulence evaluation in mammal models
[4]. The G. mellonella larvae have allowed for the study of the
virulence trend of mutants’ libraries and different isolates of fungi
[6]. For the above reasons, this model is attractive as an infection
model for the genusMalassezia. The yeasts belonging to this genus
are found as part of the mycobiota of humans and animals, but their
impact on human health is not fully understood. For example,
under specific conditions, these yeasts can cause skin and systemic
disease or exacerbate skin disorders [7]. Indeed two species,Malas-
sezia furfur and Malassezia pachydermatis, have been associated
with fungemia in neonates and immunosuppressed patients
[8]. Reports of these cases of fungemia are growing, and it has
been shown that its prevalence is higher than it was believed before
[8, 9]. For this reason, there is a need to study this host–microbe
interaction in systemic infections since the majority of studies have
focused on superficial infections [10], and the G. mellonella larva
could be a suitable model for making the first approach to the
understanding of this interaction.

In this protocol, G. mellonella larvae were implemented and
standardized as infection models for M. furfur CBS 1878 and
M. pachydermatisCBS 1879. The results demonstrated thatG. mel-
lonella larvae is a suitable model for the two species of Malassezia.
This was shown through the evaluation of larval survival, melaniza-
tion, fungal burden, hemocytes populations, and histological
changes. Also, it was found than the larval mortality and the dis-
semination of these yeasts in the host depended on the inoculum
concentration, the temperature, and the species.

2 Materials

2.1 Larvae

Preparation

1. Fifteen Galleria mellonella larvae per treatment. These larvae
must be used between the fifth and sixth instar with a weight
ranging from 200 mg to 300 mg without any mark(s) or spot
(s) on the larval surface (see Note 1).
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2. Three sterilized 500 mL beakers.

3. Sterilized paper towel.

4. 0.1% sodium hypochlorite solution.

5. Reusable coffee filter bag with plastic handle.

6. Fourteen standard size Petri dishes (90 mM × 15 mM).

2.2 Larval

Inoculation and

Survival and

Melanization

Evaluation

1. A 48-to-72-h Malassezia furfur or Malassezia pachydermatis
culture on modified Dixon agar (36 g.L-1 Mycosel agar,
20 g L-1 Oxgall, 36 g L-1 malt extract, 2 mL L-1 glycerol,
2 mL L-1 oleic acid, and 10 mL L-1 Tween 40) at 33 °C (see
Note 2).

2. A 0.5% Tween 80 solution.

3. Triple folded woven gauze cut into a 3 × 3 cm square.

4. 1 mL Veo insulin syringe with the BDUltra-Fine 6 mM needle.

5. A plastic inoculation loop.

6. Two 5 mL glass test tubes with a screw cap.

7. Eight 2.0 mL volume microcentrifuge tubes.

8. A Neubauer chamber.

9. Set of pipettes volume 0.5–10 μL, 10–100 μL, 100–1000 μL.
10. Tips for pipettes 10 μL, 100 μL, 1000 μL.
11. Plastic Thimble.

12. Sterilized toothpicks.

13. Fourteen standard size Petri dishes (90 mM × 15 mM) per day
of evaluation.

2.3 Fungal Burden

Evaluation

The following list of materials is to test the Malassezia infection in
G. mellonella at one temperature, 33 °C or 37 °C. If you evaluate
the interaction at both temperatures, you must duplicate the
amounts of each material and posterior procedures.

1. Set of pipettes volume 0.5–10 μL, 10–100 μL, 100–1000 μL.
2. Tips for pipettes 10 μL, 100 μL, 1000 μL.
3. Forty-five 2.0 mL volume microcentrifuge tubes.

4. Pestles for microcentrifuge tubes (see Note 3).

5. A 0.5% Tween 80 solution [Sigma Aldrich, USA].

6. 5 mM glass plating beads.

7. Forty-five standard size Petri dishes (90 mM × 15 mM) with
20 mL of modified Dixon agar containing the specified reagent
in Subheading 2.2, item 1.
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2.4 Hemocytes

Population Evaluation

1. Larvae.

2. Scalpel.

3. Cool container.

4. Ice.

5. Microscope slides.

6. Staining rack.

7. Wright stain reagent.

2.5 Histological

Procedure

1. Fourteen 2.0 mL volume microcentrifuge tubes.

2. 1 mLVeo insulin syringes with the BDUltra-Fine 6mMneedle
[Becton Dickinson, USA].

3. Cold PBS 1× pH 7.4: dilute 10 mL of PBS 10× [Gibco™,
Thermo Scientific, USA] in 90 mL of sterilized distilled water,
then adjust, if necessary, the pH to 7.4 with 0.1 N HCL or
0.1 N NaOH as required.

4. 4% paraformaldehyde (PFA) solution in PBS: To prepare
100 mL of this solution, pour 80 mL of PBS 1× in a beaker
and heat it while stirring, avoid boiling this PBS 1×. Add 4 g of
paraformaldehyde powder [Sigma Aldrich, USA] to the heated
PBS 1×, and continue stirring while adding two to three drops
of 1 N NaOH (see Note 4), this will help to dissolve the
paraformaldehyde powder. Once the paraformaldehyde is dis-
solved, cool the solution, filter it with a Whatman filter, adjust
the volume of the PFA to 100 mL, and adjust the pH to 7.4.
Store at 4 °C in darkness (see Note 5).

5. Sterilized distilled water.

6. 10% potassium hydroxide (10% KOH).

7. 33% acetic acid: dilute 33 mL of acetic acid (glacial) 100%
[Sigma Aldrich, USA] in 67 mL of sterilized distilled water.

8. 70%, 80%, 90%, and 100% ethanol.

9. Scalpel.

10. Microscope slides.

11. Microscope cover glasses.

12. Calcofluor white stain [Sigma Aldrich, USA].

13. Histoplast PE paraffin [Thermo Scientific, USA].

14. Rotary microtome.

15. Hematoxylin-eosin stain kit.
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3 Methods

3.1 Larvae

Preparation

1. OnceG. mellonella larvae have arrived from the larvae provider,
they need to be dried and stored in darkness from 24 h to 72 h
at 33 °C before using them for experimentation (see Note 6).

2. After this incubation period, select larvae with a weight ranging
from 200 mg to 300 mg without any mark(s) or spot(s) on the
larval surface. Place the selected larvae into the standard Petri
dishes in groups of 15 larvae per treatment until they are ready
to be washed. There are a total of seven treatments. First, the
batch control treatment that contains larvae that are not
washed. Second, the wash control treatment that has larvae
that are washed but are not inoculated with the vehicle of the
Malassezia sp. Inoculum (see Note 7). Third, the inoculum
control treatment that contains larvae inoculated with the
0.5% Tween 80 solution. Finally, the remaining four larvae
treatment groups are inoculated with different inoculum con-
centrations of Malassezia sp. Each of these treatment groups
must be duplicated to use one group of larvae to evaluate larval
survival and melanization, while the other group is used to
evaluate fungal burden and histological and hemocyte popula-
tion changes in each treatment group (Table 1).

3. To set the larval washing station, place the three 500 mL
beakers and fill the first one with 0.1% sodium hypochlorite
and the second and third beaker with sterile distilled water (see
Note 8).

4. Once the larval washing station is set, repeatedly immerse and
remove each of the corresponding groups of larvae for 30 s in
the beaker that contains the 0.1% sodium hypochlorite [11].

5. Then, rinse the larvae with sterile distilled water, dipping them
in and out for 30 s in the second beaker and 10 s in the third
beaker.

6. After washing and rinsing the larvae, use the sterile paper towel
to dry the larvae and place them into new sterilized standard
size Petri dishes organizing them into the seven different treat-
ments and duplicates (see Note 9) (Fig. 1).

3.2 Larval

Inoculation and

Survival and

Melanization

Evaluation

Follow the next steps to prepare the M furfur or M. pachydermatis
inoculum.

1. Take a 5 mL glass test tube with a screw cap and fill it with 5mL
of 0.5% Tween 80 solution.

2. Then, use the plastic inoculation loop to take half of the
M. furfur or M. pachydermatis lawn of the 48-to-72-h culture
on modified Dixon agar incubated at 33 °C.
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Fig. 1 Wash station. (a) Diagram of the position, sequence, and content of each of the beakers in the wash
station. Also, the time of washing and rinsing in each of the beakers. (b) The reusable coffee filter bag with the
group of larvae must be repeatedly immersed and removed during the washing process in each beaker

Fig. 2 Inoculum preparation. (a) The entire yeast inoculum loop against the sides of the inclined test tube to
mix the 0.1% Tween 80 solution with the yeast and suspend them homogeneously. (b) The final appearance of
the yeast suspension

3. Each time you take a part of the yeast lawn, incline the glass test
tube with 0.5% Tween 80 solution 30° to slowly mix the yeast
lawn contained in the inoculation loop and the 0.5% Tween
80 solution against the sides of the tube. This must be done
until you obtain a whitish highly concentrated yeast suspension
(Fig. 2).

4. After producing the yeast suspension described above, mix it
for 5 min using a vortex mixer and filter it with the triple folded
gauze into a new glass test tube. This new tube will become the
original inoculum (see Note 10).
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5. Use the Neubauer chamber to determine the original inocu-
lum concentration and from this original inoculum adjust the
M. furfur orM. pachydermatis inoculum to 1.5*106 CFU/mL,
1.5*107 CFU/mL, 1.5*108 CFU/mL, and 1.5*109 CFU/
mL with 0.5% Tween 80.

6. Take the Petri dishes that contain each of the larval groups of
the following duplicated treatments: (1) inoculum control
treatment, (2) 1.5*106 CFU/mL treatment,
(3) 1.5*107 CFU/mL treatment, (4) 1.5*108 CFU/mL treat-
ment, and (5) 1.5*109 CFU/mL treatment for inoculation.

7. The first group of larvae that must be inoculated is the inocu-
lum control treatment group. This group is inoculated with
20 μL of a 0.5% Tween 80 solution. Then, the remaining
groups’ larvae belonging to the different Malassezia
inoculum-concentration treatments are inoculated. This inoc-
ulation must be done in order from the lowest concentration to
the highest concentration.

8. To inoculate the larvae, place a thimble on the index finger, lay
a larva on the thimble, and hold the larva with the middle finger
and the thumb exposing the larval prolegs [12]. Introduce the
insulin syringe needle into the last left proleg at a 35° angle and
slowly release a volume of 20 μL of 0.5% Tween 80 solution or
the different inoculum inside the larval hemocoel, according to
the treatment (Fig. 3).

9. Once the larvae are inoculated, take the Petri dish with the
different groups of larvae to incubate at 37 °C or 33 °C,
according to the case (see Note 11).

10. Remove the silk produced by the larvae in each Petri dish on a
daily basis. To do this, use sterilized toothpicks to eliminate the
silk. In the cases where the cocoon is formed, puncture it in one
of the extremes of the structure and pull it off. Once the silk is
removed, the larvae can be moved to new clean and sterilized
Petri dishes (see Note 12).

11. Assess larval survival by using the toothpicks to touch larvae
and evaluate the response to mechanical stimulus. Report as
dead those larvae that do not respond to this stimulus after
more than 30 min.

12. Then, evaluate larval melanization through melanization
scores according to a modified health index scoring system.
In this modified health index scoring system, a score of 4 means
no melanized larva; a score of 3 means beige larvae with less
than three spots; a score of 2 means beige larvae with more
than three spots; a score of 1 means brown larva with more
than three spots; and a score of 0 means full melanized larva
[13, 14] (Fig. 4).
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Fig. 3 Larval microinjection. With the help of a thimble to protect from puncturing
the glove, the larva is laid out, and the proleg is exposed. The tip of the needle is
introduced into the last left proleg at a 35° angle

Fig. 4 Larval melanization scores. (a) Score 4: no melanized larva. (b) Score 3:
beige larvae with less than three spots; (c) Score 2: beige larvae with more than
three spots. (d) Score 1: brown larva with more than three spots. (e) Score 0: full
melanized larva

13. A daily photographic record must be kept.

14. Analyze the resulting data from the larval survival constructing
survival curves with the Kaplan and Meier method and com-
pare them with the Log-Rank (Mantel-Cox) test. For the
melanization assessment, conduct a 2-way ANOVA test (see
Note 13) (Fig. 5).

3.3 Fungal Burden

Evaluation

The fungal burden is evaluated when larval mortality reaches 50%,
denoting the mean lethal time to 50%mortality (LT50). The fungal
burden evaluation must be carried out by triplicate in each replicate.

1. Before processing the larvae for fungal burden evaluation,
prechill three larvae per treatment at 4 °C for 10 min to
anesthetize them.
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Fig. 5 G. mellonella larval survival curves. Larvae inoculated with the four different inoculum concentrations of
M. furfur and M. pachydermatis and incubated at (a) 33 °C and (b) 37. (a) At 33 °C, it shows a significant
negative effect on larval survival ( p-value < 0.0001) of larvae inoculated with 1.5*109 CFU/mL. (b) At 37 °C,
you can observe the bimodal pattern of the survival curve of larvae inoculated with highest inoculum
concentration of M. furfur, differing from the survival curve of larvae inoculated with M. pachydermatis ( p-
value = 0.0528). Continuous line, survival curve of larvae inoculated with M. furfur; discontinuous line,
survival curve of larvae inoculated with M. pachydermatis; Mf M furfur, Mp M. pachydermatis

2. Inside a laminar flow cabinet, label the forty-five 2 mL micro-
centrifuge tubes and Petri dishes according to the different
treatments and each of the larvae processed (3 larvae per treat-
ment). Since the batch control, wash control, and the inoculum
control were not inoculated with Malassezia spp., it is not
necessary to make serial dilutions from the processed larvae.
However, for the larvae that were inoculated with any of the
four concentrations of these yeasts, serial dilutions until 103

will need to be made.

3. Add 1000 μL of the 0.5% Tween 80 solution to each of the
tubes where larvae will be grounded.

4. Add 900 μL of the 0.5% Tween 80 solution to the tubes where
the original inoculum obtained from the homogenized larva
will be serially diluted.

5. Before grounding the larvae, take the larvae from the prechill
treatment, introduce them into a microcentrifuge tube with
70% ethanol, and dry each larva with a sterilized paper towel.

6. To ground the larvae, introduce them to each of the
corresponding labeled treatment tubes. Then, using the pestle
for microcentrifuge tube [15], homogenize the larval tissue for
5 min and mix it using a vortex mixer for 1 min.

7. Do the serial dilutions for the treatments where larvae were
inoculated with the different inoculum concentrations of
Malassezia sp.

8. After all the tubes contain the corresponding dilution of unin-
fected and infected G. mellonella larvae tissue of each treat-
ment, plate 100 μL on the surface of the modified Dixon agar
and use the glass plating beads to spread the yeasts over the
Petri dish homogeneously.
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Fig. 6 Hemocyte of G. mellonella under light microscope (1000×). (a) Plasmocyte (Pl) and Granulocyte (Gr). (b)
Oenocytoid (Oe) and Plasmocyte (Pl). (c) Spherulocyte (Sp) [14]

9. Finally, incubate at 33 °C and revise daily for the appearance of
new colony-forming units until they stop growing.

3.4 Hemocytes

Population Evaluation

As in the case of fungal burden, the hemocytes evaluation must be
done when the LT50 has been reached.

1. Take two larvae per treatment from the groups of larvae inocu-
lated for fungal burden and hemocytes evaluation. Then, place
the larvae into the cool container with ice for a period of 5 min
(see Note 14).

2. Once the larvae have stopped moving, take each of them and
pierce the last segment of each larva, allowing one drop of the
hemolymph to fall on a microscope slide.

3. Then, use another microscope slide to produce a hemolymph
smear.

4. Stain the hemolymph smear with the Wright stain.

5. Observe each slide under a light microscope and count
200 hemocyte cells discriminating by the cell populations (plas-
mocytes, granulocytes, spherulocytes, oenocytoids, and prohe-
mocytes) (Fig. 6). From this, determine the percentages of
each the hemocytes populations.

3.5 Histological

Procedure

1. To prepare the larvae for histological staining, take two larvae
per treatment and put each of them into a 2 mL microcentri-
fuge tube. Then, through the last left proleg, microinject
50–100 μL of 4% PFA in PBS as a tissue fixative. Also, add
approximately 500 μL of 4% PFA in PBS to the microcentrifuge
tube (see Note 15). Store at 4 °C for 10 days previous to
paraffin embedding (see Note 16).

2. Before starting the paraffin embedding, larvae tissue must be
dehydrated in four increasing ethanol concentrations (70%,
80%, 90%, and 100% ethanol). The larvae must remain for
1 hour in each ethanol concentration [12].
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3. Once the larvae have been dehydrated, start the paraffin
embedding process using the histoplast PE paraffin. Then,
section the paraffin blocks every 5 μM and stain the resulting
sections with hematoxylin-eosin.

4. To observe the larval nodules formation in the entire larvae and
their location, cut a prefixed larvae in 4% PFA in two halves
vertically with a scalpel (seeNote 17). Then, observe each larva
half under a stereoscope and identify the location of each of the
larval nodules.

5. To observe and confirm the establishment of the infection by
either of the two species ofMalassezia, dissect the black nodule
structures with two insulin syringes and place them on the top
of a microscope slide. Then, add one drop of Calcofluor white
followed by one drop of 10% KOH. Keep in darkness for
30 min prior to microscopic observation. Cover the sample
with a cover glass and take it under a laser scanning confocal
microscope (λEx = 355 and λEm max = 433) (see Note 18).

4 Notes

1. Some larvae display a darker color on the surface, but these
darker larvae can be used if they do not present any spot(s) or
mark(s) on the cuticle surface.

2. To keep the reproducibility of the assays, the Malassezia
sp. culture must not be more than 72 h old since after this
time period it has shown a virulence decrease.

3. If you do not have a pestle for microcentrifuge tubes, a
1000 μL piper tip can be used to ground the larvae.

4. After adding the 1 N NaOH, be patient and wait until the
paraformaldehyde dissolves in the PBS. You must wait at least
30 s before adding one more drop of 1 N NaOH, if necessary.
The solution is ready when it becomes clear.

5. The 4% PFA in PBS needs to be kept in darkness at 4 °C for a
period no longer than 1 month, so it is important to calculate
and prepare the necessary amount of 4% PFA needed for your
experiment.

6. If the larvae are not properly rested after the trip from the
provider to your institution, they will not be suitable for the
assay since more than 50% of unrested larvae will die in the first
24 h even in the control treatments. When storing larvae,
introduce a piece of sterilized paper towel to eliminate humid-
ity associated with larval transpiration. This humidity could
affect larval fitness.
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7. The vehicle of the Malassezia sp. inoculum is the 0.5% Tween
80 solution. This solution permits the disaggregation ofMalas-
sezia yeast aggregates that are formed owing to the outer lipid
layer.

8. Warm the water used in each beaker at the washing station to
37 °C. If the water is cold or at room temperature, the larvae
are negatively affected with darkishness and loss of movement.

9. After washing the larvae, they show a reduced movement due
to the lowering of their temperature and metabolism. For this
reason, until the inoculation process begins, incubate the larvae
at 33 °C, so they reactive their metabolism. It is crucial to avoid
leaving the larvae outside the incubator for extended periods.

10. The 5-min mix with the vortex mixer is essential to avoid the
presence of the aggregate; otherwise, a significant number of
yeasts are lost when the yeast suspension is filtered through the
gauze.

11. Seal the Petri dishes with tape. That is important since the
larvae tend to lift the dish’s lid to escape.

12. It is necessary to clean the larvae every day because the larvae
produce silk constantly, and as time passes, the cocoons
become harder to eliminate. Also, eliminating the cocoons
prevents the larval transition to pupae.

13. As was expected, we found differences between the two species
related to their niche, the temperature in which they are usually
found, and their low virulence. For instance, in all treatments,
significant changes ( p-value < 0.0001) in larval survival were
observed in larvae inoculated with the highest inoculum con-
centration (1.5*109 CFU/mL). In fact, the larval survival of
larvae inoculated with the three remaining inoculum concen-
trations of M. furfur demonstrated an insignificant difference
when compared to the control group. In contrast, larvae
inoculated with M. pachydermatis and incubated at 37 °C
show lower levels of larval survival. In this case, the larvae
inoculated with the inoculum concentrations 1.5*108 CFU/
mL and 1.5*107 CFU/mL showed a significant decrease in
their larval survival ( p-value < 0.5), but with lower effect.
Besides, as a result of incubating the inoculated larvae at
33 °C (the human superficial skin temperature, whereMalasse-
zia is usually found) and 37 °C (the internal human body
temperature), we found differences between the virulence pat-
terns of M. furfur and M. pachydermatis (Fig. 4). As can be
observed in Fig. 4a, the survival curve of larvae inoculated with
the highest inoculum concentration of M. furfur and
M. pachydermatis and incubated at 33 °C showed similar
behavior, reaching 50% of mortality between day 12 and 13.
Contrasting with this result, the larval survival curve of larvae
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inoculated with a concentration of 1.5*109 CFU/mL of
M. furfur and M. pachydermatis and incubated at 37 °C
showed a different survival pattern. In the case of larvae inocu-
lated with M. furfur, a bimodal larval survival pattern that
encompassed a fast increase in the larval mortality during the
first 5 days was observed. Then, a pause in the larval mortality
occurred between day 6 to 10, and finally, larval mortality
restarted until day 15 with 57% of mortality. On the other
hand, larvae inoculated with M. pachydermatis conserved a
larval mortality pattern similar to that of larvae incubated at
33 °C, but with a higher percentage of larva death at day
15 (87%). Similarly, in the histological assessment, we observed
greater tissue invasion, while the fungal burden evaluation led
to a higher recovery of yeast from larvae inoculated with
M. pachydermatis than from those inoculated with M. furfur.
This was mainly in larvae incubated at 37 °C.

14. The ice bath will help to anesthetize the larvae since the tem-
perature of these organisms depends on an external heat
source. When the temperature drops, the larvae are immobi-
lized. The time needed to reach this state can vary, and some-
times you will need more than 5 min. Touch the larvae, if they
do not respond to the mechanical stimulus, they are ready for
the process.

15. It is important to fully immerse the larvae in the 4% PFA in
PBS. Add as much of this solution that is needed to completely
submerge the larvae.

16. After the 10 days of the fixative process, the larvae can be put in
70% ethanol prior to paraffin embedding. However, larval
sectioning can be challenging due to the thickness of the
cuticula, which makes it difficult to obtain a complete intact
section. In this case, it is recommended to immerse the larvae
in 10% KOH for 24 h, after this, wash the larvae with sterile
distilled water for 6 hours and store them at 4 °C. Then,
remove the sterile distilled water, add 33% acetic acid, and
store it at 4 °C for 24 h. Finally, wash with sterile distilled
water and store them at 4 °C for 6 h [16]. If possible, initiate
the paraffin embedding process immediately, otherwise
immerse larvae in 70% ethanol and store at 4 °C. This cuticle
softening is recommended for systemic infection modeling.

17. While dissecting and observing larvae under the stereoscope,
keep the tissue hydrated by adding cold PBS 1× pH 7.4. This
will facilitate the dissection of larvae and will also prevent the
tissue from damage. This will lead to having a good estimative
of the nodules’ location in the whole larval body plane.

18. If there is no access to a laser scanning confocal microscope,
you can use a fluorescence microscope. In this case, observe the
samples under UV light.
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Chapter 3

Mouse Organotypic Brain Slice Cultures: A Novel Model
for Studying Neuroimmune Responses to Cryptococcal
Brain Infections
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Tshepiso Mbangiwa, Joseph V. Raimondo, and Rachael Dangarembizi

Abstract

Cryptococcal meningitis affects millions of people worldwide and is especially prevalent in regions with a
high burden of HIV/AIDS. The study of the pathophysiology of this often fatal disease has been signifi-
cantly hindered by the lack of reliable experimental models, especially at the level of the brain, which is the
main organ of injury. Here we outline our novel protocol for the use of hippocampal organotypic brain slice
cultures (HOCs) to study the host–fungal interactions during cryptococcal infections of the brain. HOCs
are a powerful platform for investigating neuroimmune interactions as they allow for the preservation of all
innate neuroglial cells including microglia, astrocytes, and neurons, all of which maintain their three-
dimensional architecture and functional connectivity. We made HOCs from neonatal mice and infected
these with a fluorescent strain of Cryptococcus neoformans for 24 h. Using immunofluorescent staining, we
confirmed the presence and morphology of microglia, astrocytes, and neurons in HOCs prior to infection.
Using fluorescent and light microscopy, we also confirmed that Cryptococcus neoformans encapsulates and
buds in vitro, as it would in a host. Finally, we demonstrate that infection of HOCs with Cryptococcus
neoformans results in close association of the fungal cells with host microglial cells. Our results demonstrate
the utility of HOCs as a model to study the pathophysiology and host neuroimmune responses in
neurocryptococcosis, which may assist in improving our collective understanding of the pathogenesis of
this disease.

Key words Brain slice cultures, Cryptococcal meningitis, Neuroinfections, Neuroimmune responses,
Microglia

1 Introduction

The ubiquitous and encapsulated fungusCryptococcus neoformans is
the primary causative agent of cryptococcal meningitis (CM), the
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leading cause of adult meningitis andmortality in people living with
human immunodeficiency virus (HIV). CM is an often fatal infec-
tion of the brain that disproportionately affects people living in
poor urban and rural parts of the developing world [1, 2]. Despite
the unacceptably high mortality rates associated with CM, the
development of effective drugs to treat this disease has been hin-
dered by a lack of understanding of its pathogenesis especially at the
level of the brain, which is the main organ of injury. The limited
research and data availability are exacerbated by the lack of reliable
experimental models of CM. Here we propose the use of hippo-
campal organotypic brain slice cultures (HOCs) as a model to study
the pathogenesis of CM.
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HOCs present a powerful platform for studying the innate
immune responses to infection at the cellular and molecular level
[3–8]. The main advantage of this brain model system for studying
innate immune responses to infection is its excellent representation
of the various resident immune cells of the brain. Additionally, the
structural and functional connections between all glial cells and
neurons remain intact. As such, HOCs could serve as a powerful
model for studying cryptococcal infections of the brain.

We have therefore developed a protocol, detailed below, for the
infection of HOCs with a fluorescent strain of Cryptococcus neofor-
mans. Using fluorescent immunostaining techniques, we demon-
strate the presence and morphology of all principal neuroglial cells
in HOCs prior to infection and then proceed to demonstrate that
cryptococcal cells infect the HOCs and are closely associated with
microglial cells. This serves to confirm the utility of the HOC
model in studying the pathophysiology of neurocryptococcosis.

2 Materials

2.1 Cryptococcus

neoformans Culture

1. Sterile petri dishes.

2. Plate spreaders.

3. T75 cell culture flask.

4. Sterile 15 mL falcon tubes.

5. Neubauer hemocytometer.

6. Light microscope.

7. Yeast extract Peptone Dextrose (YPD) agar: To make 1 L of
YPD agar, dissolve 15 g agar, 20 g bacteriological peptone,
20 g glucose, and 10 g yeast extract in 1 L of distilled water.
Autoclave the solution at 121 °C for 2 h before use.
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8. YPD broth: To make 1 L of YPD broth, dissolve 20 g bacterio-
logical peptone, 20 g glucose, and 10 g yeast extract in 1 L of
distilled water. Autoclave the solution at 121 °C for 2 h
before use.

9. Phosphate-buffered saline (1×) (PBS).

2.2 Organotypic

Culturing

1. Six-well plates.

2. Millipore inserts.

2.2.1 Culture Trays 3. Growth medium (GM): To make 500 mL of growth medium
add 115 mL of Earle’s balanced salt solution (EBSS), 250 mL
of minimum essential medium (MEM), 3.25 g of D-glucose,
125 mL of horse serum, and 10 mL of B-27 supplement to a
measuring cylinder (seeNote 1). Cover the measuring cylinder
with parafilm, shake/invert, and filter sterilize the solution.
Aliquot into 50 mL falcon tubes and store at 4 °C. pH should
be between 7.2 and 7.4 and osmolarity should be
320 ± 10 mOsm/L [9].

2.2.2 Decapitation and

Brain Removal

1. Dissection medium (DM): To make 500 mL of dissection
medium, add 500 mL of EBSS, 3.05 g of 4-(2-hydroxyethyl)-
1-piperazineethanesulfonic acid (HEPES), 3.30 g of glucose,
and 100 μL of saturated sodium hydroxide (NaOH)
(or 2.5 mL of 1 M NaOH) to a measuring cylinder. Shake
the mixture well and filter sterilize. Aliquot into 50 mL falcon
tubes and store at -20 °C [9] (see Note 2).

2. One chrome platinum double-edged razor blade (for tissue
chopper).

3. Sterile 50 mL falcon tubes.

4. Ethanol (70%).

5. Decapitation instruments.

(i) Small metal bar (for internal cervical dislocation).

(ii) Decapitation scissors (large enough to easily decapitate
mouse pups).

(iii) Fine point splinter forceps (for holding the head in place).

(iv) Small, curved-blade scissors (for cutting the scalp skin).

(v) Two splinter forceps (for removing scalp skin and skull
pieces).

(vi) Mini dissecting scissors (to cut through the skull).

6. Hippocampal dissection instruments.

(i) Curved forceps (for holding the brain).

(ii) Scalpel no. 11 (with a sterile, straight-edged, pointed-tip,
blade).
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(iii) Micro spatula (straight flat strip on one side and rounded
angled flat strip on the other end).

7. Paper towels.

8. Filter paper.

9. Disposal container for mouse carcass.

10. Pasteur pipettes.

11. Petri dishes (35 mM).

12. Petri dish (60 mM).

13. Lamp for extra light on hippocampal dissection zone.

14. McIlwain Tissue chopper (set to 350 μM).

15. Ice-cold metal slab.

16. Postnatal day 7 mouse (P7).

17. Two plastic chopping discs.

18. Two 250 mL beakers.

19. Light microscope.

2.3 Hippocampal

Brain Slice Infection

and Sample Collection

1. Growth medium.

2. Eppendorf tubes.

3. Prepared C. neoformans inoculum.

2.3.1 Stimulation

2.3.2 Sample Collection 1. Eppendorf tubes.

2. Petri dishes.

3. Scalpel.

4. Forceps.

5. Ethanol (70%).

6. PBS (1×).

2.4 Immunohisto-

chemistry

1. One 24-well Plate.

2. PBS (1×).

3. Paraformaldehyde (4%) (PFA).

4. Wash buffer: 0.3% Triton-X in 1 X PBS.

5. Blocking buffer: 5% bovine serum albumin (BSA), 1% Triton-X
in 1 X PBS.

6. Primary antibodies.

(i) Anti-IBA1 (microglial marker).

(ii) Anti-S100β (astrocyte marker).

(iii) Anti-NeuN (neuronal marker).

7. Secondary Antibodies.
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(i) Donkey Anti-Rabbit Alexa Fluor 647.

(ii) Hoechst nuclear marker.

8. Mowiol (aqueous mounting medium).

9. Kim-wipes.

10. Microscope slides (75 mM × 25 mM).

11. Cover slips (24 mM × 50 mM).

12. Small paint brushes for mounting.

3 Methods

3.1 Organotypic

Culturing

This procedure entails the removal of the brain of a postnatal day
7 mouse, dissecting out the hippocampus and sectioning it into
350 μM slices. These slices are plated on Millipore membrane
inserts with access to growth medium and kept in culture for
6 days; thereafter, they can be treated and used for various analyses
(Fig. 1).

3.1.1 Plate Preparation

(Complete in a Biological

Safety Cabinet)

1. Use a steripette to fill each well of the 6-well plate with 1.2 mL
of growth medium.

2. Use sterile forceps to place aMillipore insert in each of the wells
individually.

3. Label the plate and thereafter spray it down externally with 70%
ethanol before placing it in a 37 °C incubator.

3.1.2 Organotypic

Culture Set-Up

1. Sterilize all working areas with 70% ethanol and sterilize all
dissection instruments with a cold sterilant prior to use. There-
after place the instruments in a beaker half-filled with 70%
ethanol.

2. Cut out a circle of filter paper, and line the bottom of a medium
(60 mM) petri dish then place under the UV light for at least
5 min.

3. Place one 50mL falcon tube of dissection medium (DM) in the
heating bath to thaw but only thaw it to a slush/ice-cold
consistency and keep on ice throughout the culture procedure.

4. Place the plastic sheet on the counter in one area and create the
decapitation zone.

5. Lay out some paper towels (folded at least 3 times) for the
decapitation for each pup (this serves to absorb blood from
decapitation and can then be thrown away and replaced to
create a blood-free area for the decapitation of the subsequent
mouse).

6. Lay out decapitation instruments on a folded paper towel next
to the decapitation zone.
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Post-natal day 7 mice Brain removal
and dissection

Hippocampal
removal

Hippocampal
sectioning into 350µm

slices

Transfer brain slices to inserts in
culture plate containing growth

media
10µl/slice

C. neoformans suspended in
growth media

Direct application of
C.neoformans onto brain slices

Collect tissue for snRNA sequencing

Collect media for ELISA/Luminex

Immunofluorescence

24 hours

Fig. 1 An illustration of the workflow for organotypic culture of mouse hippocampal brain slices and
subsequent infection with C. neoformans. 1: A postnatal day 7 mouse is decapitated, and the brain is
removed. 2. Excess anterior and posterior portions of the brain are removed, and the brain is separated into its
two hemispheres, using a scalpel. 3: Brain is further dissected, and the hippocampus is gently removed. 4:
Using a McIlwain tissue chopper, the hippocampus is sectioned into 350 μM-thick slices. 5: Once appropriate
slices are selected, they are transferred onto Millipore membrane inserts in a 6-well plate containing growth
medium and allowed to recover in the incubator, with regular medium replacement, for a 6-day period. 6: After
6 days in culture, C. neoformans cells, suspended in growth medium, are applied directly to brain slices.
7. After 24 h of exposure to C. neoformans, the brain slices and growth medium are collected for subsequent
analysis using immunofluorescent staining, enzyme-linked immunosorbent assays (ELISA), multiplex assays,
or even single-nucleus RNA sequencing. Figure created with BioRender.com

7. Attach a sterile, chrome platinum double-edged razor blade to
theMcIlwain tissue chopper. Ensure the tissue chopper is set to
350 μM and medium speed (approx. 2 Hz).

8. Lay the plastic chopping discs next to the tissue chopper on a
folded paper towel and flash sterilize them 70% ethanol.

9. Wrap a flat ice-cold metal slab in tissue paper and drench in
ethanol, place on top of ice in a polystyrene lid/dish filled with
ice; this will be the hippocampus removal zone.

10. Turn on the light source and direct light over the hippocampal
removal zone.

http://biorender.com
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11. Fill a small (35 mM) petri dish with 6 mL of DM using a
Pasteur pipette and place on ice in the hippocampal
removal zone.

12. Using a Pasteur pipette add some DM to the now sterile
medium petri dish (60 mM) containing the filter paper disc
(add enough DM to fill the bottom half of the petri dish to a
depth of 2–3mm). Place the closed petri dish on the cold metal
slab in the hippocampal removal zone.

3.1.3 Extracting the Brain 1. Put on two pairs of gloves, spray hands (gloves) with 70%
ethanol.

2. In the decapitation zone, place some paper towel on the plastic
sheet to soak up any blood.

3. Place the mouse pup on the paper towel. Swiftly push the metal
bar down just behind the mouse’s skull in order to internally
decapitate the mouse.

4. Use the decapitation scissors to cut off the head and discard the
carcass in a disposal container.

5. Spray the head thoroughly with 70% ethanol.

6. Push the fine point splinter forceps down through the nose of
the mouse to hold the head in place and cut the scalp skin along
the sagittal axis of the skull with the curved-blade scissors,
being careful not to cut through the bone.

7. Use splinter forceps to peel away the scalp skin and expose the
skull. Next, using the mini dissecting scissors, carefully cut the
skull along the midline in the sagittal plane (between the brain
hemispheres). Use only the tip of the scissors to cut through
the skull, cutting as shallow as possible to avoid any damage to
the brain tissue.

8. Using the same mini dissecting scissors, cut the skull from the
posterior end to the eye socket, at a level below the brain, on
both sides.

9. Insert one blade of mini dissection scissors into one eye socket
and push it through to the eye socket on the opposite side of
the head. Cut the skull after having done so (see Note 3).

10. Remove both halves of the loosened skull cap by gently grip-
ping one half of the loosened skull cap with a fine point splinter
forceps and peeling it away from the brain, starting at the nose
bridge and pulling laterally and backwards.

11. Once the skull cap has been removed, gently tip the brain out
of the skull into the awaiting small petri dish (35 mM) filled
with 6 mL of DM.

12. Dispose of the remainder of the head in the disposal container.

13. Remove the first pair of gloves, so that you remain with one
pair disinfecting generously with 70% alcohol.
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3.1.4 Hippocampal

Removal

1. In the small petri dish containing the brain, use the curved
forceps to gently grip both temporal sides of the brain and use
the scalpel to cut off a small anterior portion (olfactory bulbs
and about 0.5 mM more) as well as a small posterior portion
(cerebellum), as shown in Fig. 1.

2. Still using the curved forceps, gently grip the brain on the
anterior and posterior aspects and separate the two hemi-
spheres by making a cut along the sagittal plane using a scalpel
(Fig. 1).

3. Using the curved forceps, gently transfer both of the hemi-
spheres to the medium petri dish containing the filter paper
disc and which has been half-filled with DM. Ensure that the
hemispheres are resting on the corpus callosum side (medial
aspect).

4. Using the flat end of the microspatula, tip the hemisphere onto
the flat anterior surface and keep it upright by gently support-
ing/gripping the hemisphere with the curved forceps halfway
up on the dorsal/ventral surfaces. You will notice a faint fissure
midway through the posterior surface (which is now facing
upward).

5. Carefully insert the tip of the flat end of the spatula into the
fissure and gently pull the medial tissue away from the tissue on
the cortical side (seeNote 4). Try to minimize contact with the
cortical side of the fissure with the spatula, as this is where the
hippocampus is located. The medial tissue can now be dis-
carded. The remaining tissue should be placed cortex-
side down.

6. The hippocampus should now be visible toward the posterior
end of the brain nestled under the cortex. It can be identified
by curved lines that are a slightly darker pink to the surround-
ing brain tissue (see Fig. 1. For a graphical representation of the
shape and location of the hippocampus).

7. Place the angled end of the spatula at one end of the hippo-
campus and gently lift it, then move the spatula underneath the
hippocampus, along the length, to loosen it from the sur-
rounding tissue. Next, carefully flip the hippocampus over,
towards the posterior aspect of the brain. It should now only
be connected to the rest of the brain tissue by a fine layer of
tissue along one edge.

8. Use the angled end of the spatula to gently pull the hippocam-
pus away from the rest of the tissue and sever the remaining
connected tissue by pressing the spatula down along the edge
where it is still attached. Try to leave as little excess tissue
attached to the hippocampus as possible.

9. Repeat with the second hemisphere.
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10. Place both hippocampi on a white disk for chopping by gently
lifting each hippocampus onto the curved end of the spatula,
medial side up, and then inverting the spatula in order to lay
the hippocampus out onto the chopping disk. Ensure that the
two hippocampi are parallel to each other (see illustration in
Fig. 1) (see Note 5).

3.1.5 Slicing and Plating

of the Hippocampal Slices

1. Place the chopping disk with the hippocampi on the stage of
the McIlwain tissue chopper. Ensure that the hippocampi are
perpendicular to the blade.

2. Using the 350 μm slice width setting, engage the tissue chop-
per, slicing at medium speed.

3. Once the tissue is chopped, remove the chopping disc and hold
it over an empty 50 mL falcon tube. Use a Pasteur pipette filled
with cold DM to spray the tissue off of the chopping disc and
into the 50 mL falcon tube.

4. Shake/swirl the falcon tube to separate the slices.

5. Pour the DM containing the suspended slices from the 50 mL
falcon tube into a small 35 mm petri dish and place under a
light microscope (see Note 6).

6. Observe slices under low magnification (10×) and using a
Pasteur pipette, select the slices with well-preserved morphol-
ogy (see Note 7).

7. Once you have selected the appropriate slices, transfer them to
the biosafety cabinet. Remove one of the prepared plates from
the incubator and carefully transfer the slices, one at a time,
onto the membranes of the Millipore insert within the 6-well
plate (Fig.1).

8. Using a sterile Pasteur pipette, remove any excess DM solution
surrounding the slices.

9. Close the 6-well plate, spray with a fine mist of alcohol, and
return to the incubator for 6 days to allow the tissue to recover.
GM should be changed every second day and should be
replaced with 1.2 mL of fresh GM. Incubator conditions
should be 37 °C with 5% CO2 levels, see Fig. 2 for an example
of what a healthy organotypic hippocampal slice and the vari-
ous cell markers look like.

3.2 Culturing

(Cryptococcus

neoformans)

1. Take a loopful of C. neoformans and spread on a YPD Agar
plate. Leave to grow in a closed petri dish at room temperature
and in the presence of light for 48 h.

2. After 48 h, take a loopful of the C. neoformans colony grown
on YPD agar and inoculate 10 mL of YPD broth in a T75 flask.

3. Incubate at 30 °C with shaking at 110 rcf for 22 h in the
presence of light.
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Fig. 2 Hippocampal organotypic brain slices (made from postnatal day 7 mice and imaged after 6 days in
culture) display preserved architecture and retain microglial, astrocyte, and neuronal populations. (a) A low
magnification (20X) confocal tile scan showing the preserved architecture of an organotypic hippocampal
brain slice. Microglial cells are visualized in green (IBA1) and cell nuclei are visualized in blue (Hoechst). Both
the cornu ammonis (CA) region and in the dentate gyrus (DG) are clearly visible. (b–d) Microglial, astrocytic,
and neuronal cell populations and morphology are preserved. High magnification (63X) images of microglia
(IBA1) (b), astrocytes (S100β) (c), and neurons (NeuN) (d), all co-stained with a nuclear cell marker (Hoechst),
display preserved presence and morphology of resident brain cells

4. Thereafter, centrifuge the 10 mL of C. neoformans culture at
2438 rcf for 5 min at 27 °C.

5. Remove the supernatant and wash the pellet with 10 mL of
1× PBS.

6. Repeat the wash (step 4–5) three times.
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7. Count the number of cells using a Neubauer hemocytometer as
follows.

(i) Dilute a hundredfold by adding 10 μL of the cell culture in
990 μL of 1× PBS.

(ii) Aliquot 10 μL of the hundredfold dilution to the
hemocytometer.

(iii) Using a light microscope, count the number of cells in the
four outer-most squares and calculate the average. Multiply
the average number of cells by 104 and the dilution factor
(102) to get the initial concentration of cells in the culture
(Ci).

(iv) Use this initial concentration (Ci), the final concentration
(Cf) and the final volume (Vf) to calculate the initial volume
(Vi) of the cells to add in 1.2 mL of growth medium.

Ci= average no:of cells counted in iiið × 104 ×102

CiVi=CfVf

Ci = number of cells in the cell culture (cells/ml).

Vi = unknown volume of cell culture required (ml).

Cf = number of cells required for infection (cells/ml).

Vf = volume of inoculum required for infection (ml).

3.3 Infection of

Organotypic Brain

Slices with

C. neoformans

1. Immediately after preparation, centrifuge the C. neoformans
inoculum at 2438 rcf for 5 min at 27 °C.

2. Carefully discard the supernatant without disrupting the
pellet. Tip: A small volume of supernatant can be left in the
tube to ensure no cells are accidentally discarded.

3.3.1 Direct Stimulation

of Brain Tissue with Whole-

Cell C. neoformans

3. Resuspend the pellet in 375 μL of GM (warmed to 37 °C).

4. Remove the organotypic brain culture plates from the incuba-
tor and replace the medium from all the wells with fresh GM.

5. Infection with C. neoformans:

(i) Carefully drop 10 μL of the C. neoformans inoculum
(prepared in step 3) onto each brain slice in the allocated
wells (see Note 8).

(ii) An inoculum of 375 μL is enough to infect 37 brain slices.

6. Treat controls with 1.2 mL of fresh growth medium (warmed
to 37 °C).

7. Upon completion, return the organotypic culture plates to the
incubator for 24 h.

8. Discard all unused inoculum and used materials appropriately
to prevent contamination.



(i)

(ii)

(iii)

42 Amalia N. Awala et al.

3.3.2 Sample Collection 1. Twenty-four hours postinfection, remove the plates from the
incubator and collect the growth medium from each well:

(i) For each well, place 400 μL of growth medium into three
1.5 mL Eppendorf tubes for analysis of releasable factors, for
example, cytokine or chemokine analysis by enzyme-linked
immunosorbent assays (ELISAs) or multiplex assays.

2. Collect the brain tissue by carefully cutting out the membrane
of the Millipore insert using a scalpel and forceps, which have
been flash disinfected with 70% ethanol.

3. Cut along the outer border of the insert without disrupting the
brain tissue.

4. Place the membranes directly into separate, labeled, petri dishes
containing PBS, in preparation for immunofluorescence
staining.

3.4 Immuno-

fluorescence Staining

1. Drain the PBS off the slices and transfer them into a 24-well
plate with 300 μL per well of PBS (transfer one slice per well).

3.4.1 Fixation, Blocking,

and Primary Antibody

Incubation (Day 1)

2. Replace the PBS with 300 μL of 4% PFA and fix for 20 min on
ice. PFA is toxic and should be handled with gloves. After use,
waste PFA should be disposed of into a designated waste
container.

3. Drain the PFA and wash the slices three times with 300 μL of
wash buffer for 10 min at room temperature (RT).

4. Replace wash solution with 300 μL of blocking buffer and
block the slices at RT for 4 h.

5. Prepare your primary antibody solutions in blocking buffer to
the following concentrations.

Anti-IBA1–1:500.

Anti-S100β – 1:500.

Anti-NeuN – 1:500.

6. Remove the blocking buffer and incubate the brain slices with
300 μL of primary antibodies for 16 h at 4 °C.

3.4.2 Secondary

Antibody Incubation,

Nuclear Staining, and

Mounting (Day 2)

1. Wash the slices three times in 300 μL of wash buffer for 10 min
at RT.

2. Prepare secondary antibody solutions in blocking buffer to the
following concentrations:

(i) Donkey Anti-Rabbit Alexa Fluor 647-1:500.

3. Incubate the slices with 300 μL of secondary antibodies in the
dark for 5 h at RT.

4. Wash the slices three times with 300 μL of wash solution for
10 min at RT.
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5. Prepare the Hoechst nuclear marker solution to a final concen-
tration of 1:5000 in blocking buffer. Stain nuclei using 300 μL
of Hoechst solution per slice for 10 min at RT.

6. Wash the slices in PBS for 10 min at RT.

7. Carefully mount the slices onto microscope slides using a small
paint brush and add 40 μL of Mowiol (aqueous mounting
medium) then coverslip. Wipe off excess Mowiol using a
Kim-wipe and dry your slides overnight in a dark dry place
before imaging with a confocal microscope, see Fig. 3 for
expected results.

4 Notes

1. When making growth medium, defrost and heat the horse
serum in a water bath or bead bath. Then add the D-glucose
directly to the warm horse serum, as it will easily dissolve in the
warm solution, while it does not dissolve easily in colder solu-
tions. This solution can then be added to the other elements of
the growth medium.

2. We utilize Stericup® Filter Units for filter sterilization of
growth medium and dissection medium. Dissection medium
can be filtered directly after the growth medium using the same
filter unit.

3. After making all the prescribed cuts of the mouse’s skull, you
should end up with the entire skull cap being separated from
the rest of the skull, making it easy to peel off to expose the
brain.

4. When separating the medial tissue from the cortical tissue
during brain dissection, it is important to gently pull the medial
tissue away from the tissue on the cortical side, as opposed to
just pushing down with the flat end of the mini spatula. This is
because, by prying the tissue away, you uncover the hippocam-
pus on the cortical aspect, while if you just push the flat end of
the micro spatula down into the posterior fissure, you will end
up with some excess tissue covering the hippocampus, making
it difficult to identify and remove.

5. After laying the hippocampi onto the chopping disc, use the tip
of the spatula to draw away any excess moisture surrounding
the hippocampi. This will help to ensure that the hippocampi
do not get stuck to the blade of the tissue chopper during
chopping.

6. After pouring the suspended slices into a small petri dish,
carefully check the 50 ml centrifuge tube, as some slices may
get stuck to the sides of the tube and be left behind. Use a
Pasteur pipette with a small volume of dissection medium to
retrieve any remaining slices from the centrifuge tube.
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Fig. 3 Cryptococcal infection of organotypic hippocampal slices with a fluorescent H99 strain of
C. neoformans. (a) C. neoformans encapsulates and divides when grown in the ex vivo organotypic culture
conditions as it would in the host. (b) Calcofluor white stain of C. neoformans. (c) Microglial cell composition of
organotypic hippocampal slices infected with C. neoformans vs controls. (d) High magnification (63×) image
shows that C. neoformans cells (red) are phagocytosed by microglial cells (green) in an organotypic
hippocampal slice

7. Hippocampal brain slices have a very characteristic morphol-
ogy. The most common reason for excluding slices at the
selection stage is that the outer aspect of the dentate gyrus is
damaged and is pulling away from the rest of the slice. This may
occur due to imperfect hippocampal removal, or if slices are
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swirled/shaken too vigorously in the slice separation step. If
slices are intact but the morphology is “blurry,” it is likely that
they were not chopped in the correct plane (i.e., perpendicular
the length of the hippocampus).

8. Using the direct stimulation method as described, a total of
3.2 × 109 CFU of C. neoformans will be added to each brain
slice.
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Chapter 4

Zebrafish Larvae as an Experimental Model of Cryptococcal
Meningitis

Z. P. Chalakova and S. A. Johnston

Abstract

This chapter provides guidance for introducing Cryptococcus neoformans into the zebrafish larvae model
system to establish a CNS infection phenotype that mimics cryptococcal meningitis as seen in humans. The
method outlines techniques for visualizing different stages of pathology development, from initial to severe
infection profiles. The chapter provides tips for real time visualization of the interactions between the
pathogen and different aspects of the CNS anatomy and immune system.

Key words Cryptococcus neoformans, Cryptococcal meningitis, Fungal meningitis, Host–pathogen
interactions, Zebrafish, Live imaging, Time lapse microscopy

1 Introduction

Cryptococcal meningitis (CM) is an opportunistic fungal infection
of the central nervous system (CNS) caused by members of the
genus Cryptococcus. Annual cases of CM were last estimated to be
223,100 globally, and despite the presence of antifungal pharma-
ceuticals, AIDS-related CM mortality is very high with CM
accounting for 15% of all AIDS-related deaths worldwide [1].

At the point of diagnosis of CM, symptoms are already severe,
and the pathology is in its late stage of development [2, 3]. There-
fore, human clinical studies rarely provide information about early
processes that lead to severe pathology, which masks potential
targets for treatment. MRI imaging is the best tool we have for
observation of CNS pathology in living patients, but MRI imaging
has a lot of limitations in resolution, and it does not allow for
visualization of smaller scale interactions on the levels of capillary
vessels and immune cell behavior in the CNS [4].

Experimental research in CM aims to shine light on the gaps in
our understanding of pathology as seen in humans. Murine models
have been a powerful tool for examining immune responses to
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KN99 GFP [ ].11

cryptococcal infection, and the model is seen to recapitulate the
pathology characteristics in patients [5]. Nonetheless, mouse mod-
els (and other mammalian animal models) are limited as they do not
allow for observation of host pathogen interactions in real time
in vivo. Nonmammalian models like Caenorhabditis elegans and
Drosophila melanogaster are highly tractable for live imaging, but
they do not provide the opportunity to mimic complex multicellu-
lar immune interactions, and critically, anatomical and physiological
aspects of CNS pathology as seen in humans.

48 Z. P. Chalakova and S. A. Johnston

The zebrafish (Danio rerio) is a powerful vertebrate model that
has strong parallels with mammalian genetics and anatomy.
The simplicity of the system in comparison to murine models
makes it easier to focus on individual pathological mechanisms.
The zebrafish infection system is now well established for experi-
mentally examining host pathogen interactions in cryptococcosis
[6–10]. Fluorescent transgenic zebrafish lines are a state-of-the-art
model for high resolution in vivo visualization of small cranial
vasculature, brain parenchyma, and CNS innate immune cell types
[11–13]. Due to their transparency, zebrafish allows for noninva-
sive visualization of CNS pathology development in real time.

In this method chapter, we outline procedures that enable the
utilization of the zebrafish infection system to study host pathogen
interactions of C. neoformans in the CNS in real time. Major
procedures in the method include preparing cryptococcal culture
for microinjection, introducing pathogens into the bloodstream or
brain ventricles of zebrafish larvae, procedures on immobilizing
zebrafish for imaging, and tips on high content imaging of living
infected larvae. In this chapter, we outline variations of the main
method, each more suitable for studying a particular aspect of the
pathophysiology of CM (see Note 21).

2 Materials

Solutions should be prepared using distilled water. Solutions
should be stored according to instructions given below.

2.1 Preparing

Streaking Plate and

Pathogen Culture

1. Cryptococcus neoformans var. grubii KN99 (see Note 1).
Strains (select according to fluorescent reporters in chosen

transgenic):

(a)

(b) KN99 mCherry [11].

2. Yeast peptone dextrose (YPD) broth: 20 g/L Bacteriological
peptone, 20 g/L Glucose, 10 g/L Yeast extract. Suspend 50 g
in 1 L of distilled water. Autoclave for 15 min at 121 °C.

3. 90 mM Petri Dishes for making YPD agar plates.
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4. YPD agar plates: YPD broth solution with 2% Oxoid Agar
Bacteriological (Agar No. 1). Autoclave for 15 min at 121 °C
before pouring (see Note 2).

5. Incubator set at 28 °C with a Blood tube rotator.

6. Inoculation loops.

7. 1% Virkon solution or other suitable sterilizing solution active
against Cryptococcus.

8. 70% Industrial methylated spirit (IMS or denatured ethanol):
used for disinfection of working space.

9. Simport tubes with clip on caps.

10. Laminar flow hood or other suitable safe lab site for handling
fungal pathogens.

11. Filtered tips.

12. Phosphate buffered Saline (PBS): In tablet form. One tablet
dissolved in 200 mL of deionized water to yield 0.01 M phos-
phate buffer, 0.0027 M potassium chloride and 0.137 M
sodium chloride, pH 7.4, at 25 °C.

13. 6000 g Benchtop centrifuge.

14. 10% Polyvinylpyrrolidone (PVP), 0.5% Phenol Red in PBS (see
Note 3): Autoclaved before use.

15. Hemocytometer.

2.2 Zebrafish

Husbandry, Sorting,

and Dechorinating

1. Lines:

(a) Tg(kdrl:mCherry)S916 – mCherry marker of endothelial
vascular cells [21].

(b) Tg(kdrl:mCherry)is5; TgBAC(cldn5a:EGFP)vam2 – GFP
claudin5a tight junction protein marker expressed on
the zebrafish choroid plexus ependymal cells; mCherry
marker of endothelial vascular cells [12].

(c) Tg(mpeg:mCherry-CAAX)sh378 – mCherry reporter of
macrophages and macroglia. Origin – Johnston lab [8].

2. Breeding trap for marbling or any standard zebrafish hus-
bandry material for obtaining embryos [14].

3. 90 mM Petri Dishes for transport and collection of embryos.

4. Plastic tea strainer for collecting embryos from adult fish tank.

5. Fire-polished wide-bore Pasteur pipet: Used to transfer larvae
between containers.

6. E3 with methylene blue: 10× stock of E3 (NaCl 5 mM, KCl
170 μM, CaCl2 330 μM, MgSO4 330 μM). Dilute to 1× and
add methylene blue (0.000025%). Store at 28 °C.

7. Dissecting stereomicroscope: For observing and manipulating
embryos.
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8. 1% Virkon solution: Used to cull zebrafish embryos that will
not be raised.

9. Dumont #5 forceps: Used for removing the chorion around
larvae.

2.3 Zebrafish

Injection with C.

neoformans, Plating

Inoculum and

Mounting

1. Injecting equipment set up (Fig. 1):

(a) Pneumatic Pico Pump (PV 830P): for creating pump
pressure for injecting.

(b) Micromanipulator (Sutter Instrument, MM-33): for
adjusting the needle position.

(c) Dissecting stereomicroscope: For observing and manipu-
lating embryos.

2. Tricaine methanesulfonate (MS222): 0.168 mg/mL solution
in E3.

3. Gel loading pipette tips.

4. Graticule slide 100 × 0.05 = 5 mM scale (Fig. 2b).

5. Microneedle: Injection needles are needed for injecting patho-
gens into the bloodstream or brain ventricles of the larvae.
Injection needles are prepared by pulling glass capillaries
1.0 mM OD glass capillary (World Precision Instruments)
using a pipette puller. Pipette pullers all have different heating
elements; therefore, trial and error are needed to find the set-
tings for your puller that produce needles as shown in Fig. 2a.

6. E3 agarose injection plates: 2% Agarose (Molecular Biology
Grade Agarose) solution in E3 with methylene blue.

7. Cell spreader.

8. Heat block/Digital dry bath at 38 °C: keeping LMPA from
solidifying.

9. Lowmelting point agarose (LMPA) mounting solution: Trans-
parent mounting solution used to immobilize live zebrafish
embryos during imaging. In a 15 mL falcon, add 9.6 mL of
E3, 420 μL tricaine (4%), and 0.1 g LMPA powder (1%) to
make 1% LMPA mounting solution (see Note 21).

10. Corning® high content imaging plate; 96 well: High resolu-
tion imaging is not possible using plastic well plates due to the
thickness of the material. Acquire glass bottom imaging plates
specific for high resolution imaging.

11. Glass mounting capillaries with a micro plunger (provided by
Zeiss for Light sheet microscopy): volume 20 μL, internal
diameter 0.8 mM, Pk 100, color code black.

12. Imaging equipment.

(a) Nikon custom widefield: A custom-build widefield micro-
scope, Nikon Ti-E with a CFI Plan Apochromat λ 10×, N.
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Fig. 1 Injecting equipment set up: panel (a) shows a dissecting stereomicroscope with a micromanipulator
(b) next to it and a Pico Pump (c) behind. In panel (b) the red arrowhead points to a microneedle gets inserted,
the yellow arrowhead points to the tube connecting the Pico Pump and the micromanipulator. The silver
nodules on the micromanipulator control the position of the needle in 3D space. In panel (c) we can see the
controls of a Pico Pump clearly. Labels are pointing to controls adjusted during the injection procedure in the
method
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Fig. 2 Injecting and plating inoculum: Panel (a) shows an example of a needle for injection. The needle is
above a droplet spread on a 5 mM graticule. The needle is broken and the size of the needle tip and shape are
optimised for injecting 1 and 2 dpf larvae. Panel (b) shows the inoculum coming out of the needle from one
pump, and the graticule in focus. An orange circle indicates what the inoculum looks like in droplet form as it
floats in the mineral oil above the scale. The size of the droplet is approximately 0.12 mM in diameter (2 nL).
Panel (c) shows a plated 2 nL of 700 cfu/nL inoculum that came out of an injection needle. The plate was
incubated at 28 °C for 48 h. The colonies on this plate are ~400. In our method we inject 4 nL of 700 cfu/nL
inoculum per larva to account for discrepancies between concentration estimation in a haemocytometer count
and concentration in a micro needle droplet. Panel (d) shows sites of injecting on a 2 dpf larva. The orange
arrow points to the duct of Cuvier, a site of injection for bloodstream infection. The black arrow points to the
hindbrain ventricle, a site of injection for CSF infection. It is important to note that hindbrain ventricle injections
are typically done in 30 hpf larvae. The orange areas on the fish are where the inoculum will travel
immediately after injection into respective injection sites
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A.0.45 objective lens, a custom built 500 μM Piezo
Zstage (Mad City Labs, Madison, WI, USA) and using
Intensilight fluorescent illumination with ET/sputtered
series fluorescent filters 49,002 and 49,008 (Chroma,
Bellow Falls, VT, USA). NIS software for acquisition.

(b) Zeiss Z1 Lightsheet Microscope: Lightsheet.Z1. Laser lines:
405, 445, 488, 514, 561, 638 nM. Plan-Apochromat
20×/1.0 Corr nd = 1.38 objective and a scientific com-
plementary metal-oxide semiconductor (sCMOS) detec-
tion unit. ZEN black software for acquisition.

13. Data analysis software: ImageJ, System software.

3 Methods

3.1 Zebrafish

Microinjections with

C. neoformans

Streak an YPD agar plate with the desiredC. neoformans strain from
suitable frozen stocks (e.g., Microbank beads) and incubate at
28 °C for 48 h. Check plate for good and uniform growth. If
growth is poor or some areas show differences in color or morphol-
ogy reisolate from frozen stocks, otherwise restreak onto a second
YPD agar plate being careful to take a sweep across the plate.
Incubate restreaked plate at 28 °C for 48 h and dispose of original
plate. Restreaked plate should be sealed with parafilm and can be
stored at 4 °C for up to 1 month. For experimental cultures, an
inoculation loop sweep is taken from stock plate and used to
inoculate 2 mL of YPD broth as 24 h cultures which are used to
prepare zebrafish infection inoculum (see Subheading 3.1.4).

3.1.1 Making a Streaking

Plate

3.1.2 Day 1: Zebrafish

Husbandry and Marbling

1. Adult zebrafish should be kept in aquarium facilities that meet
ethical and local legal requirements. They should be main-
tained on a 14- to 10-h light and dark cycle at 28 °C.

2. Zebrafish embryos can be generated by “marbling” (or other
suitable breeding trap) or by pair mating. “Marble” a selected
tank after 6 h prior to dark period to allow adult fish to adjust to
their new environment prior to light cycle transitioning
into dark.

3.1.3 Day 2: Obtaining

Embryos and Sorting

1. Obtain embryos from breeding trap within 4 h following light
cycle initiation. If pair mated zebrafish are divided prior to
mating, then dividers should be removed as soon as possible
after light cycle initiation and embryos collected within 4 h
following light cycle initiation. To collect the embryos, pour
the contents of the bottom container of the breeding trap
through a tea strainer. Using a wash bottle filled with E3
medium, rinse the eggs from the tea strainer into a 90 mM
petri dish.
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2. Under a stereo dissecting microscope, observe the petri dish
with collected eggs. Developmentally stage zebrafish embryos.
Depending on the time of sorting, the embryos selected should
be around 4 h postfertilization (hpf), mostly in their high or
oblong stage of development. Select healthy embryos that have
been fertilized at 8 am the same day (see Note 4).

3. Transfer selected embryos into a 90 mM petri dish approxi-
mately ¾ full with E3 methylene blue media (see Note 4).
Maximum number of embryos per dish is 80 (see Note 4).

4. Discard embryos that were not selected in 1% Virkon solution
or other suitable disinfectant.

5. Store embryos in a 28 °C incubator with a 14- to 10-h light
and dark cycle.

6. 8–10 h postfertilization, observe embryos under a light micro-
scope. Discard all dead or damaged embryos in 1% Virkon
solution (see Note 4).

3.1.4 Day 3:

Dechorinating and

Preparing Pathogen Culture

1. Dechorinating: At 30hpf (see Note 5) using two sets of
Dumont #5 forceps (it is critical for the forceps to be sharp),
remove the chorion around the larvae. This can be done by
using both forceps, one to hold the embryo in one place and
the other to pinch and pull. Dechorinating can also be done
using one forceps by pocking a small hole in the chorion as the
forceps ends are touching and then releasing the forceps to
open the chorion. It is essential to keep the larvae in the same
plate in which they were dechorinated (see Note 5).

2. Preparing zebrafish infection inoculum: From a C. neoformans
KN99 GFP streaking plate, take a sweep using an inoculation
loop and use it to inoculate 2 mL YPD broth. Rotate horizon-
tally at 20 rpm at 28 °C for 16–24 h.

3. At the end of the working day, check plates with larvae to again
remove dead or damaged specimens.

3.1.5 Day 4: Preparing

Injection Inoculum

1. Put E3 agarose plate and 3 YPD agar plates stored at 4–28 °C
incubator to warm up (see Note 6).

2. Cryptococcus neoformans inoculum preparation.

3. Wash cryptococcus culture with PBS: collect KN99 GFP over-
night culture; add 1 mL of culture to a 1.5 mL microcentrifuge
tube; pellet 1 mL culture at 6000 g, RT for 1 min; remove
supernatant and resuspend pellet in 1 mL of PBS.

4. Second PBS wash: Pellet 1 mL resuspended pellet (Step 3) at
6000 g, RT for 1 min; remove supernatant and resuspend pellet
in 1 mL of PBS; use this as washed culture suspension.

5. Make a 20× dilution of washed culture suspension: take 5 μL
from 1 mL washed culture suspension and dilute with 95 μL of
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fresh PBS. Add 10 μL of diluted culture to a hemocytometer
slide under a coverslip.

6. Count 20× dilution: Count colony forming units (cfu) (see
Note 7) using an upright light microscope. Calculate the num-
ber of cfu in the diluted and therefore 1 mL washed culture
suspension according to the hemocytometer manufacturer’s
instructions.

7. Resuspend washed culture suspension in 10% PVP phenol
red PBS: Pellet 1 mL culture at 6000 g, RT for 1 min; Remove
supernatant; Resuspend culture in 10% PVP in phenol red PBS
to achieve a desired cfu/nL. For our experiments we use
1000 cfu/nL or 700 cfu/nL (see Note 7).

8. Clean all areas that have come into contact with pathogens with
70% IMS or other suitable disinfectant. Suspend all contami-
nated consumables into 1% Virkon solution or other suitable
disinfectant.

3.1.6 Day 4: Setting Up

Needle and Anesthetizing

Fish

1. Setting up Pneumatic Pico Pump (Fig. 1c).

(a) Open air supply to Pneumatic Pico pump.

(b) Switch on pump (1 Power).

(c) Check for air (2 Start).

(d) Check pressure (3 Pressure gauge)—should be approx.
40 psi for injecting 1000 cfu—alter using the regulator (4).

(e) Select “Vent” (5 Hold/Vent).

(f) Select “Timed” (6 Gated/Timed).

(g) Select 100 ms (7 Range).

2. Anesthetize a plate of zebrafish larvae (~50hpf) in a 0.168 mg/
mL Tricaine in E3. Larvae are ready to be manipulated once no
evidence of motility (e.g., no startle reflex) is observed.

3. Add 5–8 μL of C. neoformans inoculum into a microneedle
using a gel loading tip (see Note 8).

4. Unscrew the end of the micromanipulator needle holder,
attach the needle, and tighten.

5. Under dissecting stereo microscope, place a graticule slide onto
an upturned petri dish, add a drop of mineral oil, and focus on
the scale bar.

6. Bring the needle tip into view and break the tip at an
angle using Dumont #5 forceps resulting in a beveled point
(see Note 9) (Fig. 2a).

7. Using the micromanipulator move the tip of the needle so that
it enters the oil on the slide and depress the foot peddle once
(you will need to withdraw the needle quickly to prevent
reuptake of droplet unless microinjector has balanced pressure
capability).
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8. Measure the size of the droplet produced—3 small divisions on
the illustrated graticule for 2 nL inoculation volume with each
foot pedal depression (Fig. 2b; see Note 9).

3.1.7 Day 4: Injecting

Zebrafish Larvae

(Duct of Cuvier, bloodstream infection, see Notes on method
variation; Fig. 2d)

1. Prepare a fresh plate (collection plate) with clear E3
(no methylene blue) for containing injected fish (see Note 3).

2. Take a prewarmed E3 agarose plate (injection plate) from the
incubator.

3. Dip a gloved finger into the E3 medium containing anesthe-
tized fish to be injected and wet the surface of the E3 agarose.

4. Take a Pasteur pipette. With a circular motion, swirl the E3 and
tricaine media in the Petri dish filled with anesthetized larvae;
this allows larvae to collect in the middle of the plate.

5. Pipette 15 larvae with using Pasteur pipette.

6. Pipette the larvae onto tilted injection plate letting them slide
from the top down, this way the tails will orient in one
direction.

7. Remove excess E3 until larvae are not floating but sit
submerged on injection plate.

8. Place the infection plate under dissecting stereo microscope
and bring the left most larva into focus.

9. With the naked eye, adjust the micromanipulator apparatus so
the needle is above the fish in focus.

10. Under the microscope, focus on the needle and adjust the
micromanipulator to hover the needle above the duct of
Cuvier (Fig. 2d).

11. With one swift motion, inject the needle into the duct of
Cuvier, depress the foot pedal twice (2 pumps), and pull out
the needle. If the injection is successful, you will see a red liquid
going over the yolk and into the heart (Fig. 2d, see Note 10).

12. Repeat for all fish on the plate.

13. Take 3 mL of clear E3 from collection plate.

14. Tilt the injection plate and pipette clear E3 from top to bottom
over the collection plate. The injected larvae will collect in the
bottom corner of the injection plate and spill into the collec-
tion plate. Keep pipetting clear E3 until all larvae are in the
collection plate.

15. Repeat the injection and collection process until you reach the
desired number of infected larvae, leaving a desired number of
fish for control groups (see Note 11).
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16. Once a desired number of larvae are injected, a collection
container with infected fish needs to be returned into the
incubator for 2 h for the fish to recover. Separate containers
with control fish in clear E3 should also be left in the incubator
for 2 h.

3.1.8 Day 4: Plating

Inoculum

Plating the injection inoculum is a secondary method of
estimating howmany cfu are being injected into the zebrafish larvae
(see Note 12). Once the desired number of larvae is injected, plate
some of the inoculum using the same injection needle and inocu-
lum used to inject larvae.

1. Prepare a cell spreader next to the injector scope.

2. Collect a warmed YPD agar plate from the incubator.

3. Fill a pipette with 20 μL of PBS.

4. With one hand hold the pipette under the injector scope, with
the other, adjust the micromanipulator to get the needle in
front of the opening of the pipette tip. Pipette lightly so a
droplet holds on the tip of the pipette tip. Lower the needle
into the droplet and inject 1 pump (2 nL) into the droplet.
Suck the droplet back into the pipette tip so it mixes in. Pipette
the 20 μL in the center of the YPD agar plate. Spread the liquid
evenly around the plate and place the lid on.

5. Repeat with another plate.

6. Perform 2 repeats with 2 pumps (4 nL) of inoculum.

7. Incubate inoculated YPD agar plates at 28 °C.

8. Check if colonies are visible after 24 h, 48 h, and 72 h.

9. Once visible (Fig. 2c), count the number of colony forming
units on each plate. Take the mean number between replicate
plates and adjust depending on injection volume.

10. Clearing up working area: Dispose of all contaminated materi-
als into suitable waste streams and clean equipment with disin-
fectant such as 1% Virkon.

3.2 Mounting for

Widefield

Fluorescence

Microscopy

1. Preheat block to 38 °C.

2. Low melting point agarose (LMPA) mounting solution prep.

(a) Prepare low melting point agarose mounting solution at
desired percentage (see Note 21).

(b) Heat with low temperature until solution reaches boiling
point. Repeat several times until the powder is dissolved
and the solution is clear and homogeneous. Aliquot
500 μL of clear solution per microcentrifuge tube and
keep it in a 38 °C heat block prevents setting before use.
You will need approx. 100 μL/larvae to mount. Prepare
the desired amount of LMPA accordingly.
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3. Collect plates with recovered injected and control larvae. Anes-
thetize plates. Distribute larvae in a high content imaging
96-well plate, with one larva per well and enough clear tricaine
E3 to just cover larva. Keep the 2 groups of fish (control and
injected) in separate rows and handle each group with its own
pipettes to avoid cross contamination. Always keep the rows
around the edges of the plate empty, short working distance
(e.g., most high magnification) lenses do not allow focusing on
the edges of the plate.

4. Pipette 100 μL LMPA per well for 5 larvae. Return LMPA to
heat block to prevent it solidifying.

5. Use a gel loading tip to position larvae in LMPA to the bottom
of their wells.

6. Use the tip to manipulate the orientation of the larvae (lateral
side or dorsal side downward) (see Note 21). Do this until the
LMPA solidifies.

7. Repeat steps 4, 5, and 6 until all larvae are mounted.

8. If doing time lapse imaging allow for the anesthesia of the
larvae to subside after mounting for at least 20 min to stabilize
heart rate.

3.3 Screening and

Mounting for Light

Sheet Microscopy (see

Note 13)

1. Collect plates with recovered injected and control larvae. Anes-
thetize plates. Distribute larvae in a high content imaging
96 well plate, with one larva per well and enough clear tricaine
E3 to just cover larvae. Keep the 2 groups of fish (control and
injected) in separate rows and handle each group with its own
pipettes to avoid cross contamination. Always keep the rows
around the edges of the plate empty, short working distance
(e.g., most high magnification) lenses do not allow focusing on
the edges of the plate.

3.3.1 Screening

2. Using a gel loading tip carefully manipulate fish to go to the
bottom of their wells and on their side (lateral view) (see Note
14).

3. Carefully transport plate to widefield fluorescence microscope.

4. Place the 96-well plate in a widefield microscope sample holder.

5. Locate and image each larva with appropriate settings to iden-
tify desired reporter fluorescence and dissemination into the
CNS (examples of infection burden in CNS Fig. 3).

6. Add 50–100 μL E3 to wells to prevent them from drying out
before mounting.

3.3.2 Mounting 1. Preheat block to 38 °C.

2. Put 500 μL aliquots of 2% LMPA in heat block.

3. In one of the marked wells of the 96-well plate, add 1 μL of
tricaine and mix E3.



Fig. 3 Different mounting orientation and microscopy: All larvae shown on this figure are 2dpf in development
and imaged in real time. Panel (a) and (c) show dorsal mounting in 20× (a) and 10× (c) magnification.
Similarly, panel (b) and (d) shoe lateral mounting in different magnifications. The images in (a–d) are taken
with a fluorescent widefield microscope. Panel (e) and (f) show the difference in the spatial resolution between
blood vessels that light sheet imaging can provide (e) as opposed to widefield fluorescence imaging (f). Scales
on 20× images are 100 μM and on 10× images are 200 μM
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4. Pick an embryo from the marked well along with the tricaine
E3 in a Pasteur pipette.

5. Pipette onto suitable flat surface, for example, lid of a Petri dish
squeeze so the medium remains as a droplet around the larva.

6. Collect media around the larva until it is just covered. Pipette
200 μL 2% LMPA on top of the fish.

7. Using glass capillary tube pipette larva headfirst.

8. Slowly rotate the capillary tube so the fish mounts straight in
the tube.

9. Place the capillary in the light sheet imaging chamber for
imaging.

10. If doing time lapse imaging allow for the anesthesia of the
larvae to subside after mounting for at least 20 minutes to
stabilize heart rate.

3.4 Imaging 1. General set up (the same in all imaging): Humidified tempera-
ture controlled at 28 °C.

3.4.1 Widefield Set-Up

Variations 2. Real-time imaging (focus on acute change in blood vessels size
and shape; see Note 15 and 16): Suggested 20× and 40×
objective lens with 0.7–1.1NA. Wavelength for 555 nM for
mCherry (KDRL reporter line; See Materials). Exposure
between 20 and 300 ms for mCherry reporter. Capture 1fps
for mCherry channel.

3. High speed imaging (see Note 15 and 17): Suggested Lenses
20× and 40× objective lens with 0.7–1.1NA. Wavelength for
555 nM for dsRed (gata1 reporter line; See Materials), 470 nM
for GFP (reporter in KN99 GFP strain or silicon beads; see
Materials). Exposure max 20 ms. Achieve using increased gain
and/or illumination. Capture at least 30fps for chosen reporter
(see Note 17).

4. 24 h time lapse imaging (focus on dissemination progression;
see Note 18): Consider using lower magnification lens, if pos-
sible, to reduce problems related to photo toxicity Wavelength
for 555 nm for mCherry (KDRL reporter line; see Materials),
470 nM for GFP (reporter in KN99 GFP strain; see Materials).
Reduce exposure where possible but longer exposure is pre-
ferred to increased illumination. Capture 1 frame every 5 min.

5. One time point Z stack imaging (focus on pathogen distribu-
tion; see Note 19): The acquisition time for a whole group of
fish should be as short as possible, set up a list of coordinates
from each larva in a group and allow for automated acquisition
(see Note 19). Consider using lower magnification lens, if
possible, to reduce problems related to photo toxicity Wave-
length for 555 nM for mCherry (KDRL reporter line; see
Materials), 470 nM for GFP (reporter in KN99 GFP strain;



Long-term storage cultures for use in experimental pro-
cedures are kept in Microbank (Pro-lab Diagnostics, UK)
stock vials at -80 °C. See Methods for information on
handling the pathogen.
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see Materials). Laser power and exposure can be varied
depending on what produces the best quality images, but the
settings need to be the same for each channel across all larvae
images for measurements. Suggested Z stack interval 3 μM (the
size of smaller cryptococcal cells).

3.4.2 Light Sheet Set-Up

Variations (see Note 20)

1. General set-up and 1 time point Z stack imaging: Image acqui-
sition chamber incubation at 28 °C. Lasers should be set up for
dual side illumination with online fusion, turn on lasers
488 nM (for GFP) and 561 nM (for mCherry). LBF
405/488/561 filter set, and beans split with SBS LP 560 or
LP 580 mirror. Two tracks and sequential imaging to be used
for imaging of two reporters (e.g., one track for GFP and
another for mCherry). Lens to be at 0.7× zoom, 16-bit
image depth, 1920 × 1920px (approximately
0.33 × 0.33 μM) image size and minimum z-stack interval
(approximately 0.5 μM). Exposure automatically adjusted.

2. Real-time lapse imaging: adjust illumination to be one side
illumination and keep to a single track to reduce acquisition
time. Manipulate the exposure to allow for 1fps capture time.

3.5 Processing Data We suggest using automated Otsu thresholding in ImageJ.

1. Real-time data: Select frames of interest to represent events
observed and analyze and extract from a time lapse file using
ImageJ.

2. Slow motion imaging: For particle tracking software use the
free Track Mate plugin in ImageJ.

3. 24 h time lapse imaging: Can be challenging with ImageJ due
to Java memory usage implementation. In this case, software
from acquisition system might be preferable.

4. Light sheet Z stack processing: Utilize ImageJ plugins for
tubular, volume and branching analysis of vascular bed
architecture.

4 Notes

1. We chose C. neoformans var. grubii KN99 strain as it is known
to exhibit represent human type virulence in animal
models [15].

General handling of pathogen:

(a)
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(b) Cryptococcus neoformans var. grubii is a Hazard 2 class
pathogen and it should be handled in a Containment
Level 2 infection facility.

(c) Consumables and containers that have come into contact
with the pathogen should be disposed of in sealed con-
tainers or inactivated with 1% Virkon solution for 30 min-
utes or other suitable disinfectant. Inactivated or sealed
waste should be disposed of in an appropriate waste
stream.

(d) All pathogens that need to be transported between rooms
(e.g., from tissue culture to microscopy rooms) should be
in a sealed container such as a securely closed microcen-
trifuge tube or well-plate. Distance of travel between
rooms should be reduced as much as possible.

(e) Zebrafish larvae and fungi are both grown at 28 °C. This is
the temperature of the natural environment of zebrafish;
the fungi are grown in the same temperature to condition
the pathogen to favor the host’s environment.

2. To prevent bacterial contaminants from growing on YPD agar
plates, plates should be poured in sterile conditions (in a lami-
nar flow hood or under a Bunsen burner flame). An additional
precaution can be taken by adding antibiotics (e.g., penicillin
and gentamicin) to YPD agar before pouring.

3. Cryptococcal cultures are to be re-suspended in PVP in phenol
red, where PVP is a polymer which prevents needle blockage in
cryptococcal injection and Phenol Red is an inert dye that
allows us to see if the inoculum has been successfully injected.

4. Sorting and husbandry tips:

(a) Discard unfertilized eggs.

(b) The health of zebrafish embryos can be determined by the
lack of dark spots in their tissue. Darker tissue usually
indicates dying cells.

(c) All zebrafish embryos used in experiments should be in
the same stage of development to avoid any variability in
physiology that can create data outliers and skew results.

(d) Methylene blue is an antimicrobial agent that prevents
unwanted growth of pathogens in the growth environ-
ment. However, it has been seen that overuse of E3 meth-
ylene blue can cause autofluorescence in imaging and can
activate autophagy in host and pathogen cells. When pre-
paring methylene blue E3, the solution should be pale
blue in color (approx. 0.000025% methylene blue). After
infecting larvae with C. neoformans, keep them in E3
without methylene blue.
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(e) Increased numbers of embryos (over 80) in a single petri
dish can create an environment with low nutrient and
oxygen availability, which would lead to developmental
and health issues that are not due to the infection
procedure [14].

(f) The presence of dead embryos in the environment of
growth is bad husbandry practice [14] and factors released
from the decay of tissue can be damaging to living
embryos.

5. Zebrafish larvae under 24 hpf are fragile and easily damaged. In
our work, we have found that dechorinating around 30 hpf
produces the best results (less to no damage). We have also seen
that 1dpf larvae can adhere to plastic consumables. Adherence
also seems to occur more frequently when larvae are transferred
to a fresh plate. To avoid damage from sticking to a Pasteur
pipette or a new Petri dish, larvae are left in the same Petri dish
they have been dechorinated in for at least 2–5 h recovery
period prior to injecting. If the method is varied for injections
to be done in 1 dpf larvae, dechorination can be done earlier in
the day to allow for the larvae to recover in time prior to
injecting.

6. E3 agarose injection plates are warmed up to the body temper-
ature of zebrafish larvae, to allow less stress and damage to
occur during the injection procedures.

7. The cfu/nl suggested in the methods (1000 or 700) works best
in bloodstream larvae infection; it is the amount of cfu required
to see dissemination into the cranial vasculature at the desired
imaging time points. For infection of brain ventricles, we sug-
gest 200 cfu/nL. That prevents excessive growth and allows for
better resolution between cryptococci during imaging. Brain
ventricles injections are also done at 1dpf developmental stage
of larvae. If that is a more desired procedure, vary the method
accordingly.

8. Extreme care should be taken when handling injection needles
containing pathogens. Needles should be loaded, used, and
disposed of in the same location, under no circumstances
should they be transported. To protect from needle stick injury,
a fingerguard can be worn on the hand that is handling the
needle. Should injury still occur encourage bleeding, thor-
oughly wash the area with water and seek medical attention.

9. When breaking the injection needle, the aim is to get the tip as
small as possible so it allows for less damage to occur when
injecting the larvae. The needle tip needs to be also big enough
to let inoculum escape when 40 psi pump pressure is applied.
However, cryptococci are very prone to clumping, especially
when injecting 700–1000 cfu/nL. This means the needle tip
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needs to be broken with a relatively bigger opening and that
the pump period regulator (Fig. 1c, seeNote 8) needs to be on
the higher end values ~2.5–3. The period regulator on the Pico
Pump alters the length of period in which air is pushed into the
needle—it should be somewhere between 1 and 3.

10. To avoid any differences in infection burden across larvae, aim
to inject all larvae with the same needle. Unfortunately, that is
sometimes not possible as injection needles (especially with
high cfu content) tend to clog at their tip. Once the needle is
clogged, it needs to be discarded, a new needle and volume of
inoculum is used, which may cause variation in needle tip size
and cfu injected. Tips on avoiding needle clogging or unclog-
ging the needle:

(a) Prior to pipetting inoculum, each time vortex 3 times for
10 s. This is done to prevent clumps of the pathogen
forming and clogging the injection needle. This also
favors a more even distribution of cfu across the volume
of the inoculum.

(b) If the needle clogs, you can try injecting several times into
the E3 agar.

(c) Try breaking the needle slightly larger, but not too big to
avoid bleeding following injection.

(d) Try diluting inoculum further, reducing the droplet size
and pumping more than 2 times when injecting. Count
what comes out of the needle and estimate how many
pumps are necessary for 700–1000 cfu. Make sure you
maintain the same pump number across all injections and
plate the inoculum afterwards to get a quantification of
how many cfu have been injected.

11. Two different control groups can be used. One group of fish
that have been treated the same way as injected cohort
(dechorinated, anesthetized the same number of times). This
group allows to account for differences in physiology due to
tricaine treatment or dechorinating. Another group can be an
injection procedure control; this cohort can be injected with
2 nL of just 10% PVP phenol red, to account for any physio-
logical changes that might occur due to the injection
procedure.

12. When preparing the C. neoformans inoculum, the cfu concen-
tration is determined by a hemocytometer count. That cfu
estimate, however, does not account for several factors during
the injecting procedure. Cryptococci are not completely
homogeneously distributed in the inoculum, when transport-
ing it via pipetting a different amount of cfu would be picked
up each time, despite it being in the same volume of inoculum.
The cryptococci in the inoculum would also replicate during
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the time of the injection procedure. Also, the inoculum dis-
tributes unevenly into the injection needle, which would yield
different concentrations at the tip of the needle as opposed to
the top (due to the 80° angle of the needle when injecting).
The closest and most accurate estimation of infection burden at
the time of injection is by counting what comes out of the
injection needle. The method of plating the inoculum that
comes out of the needle seems the most representative of the
infection burden we see during imaging. The hemocytometer
count is still done to get a rough estimate of how much
dilution the culture needs before injecting.

13. Many light sheet microscopes only allow imaging of one sam-
ple at a time. Mounting and processing each specimen takes up
to 1 h. Therefore, it is important that samples are carefully
screened on another microscope prior to imaging with the
light sheet microscope.

14. When screening fish to image in the light sheet, they cannot be
mounted. Taking as much media out of the 96 wells as possible
will keep the fish from floating away from the bottom of the
wells. If adjustments are made, the larvae can also keep lying on
their side without much disruption of their orientation to ease
the process of screening. It is easier to examine overall infection
burden and health of each larva if they are in a lateral orienta-
tion, instead of dorsal or ventral for example.

15. An important advantage of this method is that it provides
options for observation of host pathogen interactions in differ-
ent time scales: slow-motion, real-time, 24 h time frame, and
one time-point.

16. Real-time imaging is attempting to take a time lapse where the
whole process of acquisition takes place within maximum 1 s
(illuminating sample, opening and closing camera shutter, col-
lecting information from camera matrix). Time lapses cannot
be of two reporters because acquisition time cannot be within
1 s, that is, imaging GFP reporter and mCherry at the same
time is not possible in real-time imaging. Real-time imaging is
usually done for a short time range (2–10 min) to decrease file
size and make data processing less cumbersome. In our work,
we use real-time imaging to observe acute changes in vascular
size and shape in infection. We have found important patterns
which are imperceivable in longer intervals of acquisition
(imaging that is not representative of real time changes).

17. High speed imaging is reducing acquisition time even further
than real time imaging. We can reduce acquisition time further
from 1fps to 30fps. The biggest factor changed in this type of
imaging is reducing the field of view significantly and so
shortening the time necessary for information transfer between
camera and computer.



Developmental stage of zebrafish: 2dpf. Dissemination root
in human patients with cryptococcal meningitis is from
lung infection to blood circulation to CNS. To mimic the
pathology as seen in humans, replicate the infection root
from blood vessels to brain tissue/parenchyma.
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18. Longer time-lapses do not necessarily require short exposure
and data collection times. Adjusting the acquisition settings is
done in favor of clearer, higher quality images. Intervals of
capturing should be a minimum of 5min (or longer) to prevent
data loss in large files and make data processing less cumber-
some. In our work, we use 24 h time lapses for exploratory
purposes or to show dissemination progression over time.

19. Single time point Z stacks are used to show in detail crypto-
coccal yeast distribution across tissues at a particular point in
the infection progression. Can be used to show infection bur-
den and distribution, for example, with or without treatment
with pharmaceuticals of interest. When collecting information
for several groups, it is important that the time of imaging
between groups (or single fish) is as short as possible. This is
because between 2 infected groups a larger time interval will
allow for the infection to progress and 1 group might be more
infected than the other because of procedural issues not actual
differences. Also, a larger time interval between imaging an
infected and control groups, for example, can show differences
due to imaging in different developmental stages.

20. Light sheet imaging can be used to get higher resolution real-
time or single point imaging. You should choose light sheet
microscopy if, for example,

(a) In real time: you want to observe changes in
interconnected vascular structures in a smaller illumina-
tion plane.

(b) In a single time, point: you want to observe the spatial
distribution of infection in 3D or the morphology of the
vascular bed in infection.

21. Notes on method variation.
For observing dissemination in the parenchyma, blood vessel

morphology and damage

(a)

(b) 2dpf as opposed to 1dps is a good point for introducing a
systemic infection into the larvae. The lumen formation
and onset of circulation in zebrafish larvae start around
24hpf [16].Heartbeat is essential for intra-cerebral vessels
development at 32hpf [17]. At 48hpf, the primary vascu-
logenesis is complete and CNS vessel networks well estab-
lished [18, 19]. The 2dpf infection point allows for a long
enough period of infection development before 5 days
postfertilization, after which it becomes much more
unethical to use the animal model for infection work.
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(c) Choice of infection route: Duct of Cuvier. This is a common
infection route when attempting to achieve a bloodstream
infection. We prefer this injection site to the Caudal vein
as it is larger, has a higher velocity of flow, and appears to
allow for better distribution of pathogens across the
whole larva. This is important especially when attempting
to achieve CNS dissemination.

(d) Choice of cfu content in inoculum: 700–1000 cfu; it is
enough to disseminate into the CNS, smaller infection
burden rarely produces CNS dissemination within 24 h of
infection, and severe infection profile after 2 days.

(e) Choice of time point of imaging:

1. For a severe infection profile: 2 days postinfection.

2. For tracking infection progression: between 4 h and
24 h postinfection.

(f) Choice of LMPA concentration: The percentage of LMPA
can be varied depending on the imaging technique used
or the time that the larvae are to be kept immobilized.
The higher the percentage, the quicker the solution will
solidify and the less stretch it will provide for an organism
to grow within it. In the imaging acquisition, a single larva
lasts more than 1 h, choose a low percentage (0.3–0.5%).
For light-sheet imaging, fast solidifying is the most impor-
tant to get the orientation of the larvae right, choose high
percentage (1–2%).

(g) Choice of mounting orientation and imaging: Dependent
on what is imaged.

For dissemination into the parenchyma and ventricles,
it is good to visualize with a widefield fluorescent micro-
scope in a lateral view (Fig. 3b, d). The widefield allows
for image collection from a larger cohort in comparison to
the light sheet.

For blood vessel morphology and dynamics have data
both in dorsal and lateral orientation of the larvae. Light
sheet microscopy and dorsal orientation will provide a
better resolution when attempting to represent the vascu-
lar bed in 3D at a single time point (Fig. 3e, f).

For 24 h time lapse imaging, use the widefield micro-
scope to avoid large data files. Real-time time lapses can be
done in the Light Sheet as well and widefield fluorescence
like systems.

For observing flow of infected CSF in vivo

(a) Developmental stage of zebrafish: 1dpf. Injections into the CNS
after 40 hpf becomes harder to achieve and is more likely to
cause damage. The tissue around the brain ventricles is more
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difficult penetrate as bone cell progenitors are already localiz-
ing and adopting fate, although ossification occurs later [20].

(b) Choice of infection route: Hindbrain ventricle. Allows to imme-
diately monitor CNS infection. Dissemination from blood-
stream infection is a relatively rare event.

(c) Choice of cfu content in inoculum: 100 cfu.

(d) Choice of time point of imaging: 2 h after injection.

(e) Choice of LMPA concentration: 0.3–0.5%.

(f) Choice of mounting orientation and imaging: lateral orienta-
tion and widefield imaging. There are several types of flow
within the ventricular system; it is easier to see them in a lateral
orientation of the larvae. In this case, it is more efficient to
select a 2D imaging model and observe a simplified version of
the system overall. Widefield microscopy is a good tool to do
exactly that.
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Chapter 5

Immunological Analysis of Cryptococcal
Meningoencephalitis in a Murine Model

Jintao Xu, Kristie Goughenour, W. Rex Underwood,
and Michal A. Olszewski

Abstract

Cryptococcal meningoencephalitis (CM), caused by the fungal pathogen Cryptococcus neoformans species
complex, can lead to high mortality or severe neurological sequelae in survivors that are associated with
excessive inflammation in the central nervous system (CNS), especially in those who develop immune
reconstitution inflammatory syndrome (IRIS) or postinfectious immune response syndrome (PIIRS).
While the means to establish a cause-and-effect relationship of a specific pathogenic immune pathway
during CM by human studies are limited, mouse models allow dissection of the potential mechanistic links
within the CNS immunological network. In particular, these models are useful for separating pathways
contributing predominantly to immunopathology from those important for fungal clearance. In this
protocol, we described methods to induce a robust, physiologically relevant murine model of
C. neoformans CNS infection that reproduces multiple aspects of human cryptococcal disease immunopa-
thology and subsequent detailed immunological analysis. Combined with tools including gene knockout
mice, antibody blockade, cell adoptive transfer, as well as high throughput techniques such as single-cell
RNA sequencing, studies using this model will provide new insights regarding the cellular and molecular
processes that elucidate the pathogenesis of cryptococcal CNS diseases in order to develop more effective
therapeutic strategies.

Key words Cryptococcal meningoencephalitis, Mice model, Neuroinflammation

1 Introduction

The opportunistic fungal pathogen Cryptococcus neoformans causes
substantial morbidity and mortality worldwide [1], with most cases
of symptomatic illness or death resulting from fungal dissemination
to the central nervous system (CNS) and subsequent meningoen-
cephalitis. Cryptococcal meningoencephalitis (CM) is not only
characterized by high mortality rates, but it also frequently results
in long-lasting severe neurological damage, such as memory loss,
vision deficiencies, hearing and speech impairments, and motor
deficits [2, 3] in patients who survive. These incredibly poor clinical
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outcomes for cryptococcal meningitis are reflective of the severe
lack of therapeutic options for the treatment of CNS-disseminated
cryptococcosis. In order to develop novel more effective therapeu-
tic strategies, there is an urgent need to study the cellular and
molecular processes that elucidate the pathogenesis of cryptococcal
CNS diseases.
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Prior studies have established a central role for host immune
responses, especially T-cell-mediated immunity in microbiological
control and limiting of cryptococcal diseases [4, 5]. However, accu-
mulating evidence supports that immune inflammatory factors,
including T-cells, can significantly contribute to CNS pathology
in at least certain subsets of patients with complicated CNS disease
[6, 7]. Cryptococcus-infected HIV+ patients initiating antiretrovi-
ral therapy often develop immune reconstitution inflammatory
syndrome (IRIS) upon restoration of T-cell counts accompanied
with severe neurological sequela and morbidity despite fungal erad-
ication [8, 9]. A similar phenomenon occurs among non-HIV
patients with severe cryptococcal CNS disease in the setting of
microbiological control, termed postinfectious immune response
syndrome (PIIRS) [10]. Studies confirm that cryptococcal IRIS
and PIIRS share many characteristic immunological features,
including elevated CD4+ T-cell counts in cerebrospinal fluid
(CSF) and their IFN-γ production, suggesting that the host
immune responses necessary for fungal clearance at the same time
contribute to clinical disease [10].

While it is challenging to establish a cause-and-effect relation-
ship of a specific mechanism of disease in human studies, mouse
models allow for the dissection of mechanistic links and causative
relationships to be determined. Thus, a mouse model of cryptococ-
cal meningoencephalitis within the CNS is necessary to determine
the exact immunological network involved in the suggested immu-
nopathology identified in human studies. Several models of crypto-
coccal CNS infection have been previously described; however,
these models induce rapid complete mortality by 4–14 days postin-
fection, prior to the development of a measurable adaptive T-cell
response, and thus have not focused on the role of CNS inflamma-
tion in pathogenesis of cryptococcal CNS disease [11–13]. In this
protocol, we described the induction of a robust C. neoformans
CNS infection model in immunocompetent mice that reproduces
key aspects of human cryptococcal disease pathology and thus is
suitable for detailed immunological analysis and translation to
human infections [7]. Using this model of disseminated CNS
infection, we have demonstrated that Th1-biased CD4+ T-cells in
the CNS are a primary cause of detrimental pathology, character-
ized not only by early mortality and loss of body weight, but also
neuronal cell death in the brain [14]. In addition to T-cells, we
further showed that CCR2 signaling promotes brain infiltration of
inflammatory monocytes which contribute to neuropathology and
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dysregulated gene expression involved in neurotransmission, con-
nectivity, and neuronal cell structure during cryptococcal menin-
goencephalitis, suggesting that CCR2-dependent inflammatory
monocytes work hand-in-hand with CD4+ T cells to drive disease
pathology during cryptococcal meningoencephalitis [15]. These
studies provide new insights regarding clinical outcomes observed
in IRIS and PIIRS patients and support the development of thera-
peutic strategies that limit selected aspects of inflammation to
prevent CNS damage in a subset of patients with CNS cryptococ-
cosis accompanied by inflammatory brain damage.
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2 Materials

1. Sterile culture flask.

2. Sterile Sabouraud Dextrose Broth.

3. Incubator; capable of shaking at 160 rpm at 37 °C.
(C. neoformans)

Culture

2.2 Retro-Orbital

Injections in Mice

1. Sterile PBS.

2. 1 mL syringe.

3. 30½G needle.

4. Isoflurane.

2.3 Organ Collection 1. 10 mL syringe prefilled with cooled PBS and kept on ice.

2. Whirl-Bags prefilled with sterile Milli-Q water (under the
hood) and kept on ice throughout the procedure.

3. Surgical spatula.

2.4 CFU Assay 1. 96-well plate.

2. Sterile water.

3. Sterile Sabouraud Dextrose Agar plates.

2.5 Brain Leukocyte

Isolation

1. Complete media: RPMI Medium 1640 (1×, sterile) supple-
mented with 10% fetal bovine serum (FBS), 25 mM Gluta-
MAX, 1 U/mL penicillin-streptomycin, 0.1 mM nonessential
amino acids, 1 mM sodium pyruvate, and 55 nM beta-
mercaptoethanol. Make in the hood and store at 4 °C.

2. Digest Media: complete media supplemented 100 U/mL
DNAse I and 50 μg/mL collagenase A. Each mouse requires
5 mL of digest media made fresh immediately prior to organ
harvest. Sterile filter the digest media directly into the C tubes
(see below).

3. PBS sterile (10× and 1×).
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4. gentleMACS™ C Tubes from Miltenyi Biotec (one per brain).

5. Percoll.

6. GentleMACs Dissociator (Miltenyi).

7. Sterile scissors.

8. Trypan blue and haemocytometer.

2.6 Flow Cytometry

Analysis Extracellular

and Intracellular*

1. Flow Buffer: 1× PBS, 5 % (v/v) FBS, 2 mM EDTA, 2 mM
sodium azide (NaN3).

NaN3 is added as a preservative. Use the buffer without
NaN3 if you want to do functional assays.

2. 0.1 mg/mL PMA stock solution *.

3. 1 mM Ionomycin stock solution *.

4. 5.0 mg/mL Brefeldin A stock solution *.

5. 2.0 mM Monensin stock solution *.

6. LIVE/DEAD fixable dead cell stain kit.

7. 20% paraformaldehyde.

8. Foxp3/Transcription Factor Staining Buffer Set (eBioscience)*.

9. 96-well V bottom plate.

10. Unconjugated anti-CD16/32.

11. Fluorophore conjugated antibodies.

12. Multicolor flow cytometer.

13. FlowJo software (TreeStar).

3 Methods

3.1 Cryptococcus

neoformans Culture

Initiation of C. neoformans culture should be performed within a
BSL2 hood to avoid culture contamination and ensure laboratory
safety.

1. Remove cryptococcal strain stock from -80 °C freezer
and thaw.

2. Using a serological pipet, transfer 20 mL of sterile Sabouraud
Dextrose Broth into a sterile 125 mL culture flask.

3. Once defrosted, transfer 20 μL of the cryptococcal strain into
the culture flask.

4. Culture at on a shaker at 160 RPM at 37 °C for 72–96 h.

3.2 Mice Infection

(see Note 1)

Mouse infection procedures should optimally be performed within
a BSL2 hood to minimize the risk of contamination. There are
three stages to the mouse infection: preparing the cryptococcus
inoculum, intravenous injection, and mouse monitoring.
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3.2.1 Wash, Count,

and Adjustment of

C. neoformans Culture

1. In the BSL2 hood, transfer 1 mL of C. neoformans culture to a
15 mL conical tube filled with 9 mL sterile PBS.

2. Centrifuge tube for 2 min at 400 g at 4 °C. Discard supernatant
into liquid biohazard disposal. Add 10 mL of fresh sterile PBS
to the pellet, vortex thoroughly to re-suspend the pellet.

3. Centrifuge tube again for two minutes at 400 g at 4 °C.
Discard supernatant into liquid biohazard disposal and
re-suspend to 5 mL in PBS.

4. Count cells in 0.4% trypan blue and hemacytometer stain under
microscope, dilute as needed to obtain countable cell numbers
in microscope field; count and calculate cell concentrations.

5. Adjust cell concentration to match the desired inoculum for
the infection.

3.2.2 Mouse Intravenous

Injection (see Note 1)

1. Fill a 1 mL syringe with the cryptococcus inoculum (ensure
that tube has been mixed well before filling) and attach a 30½
G needle to the syringe.

2. We recommend short-term inhaled anesthesia (e.g., Isoflurane
in an anesthesia jar) to fully immobilize mice for the short
period of time (~2 min) for the procedure.

3. Pinch both of the mouse’s ears together to pull back the skin of
its head, allowing for its eyeballs to be slightly protruded.
Carefully insert the needle into the anterior corner of the eye
(lacrimal caruncle). Slowly push the needle behind the eye at
approximately a 45° angle until the needle tip gently touches
the orbital bone. Expel the desired inoculum from the syringe.
Ensure that the liquid is not leaking from the eye, otherwise the
needle will need to be repositioned (see Note 1).

4. Remove the needle from the eye and place the mouse into the
prepared fresh cage. The mouse should recover to full activity
within 2 min.

3.2.3 Mice Monitoring

Postinfection

1. After mice have been infected, weigh each mouse to obtain a
baseline weight to evaluate disease progression.

2. Check the infection site daily for the week following infection
to ensure that there is no external infection from the entry site.

3. Mice can be weighed and evaluated behavior every other day
(see Subheading 3.3).

4. Once a mouse approaches 20% of the baseline weight, or if the
animal displays other endpoints determined by institutional
ethics committee, the mouse should be humanely euthanized
using approved procedures.
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3.3 Murine Coma

and Behavioral Scale

(MCBS) Adapted for

Cryptococcal

Meningoencephalitis

This test was adapted from Carroll et al. [16] to quantify the
neurological damage seen in Cryptococcal meningoencephalitis in
mice. Several behaviors and mice responses to stimuli are assessed
on a numeric scale from healthy scoring 3 to no response/clearly
severely impaired scoring 0. This experiment can be done on any
mouse and in combination with any desired experimental condi-
tion. It is noninvasive and only requires clean tweezers and com-
monly used mouse cages containing a lid and a wire cage. If your
animal facility uses another set-up to house mice, a medium square
container can replace the lid and the grab test can be performed on
the rim of the container provided it is thin enough for the mice
paws to hold. Please seeNote 2 on performing blinded experiments
to avoid bias.

1. Remove lid and wire cover from mouse cage.

2. Place a single mouse in the upside-down lid and replace the
wire on the cage.

3. Evaluate the mouse for:

(a) Gait – how the mouse walks around the lid.

i. 3: normal, 2: stiff, 1: ataxic, 0: none.

(b) Balance – can the mouse rise up on the walls of the cage.

i. 3: full body lift on wall in less than 3 attempts, 2: one
back leg only, 1: front legs only, 0: no lift.

(c) Exploration – how actively is the mouse moving round the
cage.

i. 3: visits 4 corners in less than 15 s. 2: visits 4 corners in
less than 90 s. 1: visits 2–3 corners. 0: none.

(d) Body position – when still how does the mouse stand.

i. 3: full body extension, 2: mild hump, 1: hunched, 0:
on side.

(e) Coat condition.

i. 3: normal, 2: dusty/piloerection, 1: mildly ruffled, 0:
severely ruffled.

4. Using a pair of tweezers, gently touch the mouse as follows to
evaluate its ability to respond to stimuli:

(a) Head/neck touch.

i. 3: both sides twitch in response to first touch attempt, 2:
both sides twitch in response to first less than three
attempts, 1: only one side twitches in response, 0: no
response.

(b) Body touch (aim for sides of the stomach).

i. 3: both sides twitch in response to first touch attempt, 2:
both sides twitch in response to first less than three
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attempts, 1: only one side twitches in response, 0: no
response.

(c) Ear touch.

i. 3: both sides twitch in response to first touch attempt, 2:
both sides twitch in response to first less than three
attempts, 1: only one side twitches in response, 0: no
response.

5. Place the mouse on top of the wire cage cover. Using the
tweezers, gently touch the mouse as follows to evaluate its
ability to respond to stimuli:

(a) Touch next to the corner of the mouse eye to test for a
blink response.

i. 3: both sides twitch in response to first touch attempt, 2:
both sides twitch in response to first less than three
attempts, 1: only one side twitches in response, 0: no
response.

(b) Ear touch.

i. 3: both sides twitch in response to first touch attempt, 2:
both sides twitch in response to first less than three
attempts, 1: only one side twitches in response, 0: no
response.

6. Grasping the mouse by the tail, allow the mouse to try and grab
the wire bars of the cage cover to test its grasp.

(a) 3: grabs and pulls/walks, 2: abnormal/one handed grab,
1: weak grasp/attempted movement but no true grasp, 0:
no attempt to grab.

7. Replace the mouse in the cage and repeat until all mice have
been scored

8. Record scores for all mice, see Table 1 as an example of
expected results.

3.4 Collect Organs All surgical instruments should be sterile. While this protocol
encompasses the collection of the brains, other organs such as
spleens, lungs and kidneys can also be harvested [17].

3.4.1 Perfusion 1. Humanely euthanize animals using procedures approved in the
animal license and institutional ethics committee.

2. Place the mouse in supine position on a bodyboard and pin
down all four extremities using needles to maintain a tight,
immobile body position. Spray the body with 70% ethanol to
sterilize.

3. Using forceps, pinch the skin slightly inferior to the transverse
plane and make an incision using surgical scissors. Cut the skin
laterally until the majority of the abdomen has been exposed,
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then move up until reaching the rib cage on both sides. Peel
away the skin first, followed by the peritoneal sac.

4. After the entire abdomen has been exposed, gently move the
liver to reveal the diaphragm. Use scissors to gently pierce a
hole through the diaphragm, thus deflating the lungs. The rib
cage can now be cut and peeled up.

5. Gently push the intestines and other organs aside from the
center of the mouse until the iliac artery is visible. Cut this
artery to collect blood if needed.

6. Expose the heart, insert a 255=8 G needle attached to a 10 mL
syringe filled with cold PBS. The needle should be placed into
the left ventricle of the heart, and the entire 10 mL of PBS
pushed through the circulatory system slowly (see Note 3). Be
sure to apply gauze at the site of the cut caudal vein to absorb
any extra PBS. The organs are now perfused and ready for
collection.

3.4.2 Brain Collection

Procedure

1. After perfusion, unpin the mouse from the bodyboard and
place it into a supine position.

2. Spray the entire head of the mouse with 70% ethanol. Use
forceps to pinch the skin on the top of the head directly
between the ears and make an incision. Peel the skin away
anteriorly, exposing the entirety of the skull.

3. Using a set of forceps, hold the head through grasping the
eye-sockets to prevent movement. Pull the head up and cut the
spine at the base of the skull. Insert the scissors into the hole at
the back of the skull (foramen magnum) and cut at a 45° angle
towards the occipital lobe, until the midpoint is reached.
Repeat for the opposite side. Make small, controlled incisions
to avoid damaging the brain tissue. Using a pair of forceps,
gently lift the skull away from the brain.

4. With a surgical spatula, gently push the brain away from the
skull, encircling the entire brain to disconnect any tissue from
the walls of the bone.

5. From the bottom of the brain, lift using the surgical spatula to
remove it from the skull and place it into the organ bag.

3.5 Colony Forming

Unit (CFU) Plating

Procedure

Following collection, organs are now ready to be homogenized and
plated onto SDA plates to measure the fungal burden. For organs
with high fungal load (> 100 CFU), serial dilution and plating
should be performed. However, if the fungal burden is expected to
be very low, the entire organ should be plated for accuracy. This
procedure is designed for a quick brain CFU analysis and thus not
compatible with leukocyte isolation and subsequent flow cytometry
analysis. If both CFU results and leukocyte analysis are needed,
please follow procedure Subheading 3.6.
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1. Transfer brains into “whirl bags” prefilled with 2 mL sterile
ddH2O. Brains can be homogenized by using a cylindrical
instrument and repetitively “scraping” the bag into the cor-
ners, forcing the contents against each other against the fric-
tion. This should be performed until the contents of the bags
are a uniform mixture.

2. Remove 200 μL of the homogenate from the bag into the top
well of a 96-well plate. The bag should be saved for repeat
dilutions or for whole organ plating.

3. Add 90 μL sterile Milli-Q to all other wells in the column, and
perform descending dilutions, 10 μL at a time.

4. Using a multichannel pipet, plate all eight wells onto an SDA
plate. Do so twice per organ for redundancy. Allow to dry in
hood then remove after 20 min. Incubate on the benchtop for
48 h before counting.

3.6 Brain Leukocyte

Isolation

To examine the immune response to cryptococcal meningitis, the
brain must be gently digested for high quality cell isolation (see
Note 4). Once cells are isolated and counted, further analysis such
as flow cytometry, culture, or RNA extraction can be performed.

1. Prior to harvest, gentleMACS™ C tubes should be filled with
5 mL digest media and prewarmed to 37 °C.

2. Euthanize and harvest the brain from infected mice as in
Subheading 3.4.

3. Mince brains to a smooth paste with sterile scissors on the side
of the C tube. Slide the brain paste into the C-tube.

4. Insert C tubes into the GentleMacs Dissociator and homoge-
nize using the [m_brain_01.01] manufacturer’s program on
the device.

5. Incubate on a rocker at 37 °C within an incubator for 15 min.

6. Homogenize using GentleMacs Dissociator selecting manufac-
turer’s program [m_brain_02.01].

7. Incubate C tubes at 37 °C for 10 min.

8. Homogenize using m_brain_03.01 on the GentleMacs
Dissociator.

9. Incubate C tubes at 37 °C for 10 min.

10. Centrifuge for 1 min at 200 g to pellet all the digested material.

11. Resuspend the pellet by mixing via pipetting with a P1000
pipette.

12. If analyzing RNA or CFU, remove 100 μL of resuspension for
CFU, and 200 μL for RNA (see Note 5).

13. Centrifuge C tubes for 10 min at 400 g. Decant the superna-
tant into bleach waste.
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14. Resuspend the pellet in 10 mL RPMI media by pipetting up
and down.

15. Filter the suspension through a 70 μM cell strainer. Wash with
5 mL RPMI media.

16. Centrifuge the C tubes for 10 min at 400 g at RTon high brake
setting.

17. Percoll solutions: Prepare Isotonic Percoll by combining
1-part 10× sterile PBS with 9 parts Percoll. Prepare 70% Percoll
by combining 7 parts isotonic Percoll with 3 parts 1× sterile
PBS. Prepare 30% Percoll by combining 3 parts isotonic Percoll
with 7 parts complete media. Fill one 15 mL conical tube with
5 mL of 70% Percoll per mouse.

18. Resuspend the pellet in 5 mL of 30% Percoll by pipetting up
and down.

19. Using a serological pipette on a slow setting, draw the 30%
Percoll cell suspension up and layer it over the 70% Percoll in
the 15 mL conical tube.

20. Layer 2 mL of PBS over the 30% Percoll cell suspension.

21. Centrifuge the 15 mL conical vial for 30 min at 1100 g at RT
on the NO BREAK setting on the centrifuge.

22. Prepare 15 mL conical tubes filled with 10 mL sterile PBS.

23. Once centrifuged, the Percoll gradient will generate a clear
bottom layer (70% Percoll) and a pink top layer (30% Percoll).
Myelin debris will sometimes be seen as “floating islands” at
the very top. The leucocytes will be a cloudy ring at the
interface of the pink and clear bottom layer. Aspirate the myelin
and collect the leukocytes at the indicated interface using a
sterile disposable transfer. Pipet the cells into the 15mL conical
vials prepared in step 21.

24. Centrifuge for 10 min at 400 g. Decant the supernatant.

25. Resuspend the pellet in 10 mL sterile PBS. Centrifuge for
10 min at 400 g.

26. Resuspend cells in PBS for downstream applications.

3.7 Flow Cytometry

Analysis of Brain

Immune Isolates

Leukocytes enriched from the brain, including resident microglia
and infiltrated immune cells, can be analyzed by flow cytometry to
quantify their numbers and phenotypes. For cytokines and chemo-
kines detection, such as IFN-γ, TNF-α, IL17A, and IL-4, a combi-
nation of PMA (a phorbol ester, a protein kinase C activator) and
Ionomycin (a calcium ionophore) can be used to stimulate cells
in vitro with the presence of protein transport inhibitors Monensin
or Brefeldin A Solution during the final hours of the stimulation
protocol.
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3.7.1 In vitro Stimulation

of Brain Immune Cells for

Intracellular Flow

Cytometry (Optional)

This part of the protocol involves the stimulation of cells to detect
intracellular cytokines or chemokines. You can skip this step and go
to Subheading 3.6, step 2 if you are only analyzing surface markers
of immune cells.

1. Prepare plate layout and add 1 million freshly isolated immune
cells (see Note 4) suspended in 200 μL complete medium to
wells of 96-well plate.

2. Add 25 μL 10× 500 ng/mL PMA and 10 μg/mL ionomycin in
complete media to wells and incubate at 37 °C for 2 h.

3. Add 25 μL 10× 50 μg/mL Brefeldin A and 20 nM Monensin
mix in complete media. Incubate at 37 °C for 4 h.

4. After incubation, centrifuge at 400 g for 5 min at 4 °C. Flick off
supernatant.

3.7.2 Surface Staining of

Brain Immune Cells for

Flow Cytometry in 96-Well

Plates

Once the cells have been stimulated, they can now be stained with
antibodies against surface protein markers of interest. Use this part
of protocol to perform surface staining on freshly isolated cells.

1. Prepare plate layout and Ab staining templates, keeping in
mind you will need to add wells for isotype and compensation
controls.

2. Add 1million freshly isolated immune cells into wells of 96 well
V-bottom plate or use stimulated cells from step 4 of Subhead-
ing 3.6, step 1. Keep cells on ice for the entire protocol.

3. Centrifuge the plate at 400 g for 5 min at 4 °C. Flick off
supernatant.

4. Stain with LIVE/DEAD fixable dye: First, mix 0.25 μL LIVE/
DEAD fixable dead cell stain per sample in 100 μL PBS. Next,
add Live/Dead dye solution to cells and incubate in dark for
30 min. Finally, wash samples by adding 100 μL PBS and
centrifuging at 400 g for 5 min at 4 °C.

5. Perform Fc Block: First, mix 2 μL Fc Block (we recommend
TruStain FX, anti-CD16/32) per sample in 50 μL Flow Buffer.
Then, add to cells and incubate on ice for 15 min, protected
from light.

6. Perform extracellular antibody staining: First, add 50 μL o
antibody cocktails directly to Fc blocked samples. Incubate in
the dark for 30 min. Next, add 200 μL Flow Buffer to cells to
wash. Centrifuging at 400 g for 5 min, Flick off supernatant.
Repeat wash for additional 2 times.

7. Fix cells (Optional): Add 200 μL of 2% buffered paraformalde-
hyde, making sure pellets are well suspended with no clumps.
Incubate in dark for at least 15 min. Then centrifuge at 400 g
for 5 min, flick off supernatant. Re-suspend cells in Flow
Buffer.
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3.7.3 Staining for

Intracellular Proteins

Once the cells have been stained with antibodies against surface
markers, you can further stain cells with antibodies against intracel-
lular cytokines such as IFN-γ, TNF-α, IL17A, and IL-4 if cells are
stimulated, or transcriptional factors like Tbet for Th1 cells and
Foxp3 for Treg cells. Staining for intracellular proteins is important
to analyze cell status and their potential functions.

1. Resuspend cells from step 6 of Subheading 3.6, step 2 in
100 μL 2% buffered formaldehyde. Incubate at room tempera-
ture for 30 min in dark (protected from light). For transcrip-
tional factors such as FoxP3 and Tbet detection, use Fixation/
Permeabilization solution from Foxp3/Transcriptional Factor
Staining Buffer Set.

2. Add 100 μL 1× Perm Buffer from Foxp3/Transcriptional Fac-
tor Staining Buffer Set. Centrifuge at 400 g for 5 min, flick off
supernatant.

3. Wash with 200 μL Perm Buffer.

4. Stain cells with intracellular antibody mix in 100 μL Perm
Buffer. Incubate at room temperature for at least 30 min
in dark.

5. Wash with Perm Buffer for three times.

6. Wash with 200 μL PBS.

7. Resuspend in 100 μL 2% formaldehyde for 15 min. [Can skip if
analyzing immediately]

8. Add 100 μL Flow Buffer. Centrifuge at 400 g for 5 min, flick
off supernatant.

9. Resuspend in 200 μL Flow Buffer and run on the cytometer or
store in dark at 4 °C for a short period of time (see Note 6).

4 Notes

1. Retro-orbital injection: A novice operator should receive
enough training for retro-orbital injections. We recommend
novice operators to practice on terminally anesthetized mice
before using this technique in live mice. To avoid vascular
overload, the injection volume should not exceed 200 μL and
the injection should be given slowly. Once the injection is
done, withdraw the needle slowly and smoothly. There should
be little or no bleeding. Another commonly used equivalent
infection route is the tail vein injection and this has been used
by other groups [18, 19]; however, we believe that the tail
injection works slightly less consistently and may result in
higher variability if part of the volume is injected outside of
the vein.
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2. Avoid bias for MCBS scores: To avoid bias, a blinded experi-
ment is recommended where the experimenter does not know
which treatment is given to mice (control versus experimental).
While mice can be assessed for the MCBS at any time, an initial
baseline assessment immediately before infection and then
weekly postinfection will give a good overview of the neuro-
logical changes in mice in this C. neoformans meningoenceph-
alitis model.

3. Transcardial perfusion: Incomplete removal of blood circulat-
ing immune cells will result in a biased view on the actual
amount and phenotypes of the immune cells accumulating in
the fungal infected brain. From experience, the usage of nee-
dles for left ventricle puncture with a flow rate of less than
10 mL/min should perfuse the systemic circulation nicely.
Brain tissue should be a pale to white color, which indicates a
good perfusion.

4. Isolate immune cells from brain: High quality isolation of cells
per brain hemisphere allows reproducible multiparameter flow
cytometry analysis and other applications. Efficient dissociation
of brain tissue that comprises mechanical fragmentation as well
as enzymatic digestion is essential for high quality and yield of
immune cells. Mincing the tissue thoroughly is critical to pro-
vide improved effectiveness of proteases. When homogenizing
the tissues and suspending cells, avoid excessive pressure and
speed for viability. The separation protocol produces reliable
results with about 0.1–0.2 million total cells from uninfected
brains and 0.5–3 million total cells from infected mice depend-
ing on the stage of infections.

5. Additional samples for immunological analysis from brain
digestion: Total brain homogenate or total brain RNA can
also be obtained for quantification of cytokine levels in the
brain and determination of gene expression to get a complete
image of the neurological damage in inflammation. For the
RNA sample preparation, brain tissues should be dispersed in
TRIzol immediately. Samples can be stored at -80 °C.

6. Flow cytometry analysis: Long-term cell storage in formalde-
hyde is not recommended. After fixation, wash and resuspend
cells in flow buffer. For fixed samples, perform the analysis as
soon as possible. If you cannot run your samples immediately,
store the cells in the dark at 4 °C. We recommend performing
the analysis within 48 hrs if you use tandem fluorophores such
as PE-Cy7, APC-Cy7, PerCp-Cy5.5.
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Chapter 6

Mouse Model of Latent Cryptococcal Infection
and Reactivation

Ko Sato and Kazuyoshi Kawakami

Abstract

AbstractCryptococcus neoformans is an opportunistic fungal pathogen that frequently causes fatal meningo-
encephalitis in patients with impaired immune responses. This fungus, an intracellularly growing microbe,
evades host immunity, leading to a latent infection (latent C. neoformans infection: LCNI), and cryptococ-
cal disease is developed by its reactivation when host immunity is suppressed. Elucidation of the patho-
physiology of LCNI is difficult due to the lack of mouse models. Here we show the established methods for
LCNI and reactivation.

Key words Cryptococcus neoformans, Latent infection, Reactivation, Mouse model

1 Introduction

Cryptococcus neoformans, a yeast-type fungal pathogen with thick
capsules, infects the lungs by airborne transmission and causes life-
threatening meningoencephalitis in patients with impaired cell-
mediated immunity such as acquired immunodeficiency syndrome
[1]. The cellular immune mechanism plays a central role in eradi-
cating C. neoformans, which is critically regulated by Th1–Th2
immune balance [1–4]. The Th1-mediated immune response sup-
ports host defense by inducing the production of nitric oxide
(NO), which enhances macrophages’ ability to kill C. neoformans,
and by promoting the formation of granulomas at infection sites,
which prevents the spread of this fungal pathogen to the surround-
ing lung tissues and to the central nervous system (CNS)
[3–7]. The Th2 immune response, in contrast, disturbs host
defense by suppressing macrophages’ killing of this fungus and
granuloma formation [3–5, 8]. The precise role of the Th17-
mediated host defense to cryptococcal infection remains controver-
sial [9–14].
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This fungus resists being killed by macrophages through
(1) melanin synthesis, (2) capsular polysaccharide, (3) vomocytosis,
and (4) titan cell formation, which enables its intracellular growth
within these cells [15–22]. In this way, C. neoformans can evade
host immunity and cause the development of a latent infection and
its reactivation when the host becomes immunocompromised.
Indeed, some clinical cases have suggested reactivation after latent
cryptococcal infection [23–25]. Although analysis using a mouse
model is one of the most effective tools for elucidating the host
defense mechanism of cryptococcal infection, most studies use a
mouse model of primary infection, not of latent infection and
reactivation [5, 7–14, 22, 26–31]. In most primary infection mod-
els, mice die from out of control cryptococcal infection within a few
months after infection. Therefore, in order to establish a latent
C. neoformans infection (LCNI) mouse model, it is necessary to
use rat or mouse strains such as CBA/J and CnT-II that are
resistant to cryptococcal infection or to use attenuated cryptococcal
strains such as Δgcs1, UgCl223, or UgCl552 [14, 16, 32–34].

The criteria for defining LCNI in a mouse model are not
standardized. Normile et al. defined LCNI in a mouse model as
follows: (1) the fungal cells are present in the lung tissue after
infection, (2) the host develops adaptive immunity against yeast
cells and contains it by granuloma, and (3) the host is able to
control the infection during an immunocompetent state [35]. In
addition, Ding et al. developed the following set of criteria to define
latency in a persistent C. neoformans infection model: (1) stable
fungal counts in the lungs throughout the entirety of the infection,
(2) generation of pulmonary granulomas and no alveolar inflam-
mation in the surrounding lung parenchyma, (3) no clinical signs of
disease throughout the entirety of infection (i.e., animals behave
and appear healthy), (4) no weight loss attributable to disease,
(5) serum CrAg (GXM) LFA negative, and (6) no mortality asso-
ciated with disease [34]. In this chapter, we show these established
methods of LCNI and reactivation mouse models [33, 34].

2 Materials

2.1 LCNI Mouse

Model Using Δgcs1
Strain

1. Microorganism: A mutant strain of H99 (C. neoformans var.
grubii, serotype A) lacking glucosylceramide synthase, desig-
nated Δgcs1 (see Note 1). Maintain a stock in 10% glycerol or
10% skim milk at -80 °C.

2. Fungal culture medium: yeast nitrogenous base (YNB)
medium containing 2% glucose, pH 7.2 (see Note 2).

3. Physiological saline.

4. Mouse strain: CBA/J or C57BL/6 female or male mice aged
3–4 weeks (see Note 3).
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5. Anesthetics: ketamine/xylazine mixture (see Note 4). Keta-
mine and xylazine are diluted with saline to 95 mg and 5 mg
per kilogram of mouse body weight, respectively.

2.2 LCNI Mouse

Model Using UgCl223

or UgCl552 Strains

1. Microorganism: Clinically isolated UgCl223 or UgCl552
strain (C. neoformans var. grubii, serotype A) (see Note 1).
Maintain a stock in 10% glycerol or 10% skim milk at -80 °C.

2. Fungal culture medium: yeast peptone dextrose (YPD) broth
(see Note 2).

3. Sterile 1× phosphate-buffered saline (PBS).

4. Mouse strain: C57BL/6 or A/J female or male mice aged
6–8 weeks (see Note 3).

5. Anesthetics: Pentobarbital is diluted with saline to 70 mg per
kilogram of mouse body weight (see Note 4).

2.3 Cryptococcal

Reactivation Mouse

Model Using Δgcs1
Strain

1. FTY720 (fingolimod; Cayman Chemical, MI, USA) (see
Note 5): A stock solution is made by dissolving in organic
solvents such as ethanol, DMSO, and dimethyl formamide,
which should be purged with an inert gas. The solubility in
these solvents is approximately 20 mg/mL. A stock solution is
stored at -80 °C.

2.4 Cryptococcal

Reactivation Mouse

Model Using UgCl223

or UgCl552 Strains

1. Mouse strain: CD4DTR female or male mice aged 6–8 weeks
[36] (see Note 6).

2. Diphtheria toxin.

2.5 Burden Analysis Tissue burden analysis is performed by the general colony forming
unit (CFU) counting method.

1. 1× PBS or distilled water.

2. YNB or YPD agar plate (see Note 2).

3. Stomacher 80 (Seward, United Kingdom) (see Note 7).

2.6 Histological

Analysis

Tissue slides are prepared by standard methods and observed after
hematoxylin and eosin (HE) staining (see Note 8). The required
reagents are briefly described below.

1. 1× PBS.

2. 10% natural buffered formalin. The volume should exceed a 10:
1 ratio of fixative to tissue.

3. Ethanol.

4. Xylene (or chloroform).

5. Paraffin.
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6. Automatic tissue processor.

7. Microtome.

8. Hematoxylin.

9. Eosin.

3 Methods

3.1 Preparation of

the Fungus

1. Grow 104 to 107 cells/mL C. neoformans Δgcs1, UgCl223, or
UgCl552 in 10 mL fungal culture medium for 16–18 h at
30 °C with or without 225 rpm before experiments (see
Notes 1 and 2).

2. Collect and wash the yeast cells three times in physiological
saline or sterile 1× PBS under centrifugal conditions at
1600–1800 × g for 5 min at 4 °C.

3. After the final wash, count the yeast cells on a hemocytometer
after proper dilution and resuspend them at 2.5 × 106 cells/mL
for Δgcs1 and 2 × 103 cells/mL for UgCl223 and UgCl552 in
physiological saline or sterile 1× PBS.

3.2 Infection

Procedure

1. Anesthetize the mice with an intraperitoneal injection of 60 Ml
ketamine/xylazine mixture containing 95 mg ketamine and
5 mg xylazine per kilogram of body weight, respectively, or
70 mg pentobarbital per kilogram of body weight (see Notes 3
and 4). Ensure that the mice are fully anesthetized. (i.e., no
longer respond to a toe pinch).

2. Infect the mice intranasally with 5 × 105 cells/20 μL of C. neo-
formans Δgcs1 or 1 × 102 cells in 50 μL of C. neoformans
UgCl223 or UgCl552 (see Note 9). The method of infection
is described in detail in Chapters 11 and 14. Briefly, the mouse
ismanually held by gripping the neck skin using the thumb and
forefinger, and the tail between the little finger and the palm.
The mouse is held in a supine position with the head elevated.
The end of the micropipette is placed at or in the external nares,
and then the solution is poured in slowly.

3.3 Monitoring and

Confirmation of LCNI

1. Feed and water the mice ad libitum and monitor them twice a
day for discomfort and signs of disease. Endpoint criteria are
defined as moribund appearance, significant weight loss (>20%
of the vehicle-treated control), and/or obvious decrease in
body temperature (<31 °C).

2. A few months after infection, check if the mice meet the criteria
to define LCNI in the mouse model by the method described
in Subheadings 3.3.1 and 3.3.2. Latent infection may also
be confirmed using the serum cryptococcal antigen test
(see Note 10).
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3.3.1 Analysis of Fungal

Burden

Tissue burden analysis is performed by the general CFU counting
method.

1. Euthanize the mice at the appropriate time point. If you want
to avoid blood contamination, perform blood removal or per-
fusion. Blood perfusion is performed by injecting 3 mL of cold
physiological saline into the right ventricle (see Note 11).

2. Collect the organs in the appropriate amount of cold sterile 1×
PBS or distilled water (e.g., 2–10 mL for the lungs and 1–2 mL
for the brains). Option: By measuring the weight of collected
organ, the fungal burden corrected by the tissue weight can be
calculated. The calculated value per gram organ is useful for
comparing fungal burden between tissues.

3. Homogenize the tissues using Stomacher 80 for 2 min at high
speed (see Note 7). Option: By storing the supernatant of
homogenate at -80 °C, it can be used for other analysis such
as cytokine measurement.

4. Dilute the homogenized sample at multiple tenfolds with dis-
tilled water (dilution of approximately 101–106) and inoculate
at 100 μL onto YPD agar plates (see Note 2). Determine the
dilution ratio with reference to the Expected results section.

5. Culture the inoculated plates for 48–72 h at 30 °C.

6. Identify and count the plates containing 30–250 colonies.

7. Calculate the total number of CFUs per organ by adjusting for
the final volume of the homogenate and the associated dilution
factor.

3.3.2 Histological

Analysis

Since HE-stained tissue slides are prepared by a general method,
the preparation method is briefly described here.

1. Euthanize the mice at the appropriate time point.

2. Remove and thoroughly wash the lungs with 1× PBS.

3. Fixation: fix the lungs in 10 mL of 10% natural buffered forma-
lin for 6–72 h as soon as possible after removal of the tissues.
After fixation, gross the tissue if necessary.

4. Tissue processing: dehydrate, clear, and infiltrate the tissues
with paraffin. These processes are almost always automated by
an automatic tissue processor as follows:

4.1. Dehydration: This is usually done with a series of alcohols,
70% to 95% to 100%. Sometimes the first step is a mixture
of formalin and alcohol.

4.2. Clearing: Remove the dehydrant with xylene that will be
miscible with the paraffin.

4.3. Infiltration with paraffin: Infiltrate the tissues with
paraffin.
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5. Embedding: Make the block of paraffin by pouring molten
paraffin over the processed tissues.

6. Sectioning: Cut the embedded tissue into 3–10 μM sections
using a microtome and place the sections on a slide.

7. Deparaffinizing: Deparaffinize the tissue slides by running
them through xylenes to alcohols to water.

8. Stain the tissue slides by HE staining (see Note 8).

9. Observe the tissue slides under a light microscope.

3.4 Reactivation of

LCNI

1. Treat the mice with a daily gavage administration of 1 mg
FTY720 per kilogram of body weight during the LCNI phase
(seeNote 10). If you need vehicle-treated control mice, admin-
ister deionized water alone.3.4.1 Cryptococcal

Reactivation Mouse Model

Using Δgcs1 Strain

3.4.2 Cryptococcal

Reactivation Mouse Model

Using UgCl223 or UgCl552

Strains

1. Treat the CD4DTR mice with an initial intraperitoneal injection
of 1 μg diphtheria toxin and an additional 200 ng/100 mL
diphtheria toxin every 4 days during the LCNI phase (see
Note 10).

3.5 Expected Results The criteria to define LCNI in the mouse model are as follows:

1. Stable fungal counts in the lungs. For the LCNI mouse model,
confirm that the fungus can be detected in the lungs and the
infection is controlled. For the cryptococcal reactivation mouse
model, confirm that the fungal burden is increasing compared
with control mice.

2. Generation of pulmonary granulomas and no alveolar inflam-
mation in the surrounding lung parenchyma. For the LCNI
mouse model, confirm that the granuloma containing the fun-
gus can be detected in the lungs (Fig. 1A). Granulomas are
mainly formed by fungal cells surrounded by macrophages,
fibroblasts, and lymphocytes (Fig. 1a, c). Occasionally, multi-
nucleated giant cells and phagocytosed fungi are observed in
granulomas (Fig. 1b). If you want to observe these cells in
more detail, other staining is effective (see Note 8). For the
cryptococcal reactivation mouse model, confirm that granu-
loma disintegration can be detected. The mouse model using
FTY720 showed a reversal in the layers of granuloma structure,
as macrophages were found in a thick layer outside of the
fibrotic ring of fibroblasts [33].

3. No clinical signs, no weight loss, and no mortality associated
with disease.

4. With or without extrapulmonary dissemination.

5. Option: serum cryptococcal antigen negative.

Table 1 shows the summary of established LCNI mouse
models.



Fig. 1 Pulmonary histological findings after infection with C. neoformans. CnT-II mice were infected
intratracheally with C. neoformans B3501 strain. Lung sections were stained with HE or PAS and observed
under a light microscope. Original magnifications: ×40 (a) and ×400 (b). Black and white arrows show
multinucleated giant cells and yeast cells, respectively. Dashed and solid line denotes the border of the
granuloma and multinucleated giant cells, respectively. (c) Morphological image of granuloma against
cryptococcal infection
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Table 1
Established conditions and expected results for each LCNI mouse model

C. neoformans strain gcs1 UgCl223 UgCl552 B3501

Mouse strain CBA/J
or C57BL/6

C57BL/6
or A/J

C57BL/6
or A/J

CnT-II

Number of infected fungi
(cells/mouse)

5 × 105 1 × 102 1 × 102 1 × 106

Anesthetics Ketamine/
xylazine

Pentobarbital Pentobarbital Midazolam/
Medetomidine/
Pentobarbital

Route of infection i.n. i.n. i.n. i.t.

Stable fungal count
in the lung

Yes Yes Yes Yes

Lung CFUs (CFUs/mouse) 102 ~ 107

(80 dpi)
105 ~ 106

(70 dpi)
105 ~ 106

(70 dpi)
102 ~ 103

(90 dpi)

Pulmonary granuloma Yes Yes Yes Yes

Predominantly normal lung
parenchyma

Yes Yes Yes Yes

Clinical signs No No No No

Weight loss No No No No

Mortality associated with disease No No No No

Survival period >90 days >70 days >90 days >90 days

Extrapulmonary dissemination Yes Yes Yes No

Serum cryptococcal antigen ND Low ND ND

Reactivation of LCNI Yes Yes ND ND

Mouse model FTY720
treatment

CD4DTR mice –

Lung CFU (CFU/mouse) 106 ~ 108 107 ~ 109 –

References [33 [34 [34] Unpublished data

i.n. intranasal, i.t. intratracheal, dpi days post infection, ND not done

4 Notes

1. In this chapter, we describe the published LCNI mouse models
using C. neoformans Δgcs1, UgCl223, and UgCl552 strains
[33, 34]. These strains could be replaced with other suitable
attenuated C. neoformans strains. If using a new strain, initial
robust testing against the criteria to define LCNI might be
necessary. Δgcs1 can grow at a neutral/alkaline pH in the
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presence of atmospheric CO2 concentration, but not in the
presence of 5% CO2 [38].

2. Fungal culture medium could be replaced with another suitable
medium such as Sabouraud dextrose agar or potato dextrose
agar. If the medium is changed, the culture time might change.

3. The methods using CBA/J, A/J, and C57BL/6 mice are
published as established LCNI mouse models. These mice
could be replaced with other suitable mouse strains, although
adaptations might be necessary.

4. Anesthetics could be replaced with another suitable anesthetic
such as 0.3 mg/kg midazolam, 0.02 mg/kg medetomidine
hydrochloride, or 15 mg/kg pentobarbital [30]. Avoid using
kappa opioid receptor agonists such as butorphanol due to
their anti-inflammatory effects [38].

5. An established cryptococcal reactivation mouse model by the
administration of reagents has only been reported for FTY720.
Risk factors for clinical cryptococcal infections are primarily
acquired immune deficiency syndrome, diabetes mellitus,
hematologic disease, collagen disease, and corticosteroid
administration [39]. FTY720 could be replaced with another
suitable compound such as steroid, which suppresses the
immune response, or streptozotocin, which induces diabetes
mellitus, although adaptations might be necessary.

6. CD8 off-target depletion was previously noted in CD4DTR

mice. In addition to the method using CD4DTR mice, there is
also a method using anti-CD4 monoclonal antibody as a
method for depleting CD4+ T cells [34]. However, only partial
depletion might be achieved for CD4+ T cells in the lungs.

7. Stomacher 80 could be replaced with another suitable homog-
enizer. If you do not have a homogenizer, you can use a
stainless-steel mesh to tease the tissue.

8. In addition to HE staining, period acid–Schiff (PAS), mucicar-
mine, Verhoeff–Van Gieson (VVG), Elastica Masson
(EM) staining, and immunostaining are suitable for histologi-
cal analysis of this model. PAS and mucicarmine staining can
stain the polysaccharides of the yeast cells, making it easier to
observe the fungus. VVG and EM staining can stain the colla-
gen and elastin deposited fibroblasts to observe the border of
granulomas.

9. Intranasal (i.n.) infection could be replaced with
intratracheal (i.t.) infection. i.n. infection is an easy way for
the inoculum to be applied to the nares of the mouse and
respired through the nasal passage into the lungs. However,
the majority of the inoculum remains within the nasal passages
or is removed through the gastrointestinal tract [40]. In
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addition, this route of infection often results in high rates of
infections of CNS in mice [40]. In contrast, although it is
slightly complicated, i.t. infection has the advantages of being
able to introduce a known quantity of sample directly into the
lungs and to avoid potential CNS infection.

10. The latex agglutination test and lateral flow assay (LFA) are
usually used for detection of serum cryptococcal antigen. Ser-
odirect Cryptococcus (Eiken, Tokyo, Japan), Pastorex Crypto
Plus (Bio-Rad, Marne-la-Coquette, France), and CrAg LFA
(IMMY, Norman, OK, USA) are available on a commercial
basis.

11. The procedure for blood perfusion is as follows: 1) open the
mouse chest and expose the heart and lung. Take care not to
injure the lung. 2) Perfuse the lung to remove blood by punc-
turing the right ventricle of the heart with a 26G needle
connected to a 10 ml syringe contained 3 ml of cold physio-
logical saline. Slowly inject the saline until the lung tissue
becomes white.

12. FTY720 is also effective when administered to mice with drink-
ing water containing FTY720. In this case, allow the mice to
drink ad libitum fresh water with 10.5 μg/mL FTY720 daily.
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Chapter 7

Adoptive Transfer of Cryptococcus neoformans-Specific
CD4 T-Cells to Study Anti-fungal Lymphocyte Responses
In Vivo

Man Shun Fu, Kazuyoshi Kawakami, and Rebecca A. Drummond

Abstract

CD4 T-cells are important for long-term control and clearance of several fungal infections in humans,
particularly those caused by Cryptococcus species. Understanding the mechanisms underlying protective
T-cell immunity against fungal infection is critical for developing mechanistic insights into the pathogenesis
of the disease. Here, we describe a protocol that enables analysis of fungal-specific CD4 T-cell responses
in vivo, using adoptive transfer of fungal-specific T-cell receptor (TCR) transgenic CD4 T-cells. While the
protocol here uses a TCR transgenic model reactive to peptide deriving from Cryptococcus neoformans, this
method could be adapted to other fungal infection experimental settings.

Key words Adoptive transfer, TCR transgenic T-cell, CD4 T-cell, Cryptococcus neoformans

1 Introduction

Invasive fungal infections are systemic, life-threatening infections
with excessive morbidity and mortality in immunocompromised
patients and responsible for around 1.5 million deaths each year
[1]. Although the first line of defense against fungal infection is
innate immunity, the coordination between innate and adaptive
immune systems is required to successfully eliminate the fungal
pathogens and promote long-lived immunological memory
[2]. Protective antifungal adaptive immunity involves CD4 T-cells
that generate IFNγ and/or IL-17 to give best protection from
invasive fungal infection because these cytokines promote effective
killing by innate effector cells. However, adaptive immunity against
fungi is only partially understood. In particular, most studies to
date have focused on global T-cell responses and have not analyzed
the fungal-specific population due to a lack of appropriate tools
within the medical mycology field.
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In this protocol, we describe the use of T-cell receptor (TCR)
transgenic T-cells that specifically react to cryptococcal antigen to
describe how adoptive transfer of antigen-specific T-cells can be
applied to study the antifungal T-cell response [3]. Adoptive trans-
fer is a method where T-cells of interest from a transgenic donor
animal are injected into study animals (recipient) to increase the
frequency of antigen-specific T-cells and track their function
and/or behavior during infection or antigen challenge. T-cell
receptor (TCR)-transgenic T-cells uniformly express a TCR specific
for a known antigen. Adoptive transfer of TCR-transgenic T-cells is
a powerful system for monitoring the response and fate of antigen-
specific T-cells in vivo including their proliferation, activation, dif-
ferentiation, and cytokine production. One of the benefits of doing
the adoptive transfer is the possibility to study the impact of recipi-
ent genetic background on T-cell responses by adoptive transfer
into mice with specific gene deficiency.

Recent research by the Kawakami group led to the generation
of a TCR transgenic mouse (CnT. II) that is reactive to
C. neoformans chitin deactylase 2 (Cda2), the major antigen-
stimulating anti-cryptococcal CD4 T-cell responses [3]. By using
CnT. II mice, the group showed that IL-17 is able to suppress
protective Th1 differentiation of C. neoformans-specific CD4
T-cells in the lung. Other fungal-specific TCR transgenic mice
have been generated to enable in vivo study of fungal-specific
CD4 T-cell activation and differentiation. For example, the Pamer
group generated Aspergillus-specific CD4 TCR transgenic mice
and used these to demonstrate that activation of A. fumigatus-
specific T-cells is dependent on MyD88- and TLR-meditated sig-
naling during respiratory Aspergillus infection [4]. Candida-spe-
cific TCR transgenic mice have been used to investigate the roles of
different subsets of dendritic cells on antigen presentation and
Th17 priming in the infected oral mucosa [5]. If TCR transgenic
models specific for particular fungal antigens are unavailable, TCR
transgenic T-cells against model antigens can be used with engi-
neered fungi which express these antigens. For example,C. albicans
strain Calb-Ag expresses ovalbumin and I-Eα peptides, which have
enabled the use of transgenic OT. I/II and TEα TCR transgenic
adoptive transfer models [6, 7].

The first step for adoptive transfer is to obtain lymphoid organs
(e.g., lymph nodes (LNs) and spleens) from transgenic donor mice
(Fig. 1). LNs and spleens are selected because they have higher
frequency of CD4 T-cells and are easier starting material for cell
isolations compared to other organs. Next, isolation of CD4 T-cells
from cell suspension of LNs and spleens is performed by magnetic
cell separation. Once purified CD4 T-cells are obtained, it can be
transferred to congenic recipients followed by fungal infection.
After the fungal infection, those fungal-specific CD4 T-cells can
then be identified by congenic markers and multiple functional
parameters analyzed using flow cytometry.
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Harvest lymph nodes 
and spleen
(method 3.1)

TCR transgenic donor

Single cell suspension
(method 3.2)

CD4 isolation by 
magnetic sorting
(method 3.3-3.5)

Purified 
CD4 T-cell

Inject CD4 T-cell into 
recipient mouse 
(method 3.6)

Fungal infection
(method 3.6)

Cell preparation from 
tissues 
(method 3.7)

Flow cytometry analysis

WT Recipient

Fig. 1 Overview of experimental steps. First, lymphoid organs such as lymph
nodes and spleen are isolated from donor mice with TCR-transgenic CD4 T-cells.
Single cell suspension is then prepared from the tissues. After that, CD4 T-cells
are isolated from cell suspensions using magnetic cell separation method.
Purified CD4 T-cells from donor are then injected into WT recipient mice. At
least 1 day after, recipients can be infected with fungi, and the responses of
fungal-specific CD4 T-cells (e.g., cell proliferation or cell activation) from desired
organs can be analyzed by flow cytometry

2 Materials

2.1 Animals 1. Donor mice (see Notes 1 and 2).

2. Recipient mice (see Notes 1 and 2).
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2.2 Tissue

Preparation (see

Note 3)

1. 70% ethanol.

2. 2 mM EDTA in PBS. Store at room temperature.

3. Complete RPMI: RPMI supplemented with 10% FBS, 1%
penicillin-streptomycin.

4. Digest buffer: RPMI supplemented with 10% FBS, 1%
penicillin-streptomycin, 1 mg/mL collagenase, 1 mg/mL dis-
pase, and 40 μg/mL DNAse. Use fresh or store aliquots at -
20 °C.

5. Red blood cell lysing solution (BD Pharm Lyse): Prepare 1×
solution according tomanufacturer’s instructions. Store at 4 °C.

6. FACS buffer: PBS supplemented with 1% BSA and 2 mM
EDTA. Store at 4 °C.

7. 100% Percoll (1.130 g/mL density): 9 parts of Percoll from the
bottle and 1 part of 10× PBS. Adding PBS is to create an
isotonic Percoll solution.

8. 70% Percoll: 7 parts of 100% Percoll (see above) with 3 parts of
1× PBS.

9. Dissection instruments including forceps and scissors.

10. 25G needles (for perfusion) and 21G needles (for preparation
of lung).

11. 1mL syringe (for mashing LNs and spleens) and 20mL syringe
(for mashing brain).

12. 40 μM, 70 μM, and 100 μM strainers.

2.3 CD4 Isolation 1. CD4+ T-cell Isolation Kit, mouse (we recommend and use the
MACS Miltenyi Kit).

2. LS column (MACS Miltenyi).

3. MACS Separator (MACS Miltenyi).

4. Separation buffer: 0.5% bovine serum albumin (BSA) and
2 mM EDTA in PBS pH 7.2.

5. Trypan blue solution for cell counting.

6. Hemocytometer.

7. CFSE (or similar) proliferation dye (see Note 4).

8. PBS supplemented with 10% BSA.

2.4 Infection 1. Animal restrainer for intravenous injections.

2. Heat lamp.

3. 25G needles and 1 mL syringe.

4. Fungal inoculum.
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3 Methods

3.1 Isolation of

Lymph Nodes and

Spleens from Donor

Mice

The lymphoid organs which have high frequency of CD4 T-cells are
harvested from donor mice. In order to keep the organs sterilized,
all the procedures are performed in a tissue culture hood. Mice
dissection tools and incision area are sterilized with 70% ethanol.
Organs should be kept on ice or refrigerated at all times.

1. Humanely euthanize donor animals using procedures
approved in the animal license and by the institutional ethic
committee.

2. Turn the mouse to ventral side and stabilize their limbs with
pins to the dissection board. Spray 70% ethanol on the fur of
mouse.

3. Cut the skin with scissors from urethral opening up to chin
area. Avoid cutting into the lining of the peritoneal wall.

4. Pull back the skin and pin it on the dissection broad to allow
access lymph nodes.

5. Remove all major lymph nodes (LNs; inguinal, auxiliary, bra-
chial, mesenteric, and cervical) and spleens.

(a) Remove two inguinal lymph nodes at the conjunction of
the three blood vessels under the skin near the hip region.

(b) Remove two brachial lymph nodes at the connective tis-
sues near axilla.

(c) Remove two axillary lymph nodes behind the pectoral
muscles near axilla.

(d) Remove six cervical lymph nodes at the neck.

(e) For dissection of the mesenteric LN (mLN), cut open the
lining of the peritoneal wall and take out the intestines. A
string of 4–8 nodes can be found at the connective tissue
that holds the intestines together.

(f) Remove the spleen behind the stomach and intestines.

6. Pool all the LNs together and place them in 10 mL ice-cold
RPMI. Pool and store spleens in same way but keep separate
from LNs.

3.2 Preparation of

Single Cell Suspension

from Donor Lymphoid

Organs

All the following procedures are performed in a tissue culture hood.
Cells are kept on ice/cold wherever possible.

1. Place LNs onto a 70 μM filter sitting in a well of 6-well plate.
Using the end of a plunger from a sterile syringe, gently smash
the organs through the filter. Wash the filter with 5 mL com-
plete RPMI. Discard filter.

2. Repeat step 1 with spleens using a fresh filter.
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3. Place a clean 40 μM filter over a 50 mL centrifuge tube. Pass
the cell suspensions through the filter. Place the suspension
on ice.

4. Centrifuge suspensions at 400 × g for 5 min at 4 °C.

5. For LNs, discard supernatants and resuspend cell pellet in
5–10 mL complete RPMI.

6. For spleen, treat with lysing solution (BD Pharm Lyse) to lyse
red blood cells.

(a) Add 1 mL of 1× lysing solution.

(b) Gently shake immediately after adding the lysing solution.

(c) Incubate at room temperature for 2 min.

(d) Add 5 mL of 2 mM EDTA/PBS.

(e) Centrifuge suspensions at 400 × g for 5 min at 4 °C.

(f) Discard supernatants and resuspend cell pellet in 5–10mL
complete RPMI.

(g) Pass suspensions through a 70 μM filter.

7. Count cells in 1:20 dilution using trypan blue exclusion and a
hemocytometer.

8. Centrifuge suspensions at 400 × g for 5 min at 4 °C.

3.3 CD4 T-cell

Isolation

CD4 T-cells are isolated from single cell suspension using
magnetic-based separation method with a cocktail of biotin-
conjugated antibodies against non-CD4 T-cells, anti-biotin mag-
netic beads, and magnet. The magnetically labeled non-CD4
T-cells are depleted by retaining them on column in the magnetic
field while unlabeled CD4 T-cells pass through the column.

1. Resuspend cell pellet in 40 μL of separation buffer per 10 × 106

cells.

2. Add 10 μL of Biotin-Antibody Cocktail per 10 × 106 cells.

3. Mix well and incubate for 5 min at 4 °C.

4. Add 30 μL of buffer per 10 × 106 cells.

5. Add 20 μL of Anti-Biotin MicroBeads per 10 × 106 cells.

6. Mix well and incubate for 10 min at 4 °C.

7. Place LS column in the magnetic field of a suitable MACS
Separator.

8. Prepare column by rinsing with 3 mL of buffer.

9. Apply cell suspension onto the column. Collect flow through
containing unlabeled cells, representing the enriched CD4
T-cells.

10. Wash column with 3 mL of buffer. Collect unlabeled cells that
pass through, representing the enriched CD4 T-cells, and
combine with the effluent from step 9.
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11. Count cells in 1:20 dilution using trypan blue exclusion and a
hemocytometer (see Note 5).

12. If both LNs and spleen suspensions have purified well, com-
bine both suspensions and centrifuge suspensions at 400 × g
for 5 min at 4 °C.

13. Wash the cells twice in PBS using twice the volume of your
suspension.

14. Resuspend the cells at 10–50 × 106 cells/mL in PBS.

3.4 Proliferation Dye

Staining

Purified cells can be stained with a proliferation dye (e.g., CFSE)
prior to the cell transfer for analyzing their cell division in recipient
animal. We have provided the protocol for CFSE here, but other
dyes may be used (e.g., CellTrace).

1. Add equal volume of PBS containing 10 μM CFSE or other
proliferation dyes and leave cells on rotation at room tempera-
ture for 5–8 min.

2. Immediately add the equal volume of 1× PBS/10% FCS to
quench the reaction.

3. Leave to rest for 1 min at room temperature.

4. Centrifuge the cells at 400 × g for 5 min at 4 °C.

5. Wash cells twice in 1×PBS/10% FCS to quench reaction and
remove unreacted proliferation dye.

6. Following washing, resuspend cells in 1–2 mL PBS.

7. Count cells in 1:20 dilution using trypan blue exclusion and a
hemocytometer.

8. Adjust the concentration of cells to 5 × 107 cells/mL in PBS.

3.5 Check of the

Purity of CD4 T-Cells

and the Staining of

Proliferation Dye

1. Take 2 μL of the purified cells and add to a FACS tube. Add
200 μL PBS.

2. For control, add 5 μL of unlabeled, impurified suspension. Add
200 μL PBS.

3. Add 1 μL fluorophore-conjugated CD4 antibody to each tube.

4. Acquire samples on a multicolor flow cytometer.

5. Use unlabeled cells to set the gating for excluding out the cell
debris in the plot of FSC and SSC.

6. Set a gate over CD4+ and positive for proliferation dye.

7. Acquire a few thousand events for each sample.

8. Determine approximate percentage (see Note 6).
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3.6 Transfer and

Infection

1. Warm the cells to room temperature.

2. Inject 100 μL of cells (5 × 106 cells) to each recipient mice
intraperitoneally using a large gauge needle (minimum 25G).

3. Place the animal back into its cage and monitor for any com-
plications for 5–10 min after the injection.

4. Infect mice with fungal species of interest approximately 24 h
after adoptive transfer according to infection route and dose
needed for the experiment (see Note 7).

3.7 Tissue

Preparation: Analysis

At the chosen time point for analysis, recipient animals are
euthanized and organs of interest are processed to analyze the
transferred T-cells by flow cytometry. Here we give protocols to
isolate leukocytes from lung and brain. Leukocytes can be isolated
from spleen and LNs using protocol outlined in Subheadings 3.1
and 3.2.

3.7.1 Digestion and

Preparation of Brain

1. Humanely euthanize donor animals using procedures
approved in the animal license and your institutions’ ethics
committee.

2. Perfuse animal with PBS to remove peripheral blood. Open up
the abdomen of the animal and cut the iliac blood vessel at the
right. Cut the diaphragm cut open to expose the chest walls.
Open thorax by a midline incision to expose the heart. Inject
5 mL PBS into heart using 25G needle slowly.

3. To remove the brain, spray head of animal with 70% ethanol
and cut scalp away to expose the skull. Cut the head off by
steady the head with forceps on griping the animal snout and
cut where the spine joins. Cut the skull opened along the
longitudinal fissure and between the eyes. Expose the brain
by gently peeling the skull. Place the brain by using forceps
into 1 mL PBS on ice.

4. Place the brain with PBS onto a sterile petri dish. Use the end
of a 20 mL syringe plunger (the flat plastic end) to gently mash
the brain into a paste.

5. Transfer the brain paste to a 15 mL centrifuge tube containing
6 mL FACS buffer (cut the end of a 1 mL tip to make it easier
to pipette up the brain paste).

6. Add 3 mL of 100% Percoll to the brain suspension. Gently
invert the tube 2–3 times to mix (the brain suspension is now in
30% Percoll).

7. Underlay the 30% Percoll/brain solution with 1.5 mL 70%
Percoll using transfer pipette.

(a) Pipette 2 mL of 70% Percoll with a transfer pipette and
drop it to the bottom of the centrifuge tube. Gently
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release the 70% Percoll. Two layers with top 30% Percoll/
brain suspension and bottom clear 70% Percoll can be
seen. Continue until the clear 70% Percoll reaches the
1.5 mL mark.

8. Centrifuge the Percoll gradients at 1100 × g for 30 min, at 4 °C
with the brake off.

9. After centrifugation is completed, remove the cells (as white
band) at the 70/30 interphase with a transfer pipette by suck-
ing from top to bottom within the interphase and add to 5 mL
FACS buffer in 15 mL tube.

10. Centrifuge the tubes at 400 × g for 5 min, at 4 °C.

11. Remove supernatants and resuspend cells in 200 μl PBS.
12. Pass the samples through a 100 μM cell strainer to FACS tubes

for staining.

3.7.2 Digestion and

Preparation of Lung

1. Euthanize animals and perfuse as above.

2. Surgically remove all the lobes of lung from the chest using
forceps and scissors.

3. Mince the lobes with scalpel.

4. Place minced lobes in 4 mL digest buffer in 15 mL tube. Mix
by shaking the tube.

5. Incubate the samples at 37 °C with continues shaking or shak-
ing every 10 min for 30–60 min until there are no more large
chunks of tissue remaining.

6. Pour the sample to a 20 mL syringe with needle and pass the
sample through the 21G needle.

7. Pass the samples through a 100 μM cell strainer to 50 mL
centrifuge tube.

8. Wash the cell strainer with 4 mL FACS buffer.

9. Centrifuge at 400 × g for 5 min at 4 °C.

10. Discard supernatant.

11. Add 1 mL of 1× BD Pharm Lyse.

12. Mix by invert the tubes several times.

13. Incubate RT for 2 min.

14. Add 5 mL of 2 mM EDTA in PBS.

15. Centrifuge the sample at 400 × g for 5 min at 4 °C.

16. Wash 5 mL PBS.

17. Centrifuge the sample at 400 × g for 5 min at 4 °C.

18. Remove supernatant and resuspend cells in 200 μL PBS.

19. Pass the samples through a 100 μM cell strainer to FACS tubes
for staining.
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3.8 Flow Cytometry

Analysis

1. Add live/dead viability dye to each sample. Incubate and stain
as per manufacturer’s instructions.

2. Perform blockade of Fc receptors using anti-mouse CD16/32
(Fc-Block) in FACS buffer. Add Fc-Block to a final concentra-
tion of 5 μg/mL to samples and incubate for 15 min on ice.

3. Make up a fluorophore-conjugated antibody cocktail contain-
ing anti-CD45, anti-CD45.1 or anti-CD45.2 (congenic
marker to identify donor cells), anti-CD4, anti-CD44 and/or
anti-CD69 (activation makers), anti-CD62L, and anti CD127
(memory cell markers to identify naı̈ve, effector, and memory
T-cell subsets). Intracellular staining for cytokines and tran-
scription factors can be additionally completed if information
on T-cell differentiation and functional phenotype is required.

4. Add antibody cocktail to your samples and incubate for 15 min
to 2 h on ice.

5. Wash samples by adding 1 mL FACS buffer to each sample and
centrifuging at 400 × g for 5 min at 4 °C.

6. Acquire samples on a multicolor flow cytometer.

7. Gate out the cell debris, doublets and CD45- cells (seeNote 2,
Figs. 2 and 3).

Fig. 2 Gating strategy for fungal specific CD4 T-cells from donor. Example shown is a spleen from a
Cryptococcus neoformans infected WT animal transferred with 5 × 106 CnT. II T-cells at day 7 post-IV infection



T-Cell Adoptive Transfer in Fungal Infection 109

Fig. 3 Results of a test on transferring different doses of CD4 T-cells at 4- and 7-days post-IV infection. Plots
shown are the proliferation of the fungal specific CD4 T-cells (follow gating strategy in Fig. 2). The discrete
peaks represent successive generations (indicated in pink area). The undivided cell populations are indicated
in grey area

4 Notes

1. Donor and recipient animals. This experiment requires animals
that act as “donors” and “recipients.” It is best to use only one
sex and matched genetic background to avoid potential pro-
blems caused by immune reactivity. However, in order to dis-
tinguish the adoptive transferred cells from those of the
recipients, congenic mice should be used. For example,
CD45.1 and CD45.2 C57BL/6, which obtain allelic variants
of the pan-hematopoietic cell marker CD45, are commonly
used for adoptive transfer (and used in this protocol). The
variant of donor mouse line can be checked by staining with
CD45.1 or CD45.2 antibody, then recipients with opposing
marker but same genetic background can be used.



110 Man Shun Fu et al.

2. Optimal number of T-cell for adoptive transfer. The numbers of
donors used are based on the numbers of recipients used in the
experiment. One donor normally will provide approximately
30–60 × 106 CD4 T-cells. In this protocol, the number of
T-cell for transferring to the recipient mice is 5 × 106 cells in
a volume of 100 μL. Therefore, one donor should be enough
for injecting T-cells into four to eight recipients. Transferring
lower numbers of donor T-cells may be tried. However, we
have tested that injection of 1 × 106 T-cells might be too low to
give enough tested T-cell for further analysis (at least during
systemic cryptococcal infection model) while injection of
5 × 106 T-cells gives a better resolution (Fig. 3). Therefore,
testing the dose of T-cell for adoptive transfer is important for
each new infection model and experimental time point that is
to be tested.

3. Maintaining high yields of donor T-cells. To have a high yield of
T-cell for adoptive transfer, maintaining the viability of the cells
is crucial. Storage conditions and chemical or biological treat-
ments can affect the cell viability. Organs and cells should be
stored on ice or refrigerator all the time. Single cell preparation
should be prepared as soon as the lymphoid organs are isolated
frommice. High speed centrifugation should be avoided. Incu-
bating the sample with red blood cell lysing solution should not
be longer than 5 min on ice or 2 min at room temperature.
Otherwise, the lysing solution may have negative impact on
other cells and affect their viability.

4. Proliferation dye staining. Staining cell with proliferation dye
can be performed depending on research aim to monitor
in vivo T-cell division. However, most of the proliferation
dyes are toxic, so the incubation time and concentration have
to be carefully titrated. For example, the timing of the CFSE
staining should be 5–8 min, and the concentration of CFSE
should not be above 10 μM. Extended incubation periods
and/or exceeding the recommended maximum concentration
of the dye will inhibit the proliferation or reduce viability.
However, low concentration of proliferation dyes will give
lower resolution because of the low signal-to-noise ratio.
Therefore, we recommend to test the optimal concentration
with specific flow cytometer setup. In addition to the points
mentioned above, the fluorescent proliferation dyes are light
sensitive, so the samples should be kept in dark during and after
staining.

5. Expected T-cell number isolated from spleen and LN. Approxi-
mately 100 × 106 cells should be expected from spleen (per
animal) and 50–100 × 106 cells should be expected from LNs
(per animal), depending on age/sex. In general, 20–30 × 106

CD4 T-cells can be isolated from 100 × 106 lymphocytes. The
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frequency of CD4 T-cells is normally much higher in the LNs
than it is in the spleen, so it is better to try and obtain majority
of your CD4 T-cells from LN suspension and supplement with
those from spleen. Therefore, it is recommended to purify CD4
T-cells from the suspensions of LNs and spleen separately and
pool them together following the isolation.

6. Magnetic cell separation. Sorting out the CD4 T-cells can be
done by other techniques e.g. fluorescence-activated cell sort-
ing (FACS), but its high-pressure flow could induce cellular
stress and affect cell viability, and this method is generally more
expensive and time-consuming. The method of magnetic cell
separation is less time-consuming and also yields pure popula-
tion of viable cells.

There are two main strategies of magnetic cell separation:
positive and negative cell selection. Negative selection is the
strategy we used in this protocol, while positive selection can be
achieved by labeling the desired cells directly with magnetic
bead conjugated antibodies. We suggest negative selection for
this protocol because the binding of cell surface antigen could
potentially cause unwanted intracellular signaling and thus
could change cell behavior.

We describe the method using the separation kits available
from Miltenyi, but other kits are also available. In all cases,
trouble-shooting may be required to optimize the kit used to
gain the maximum number of CD4 T-cells from donor tissues.

The percentage of CD4+ cells should be around 20–30%
before isolation, while it should be around 85–95% after
isolation.

7. Infection. Infection dose, infection routes, and time points are
depended on the fungal strains, desired endpoint, and observa-
tion. Pilot experimentation is recommended. Infection doses
can be adjusted for the virulence of the strains. High infection
dose may cause rapid death of mice while adaptive immune
response may not be activated at the early stage of infection,
but low-dose inoculummay be easily cleared by innate immune
response. Infection routes are considered according to the
routes of transmission in human, surgery requirement, and
the desired experimental outcomes. Three common routes
are intratracheal, intranasal, and intravenous infection. Intra-
tracheal infection involves anesthesia so intranasal infection is a
popular alternative procedure. Intravenous route allows rapid
dissemination of the infectious fungi to the brain by bypassing
the lung immune response, so it is well accepted route for
studying brain immune response during C. neoformans infec-
tion. In overall, intravenous infection tends to give higher
fungal burdens and antigen levels, whereas intranasal infection
will concentrate antigen into the lung. Time points for tissue
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harvest are affected by infection doses and infection routes. For
studying adaptive immune response, mice will be better to
harvest in the later stage of the infection. In our example, few
CD4 T-cells undergo cell proliferation at day 4, but this
increases by day 7 (Fig. 3).
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Chapter 8

Meningeal Whole Mounts for Imaging CNS Fungal Infection

Sofia Hain and Rebecca A. Drummond

Abstract

Invasive fungal infections may involve the brain and central nervous system (CNS), leading to often fatal
meningitis in immunocompromised individuals. Recent technological advances have allowed us to move
beyond studying the brain parenchyma to understanding the immune mechanisms of the meninges, the
protective layer that surrounds the brain and spinal cord. Specifically, advanced microscopy techniques have
enabled researchers to begin to visualize the anatomy of the meninges and the cellular mediators of
meningeal inflammation. In this chapter, we describe how to make meningeal tissue mounts for imaging
by confocal microscopy.

Key words Meninges, Microscopy, Fungi, Cryptococcus, Immunofluorescence, Neuroimmunology

1 Introduction

Imaging is a powerful tool for understanding neuroimmune
mechanisms. This has been explored in disease models such as
EAE and Alzheimer’s; however, there are less data for fungal infec-
tions. Invasive fungal infections that result in meningitis include
those caused by Cryptococcus, Candida, and Histoplasma species.
Cryptococcal meningitis is the most predominant, causing over
100,000 deaths per year [1]. As fungal meningitis mostly affects
immunocompromised individuals, the increased use of immuno-
suppressive therapies is partly driving the rising incidence of this
disease [2]. While there are antifungals available, it is important that
we understand the inflammatory response as this is thought to drive
the disease morbidity and mortality.

Despite their anatomical relevance, the meninges are less well
studied than the brain parenchyma in the context of fungal menin-
gitis. The meninges are the protective outer layer that covers the
brain and spinal cord. The cerebral meninges are composed of three
layers: the pia mater, the subarachnoid space, and the dura mater
[3, 4] (Fig. 1). The dura is the outermost layer of the meninges
closest to the skull. This complex layer of connective tissue is highly
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vascularized and innervated and contains the meningeal lymphatic
vessels [3–5]. The dura has more recently been shown to have
channels that allow bi-directional flow of cerebrospinal fluid
(CSF) from the subarachnoid space into the skull bone marrow
[6]. The subarachnoid space is the middle layer of the meninges
through which the CSF flows, while the pia is the thin innermost
layer closely associated with the brain surface [4]. The pia contains a
dense network of blood vessels that go down into the brain paren-
chyma, enabling circulation from the meninges into the brain and
vice versa [3, 4]. The meninges are therefore a highly specialized
tissue that can be thought of as the immune highway of the CNS.
The exact anatomy of the meninges is however not fully agreed
upon; thus, further research may reveal additional complexities.
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Fig. 1 Anatomy of the cerebral meninges. The cerebral meninges are the protective tissue that sits between
the brain and the skull. The meninges are composed of three layers: the outer dural layer, the subarachnoid
space, and the innermost layer, the pia matter. The meninges are a complex tissue containing nerves, blood
vessels, CSF and lymphatic vessels

While the arguments for studying the anti-fungal immune
mechanisms of the meninges are clear, the complexities of working
with this delicate tissue in the lab have likely impeded research in
this area. In recent years, however, the field has begun to take off,
enabled by the development and increased availability of advanced
imaging tools. In this protocol, we outline a method for creating
meninges whole mounts for immunofluorescence analysis of anti-
fungal immunity in vivo.
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2 Materials

2.1 Dissection 1. Tissue collection buffer: 2% paraformaldehyde (PFA). In a
15 mL Falcon tube, prepare the desired volume of buffer by
diluting 4% PFA by half using sterile 1× PBS (seeNote 1). 5 mL
of this solution can be aliquoted into a 15 mL Falcon tube for
each sample to be collected. Store at 4 °C.

2. 70% ethanol: prepare a 70% ethanol solution using ethanol
absolute and dH2O.

3. Dissection kit: This should include sharp scissors, curved for-
ceps, fine forceps, and ultra-fine forceps (watchmaker forceps).

4. Mouse cadavers (see Note 2).

5. Wash buffer: PBS plus 10mMEDTA (seeNote1). Store at 4 °C.

6. 90 mM Petri dishes.

2.2 Immunostaining 1. Blocking buffer: 10% FCS (fetal calf serum) and 1% BSA
(Bovine Serum Albumin) in 1× PBS. For example, if making
up 100 mL, add 10 mL of FCS to 90 mL of PBS, then dissolve
1 g of BSA in this solution (see Note 3). Store at 4 °C.

2. Primary antibodies: Purchase anti-mouse antibodies for the
antigen(s) of interest. These can be conjugated or unconju-
gated (see Note 4). For the latter, secondary antibodies will be
needed to bind the primary antibody and produce the fluores-
cent signal.

3. Nuclear stain, for example, DAPI (optional).

4. 1× PBS, nonsterile.

5. 24-well flat bottom cell culture plates.

6. SuperFrost™ microscopy slides, 26 × 17 mM.

7. 50 mM coverslips.

8. Mountant: ProLongGold™ Anti-fade mountant or similar
that will allow long-term storage at -20 °C.

9. Kimwipes™ or similar tissues that won’t leave residue.

10. Aluminum foil.

11. Microscope slide storage box.

3 Methods

When working with meninges, it is very important to remember to
treat it carefully so as not to damage or disturb the tissue, which
could lead to difficulty in interpreting results.
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3.1 Tissue Collection 1. Place 5 mL aliquots of the tissue collection buffer on ice.

2. Sacrifice mice at the appropriate endpoint (see Notes 5 and 6).

3. Disinfect the mouse head with 70% ethanol prior to making an
incision in the skin above the middle of the skull. Pull the skin
and ears forward so the entire top of the skull and the back of
the cranium are exposed. Use scissors to cut through the top of
the spine, releasing the back of the skull. The skull should then
be cut on either side of the head at the level of the ear sockets.
Using curved forceps, hold the nose of the mouse and cut the
front of the skull at the base of the frontal bone. The calvaria
(skull cap) should then be removed, leaving the brain and the
base of the skull/jaw behind.

4. The skull cap should be briefly cleaned up using the dissection
tools to remove any remaining scalp, hair, etc., and then placed
in tissue collection medium on ice.

3.2 Dissecting the

Meninges

1. Once the tissue has been in the tissue collection buffer for
approximately 1 h (see Note 7), the skull cap should be placed
in ice-cold wash buffer for 2 × 5 min to remove any fixative.

2. Place the skull cap in a receptacle (e.g., a Petri dish) containing
enough ice-cold wash buffer/PBS to cover the skull cap. Ori-
entate the skull cap so that the inside of the skull is facing up.

3. To remove the meninges from the skull (see Note 8), trim the
around the entire edge of the skull cap using sharp dissection
scissors; this will enable the edges of the meninges to be
released from the skull.

4. The skull cap can be held in place using fine forceps, and ultra-
fine forceps used to peel the meninges. The large blood vessels
of the meninges, the dural venous sinuses, form a clear “Y”
shape which can be used as a guide for removing the meninges
(Fig. 2). Begin detaching the meninges at the base of the
frontal bone where the olfactory bulb would be located by
lifting the bottom of the superior sagittal sinus (see Fig. 3).
Next, detach the ends of the transverse sinus from the left and
right edge of the skull, and the outer edge of the smaller middle
meningeal arteries. Use these as a starting point to slide the
forceps around the edge of the skull to gently detach the entire
outer edge of the meninges, pushing the tissue towards the
middle of the skull. Once the outer edge of the meninges has
been detached from the skull cap, use the ultrafine forceps to
peel the meninges upwards from the frontal bone towards the
back of the skull, removing the entire intact tissue (seeNote 9).

5. Place the tissue in the well of a 24-well plate containing 500 μL
of wash buffer, allowing the tissue to flatten (see Note 10).
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Fig. 2 Meningeal vasculature. The major blood vessels of the meninges and where they sit relative to the brain
are illustrated. The dural venous sinuses are composed of the superior sagittal sinus that is positioned
between the brain hemispheres, and the transverse sinuses which are positioned at the back of the brain. The
middle meningeal artery is also shown, which is the largest artery in the meninges and can be seen clearly in
meningeal whole mounts

Fig. 3 Dissection of the meninges from the skull cap. (a) The skull cap of a mouse. (b) The skull cap after
trimming the outer edge. (c) The meninges are first detached at the base of the superior sagittal sinus. (d) The
fleshy outer ends of the transverse sinuses are next detached. (e) The ultrafine forceps can then be slid under
the entire outer edge of the meninges. (f) To peel the meninges, we begin where we started by holding the end
of the superior sagittal sinus and pulling it towards the back of the skull. (g) As the meninges is peeled it will
roll up. The final step is to gently detach it from the very back of the skull. (h) The meninges can then be
flattened on a slide

3.3 Immunostaining 1. Primary antibodies should be diluted to the desired concentra-
tion in blocking buffer. A minimum volume of 300 μL should
be used in a 24-well plate (seeNote 11). Place the meninges in
the antibody staining solution and stain overnight in the dark
(by covering the plate with foil) at 4 °C (see Note 12).
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2. Wash the samples in ice cold wash buffer × 3 for 5 min (seeNote
13).

3. If required, incubate with secondary antibodies for 45 min–1 h
at room temperature (RT) (see Note 4), before repeating the
washing step.

4. If using nuclear staining such as DAPI, this can then be per-
formed in PBS for 5 min at RT, then washed × 2 for 5 min.

3.4 Mounting 1. Gently lift the meninges from the well and place on a Super-
Frost slide. Pipette up to 200 μL of PBS onto the tissue.

2. Use the ultrafine forceps to guide the tissue so it is flattened on
the slide, using the dural venous sinuses as a guide. Remove
excess the liquid using a tissue (see Note 14).

3. Apply mounting medium to the slide before placing the cover
slip over the sample. Cure if required (see Note 15) then the
meningeal whole mount is ready for imaging via fluorescence/
confocal microscopy. Alternatively, slides can be stored in a
slide box at -20 °C (see Note 16).

4 Notes

1. As the meninges is a delicate tissue, the use of strong fixatives is
not recommended. If the cell population of interest includes
red blood cells (RBCs) such as platelets, add 10 mM EDTA to
the tissue collection buffer to prevent activation of these cells
by the buffer itself. Adding EDTA to any of the buffers used in
this protocol will also keep the tissue samples sterile. Alterna-
tively, the meninges can be collected into PBS for immunos-
taining without prior fixation. This is required if fixation
interferes with antibody epitope binding (see Note 12). If
RBCs are not of interest, perfusion can be performed using
2% PFA or PBS, again dependent on if fixation prior to immu-
nostaining is appropriate. The removal of blood through per-
fusion will ensure RBCs to not interfere with staining for other
cells; however, it is important to consider that once blood is
removed from the meninges it can reduce the visibility of the
dural venous sinuses which are a helpful guide for dissection.

2. For fungal infections, the appropriate conditions for the fungal
species should be used, along with uninfected controls.

3. The exact recipe for the blocking buffer will depend on the
species of antibodies being used. Here we have given a generic
recipe; however, the addition of donkey or goat serum will
proudly protect against nonspecific binding. Mouse on mouse
staining should be avoided to prevent background



Meningeal Whole Mounts for Imaging CNS Fungal Infection 119

fluorescence. However, if required then it is recommended that
the tissue is incubated in blocking buffer for 30 minutes prior
to staining and that the blocking buffer contains both mouse
serum and a CD16/32 Fc block.

4. We find conjugated antibodies give a stronger signal than
nonconjugated antibodies. They also work best for short pro-
tocol required for live staining (see Note 12), so if nonconju-
gated antibodies are essential, it is recommended that the tissue
is fixed first.

5. As mentioned in Note 2, appropriate experimental conditions
should be used, including a humane endpoint. A severe CNS
fungal infection can result in brain swelling and/or bleeding,
which may affect the structural integrity of the meninges; thus,
dissection should be performed with extreme care.

6. Similar to collecting brain tissue, when sacrificing mice to
collect meninges, the method of culling used needs to be
carefully considered in order to avoid damaging the skull and
CNS tissue. However, it is also important to ensure that the
tissue is not allowed to completely die due to the time required
for the culling process. We therefore recommend anesthesia or
cervical dislocation.

7. Fixation helps to stiffen the meninges, thus making it easier to
peel from the skull cap. As previously mentioned, gentle fixa-
tion is required, so there needs to be a balance between ensur-
ing the tissue is stiffened, ensuring the tissue is fixed properly to
analyze the cells of interest, and not damaging the tissue. We
find 1 h is sufficient to meet these criteria. If not fixing the
tissue prior to immunostaining, skip this step. Please note that
this will make the meninges more difficult to peel; however, an
experienced user with ultrasharp forceps should be able to do
so successfully.

8. There are protocols available for meninges whole mounts that
recommend using the skull cap as a “well” for antibody staining
and to remove the meninges from the skull just prior to
mounting. However, this can result in uneven staining due to
the curvature of the skull. We have found that peeling as early as
possible in the protocol helps to ensure the meninges are intact,
the staining is even, and that they can be flattened properly
when mounted.

9. Due to how fragile the meninges are, there is risk of ripping and
holes forming in tissue during the peeling process. To mitigate
this, confirm the tissue is lifted all around the edge of the skull
to ensure a clean peel. This will require practice, yet even
experienced users may experience ripping of the tissue. It is
therefore important to carefully consider the n numbers for
each experiment. Nevertheless, depending on the area of inter-
est, the meninges may not need to be entirely intact.
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10. As the meninges is removed from the skull, it will roll up. Once
in contact with the wash buffer in the well (or the tissue can
first be placed in the liquid in the petri dish being used for
dissection), the tissue should unroll. Forceps can be used to
help this process if necessary but take care not to damage the
tissue.

11. For the tissue to remain flat and not dry out during staining, a
minimum volume of 300 μL is required. This must be balanced
with the volume of antibody required, as they are often expen-
sive. While a smaller plate would require a lower volume, it
would not allow enough space for the flattened meninges to fit;
therefore, a 24-well plate is the smallest size that can be used.

12. If fixation prior to immunostaining will alter antibody epitopes
resulting in unsuccessful antibody binding, the meninges tissue
must be live for staining. After collecting and carefully peeling
the tissue (see Note 7), place in the blocking buffer containing
the diluted antibodies for 1 h at RT in the dark. Unless other-
wise stated (see Note 3), a blocking step before immunostain-
ing should not be required. Wash the sample before fixing
overnight at 4 °C in fixation buffer.

13. A plate rocker is the recommended instrument for gently agi-
tating the tissue during the washing steps.

14. Removal of the meninges from the well plate will result in it
rolling up. When placed on the slide, applying a small volume
of PBS onto the tissue will encourage the tissue to re-flatten.
Use the ultrafine forceps very carefully to complete the flatten-
ing process, removing some of the PBS, if necessary, as a
smaller volume can make spreading the tissue out. As the tissue
has already been allowed to flatten out in the well, it should be
easier to flatten again on the slide. Once the tissue is as desired,
remove the excess PBS using a tissue. This is important as
excess PBS on the tissue can cause it to roll up once the
coverslip is applied. This must be done carefully to ensure the
meninges is not disturbed; the slide can be briefly left in the
dark at RT to assist in drying excess liquid.

15. Follow the manufacturer’s instructions to determine if curing
is required for the mounting media to set. For example, it is
recommended that ProLong Gold Antifade mountant is cured
overnight at RT, which we have found works well and does not
result in any reduction in fluorescence signal. A small amount
of clear nail polish can be applied around the edge of the
coverslip for extra security.

16. Slides can be stored long term at -20 °C. When removing
slides from the freezer for imaging, allow 30 min for
defrosting.
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Chapter 9

An Antibiotic-Free Model of Candida albicans Colonization
of the Murine Gastrointestinal Tract

Simon Vautier

Abstract

The human gastrointestinal (GI) tract is home to trillions of commensal organisms. Some of these microbes
have the capacity to become pathogenic following changes in the microenvironment and/or host physiol-
ogy. Candida albicans is one such organism, usually inhabiting the GI tract as a harmless commensal in
most individuals but with the potential to cause serious infection. Risk factors for C. albicans GI infections
include the use of antibiotics, neutropenia, and abdominal surgery. Understanding how commensal
organisms can transform into life-threatening pathogens is an important area of research. Mouse models
of fungal GI colonization provide an essential platform to study the mechanisms involved in the transition
of C. albicans from benign commensal to dangerous pathogen. This chapter presents a novel method of
stable, long-term colonization of the murine GI tract with Candida albicans.

Key words Candida albicans, Colonization, Gastrointestinal tract, Antibiotic-free, Fructose

1 Introduction

The mammalian gastrointestinal (GI) tract is colonized by a diverse
microbiota predominantly consisting of bacteria but with notable
contributions from fungi and other eukaryotic organisms. The
myriad interactions between the host and microbiota result in the
microbiota performing a significant role in shaping host physiology,
including immune responses. In humans, Candida albicans is a
common commensal of the GI tract, where carriage is typically
asymptomatic in healthy humans. However, antibiotic use and
host immunosuppression can lead to otherwise harmless commen-
sal fungi breaching mucosal barriers and disseminating, causing
systemic infections [1].

Mouse models used to study C. albicans in the GI tract are
hindered by C. albicans inability to colonize the adult murine GI
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tract without continual antibiotic treatment [2, 3]. Although anti-
biotics facilitate the colonization of the murine GI tract, antibiotic
usage disrupts the normal microbiota and impacts the host immune
response allowing dissemination of gut bacteria [4, 5].
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Fig. 1 Fructose supplemented drinking water enables murine gastrointestinal
colonization. Stool fungal burdens are shown for C57 BL/6 mice (n = 5)
following oral colonization with C. albicans SC5314. Bars represent mean
values with SD

Here, we demonstrate an antibiotic-free model to establish
long-term and stable colonization of the murine GI tract efficiently
by C. albicans. We utilize fructose in the drinking water to facilitate
C. albicans colonization. With this protocol, colonization levels in
the region of ~107 CFU/g stool are possible (Fig. 1), which is
similar in level to previously published models utilizing antibiotics
to enable colonization [2, 3].

2 Materials

2.1 Preparation of

Fructose Water

1. Sterile drinking water: Autoclave your usual facility water for
15 min at 121 °C. One liter will provide sufficient water for
four average Individually Ventilated Cages (IVCs) water bottles
with 5 mice per cage.

2. Fructose water: To make 1 liter of 15% Fructose water add
150 mL of high fructose corn syrup to 850 mL of autoclaved
water (see Notes 1 and 2).

2.2 Growth of

Candida albicans

1. YPD broth: Suspend 50 g/L of YPD broth powder in water
(composition Bacteriological peptone, 20 g/L Glucose, 20 g/
L Yeast extract, 10 g/L). Autoclave for 15 min at 121 °C.

2. YPD agar plates: Dissolve 70 g/L of YPD agar powder in water
(composition agar 20 g/L, dextrose 20 g/L, bacteriological
peptone 20 g/L, yeast extract 10 g/L). Autoclave for 15min at
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121 °C. Allow to cool until comfortable to handle, then add
10 ml/L Penicillin-Streptomycin (10,000 U/mL) and mix.
Add 20–25 mL to individual petri dishes (Note 3). Store in
fridge.

2.3 Stool Collection

and Processing

1. Autoclaved water: Autoclave 500 mL of water for 15 min at
121 °C.

3 Methods

3.1 Candida albicans

Culture

1. From your frozen stock of Candida albicans, streak out colo-
nies onto an agar plate and incubate at 30 °C overnight.

2. The next day, select a colony and inoculate into ~20 mL YPD
broth (see Note 4).

3. Incubate overnight at 30 °C with shaking.

4. The next day, centrifuge the overnight culture for 4 min at
400 g.

5. Pour off supernatant and resuspend in 10 mL of sterile media
(either water or 1×PBS).

6. Count yeast cells using a hemocytometer.

7. Adjust your culture to 1 × 107 CFU/mL in 15% Fructose water
(see Note 5).

3.2 Candida albicans

Colonization

1. Provide mice with 15% fructose water supplemented with
1 × 107 CFU/mL Candida albicans for 5 days. Each IVC
cage will require approximately 250 mL of water.

2. Gently shake each bottle every day to maintain the Candida in
suspension.

3. Maintain the mice on 15% fructose water supplemented with
Candida for 5 days.

4. Replace Candida water with water with 15% fructose water
only (no Candida).

5. Change the water twice a week to maintain a fresh water supply.

3.3 Monitoring of

Candida albicans

Colonization Levels

1. Label and weigh an individual 1.5 mL Eppendorf tube contain-
ing 1 mL of sterile water for each mouse stool is to be
collected from.

2. Collect stool from individual mice prior to exposure to Can-
dida water to ensure mice are culture free from fungi (seeNote
6). Using sterile tweezers place 1–2 stools in the appropriate
Eppendorf tube and re-weigh tube. Store tube on ice while
collecting other stool samples.
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3. Vortex vigorously to homogenize sample (see Note 7). If the
sample is resistant to homogenization, you can use a sterile
pipette tip to manually break up the stool before continuing
to vortex.

4. Using a multichannel pipette add 180 μL of sterile water to
each well of a 96-well plate.

5. Add 20 μL of stool sample to the first column of the 96-well
plate.

6. Mix well and transfer 20 μL to the well in the next column and
repeat. Four serial dilutions should be sufficient to enable
colony counting.

7. After completing serial dilutions, remove 20 μL from each well
and spot on to an agar plate (see Note 8).

8. Incubate overnight at 37 °C and count the colony forming
units (CFU). Use the dilution that allows you to count in the
range 1–10 CFU (see Notes 9 and 10).

4 Notes

1. Adding corn syrup while the water is still warm aids dissolution.

2. Mice will readily drink fructose water so you may need to
prepare top-up/change water bottles more regularly than the
usual twice a week. Mice on sugar water initially put on more
weight than mice on plain drinking water (around 10%
heavier), but this evens out after 7–8 weeks.

3. Placing bottle in water will cool agar quicker. Be careful to mix
regularly to prevent setting of agar at the bottom of the bottle.
Cool until bottle can be handled comfortably ~50 °C. Pour
quickly to prevent heat inactivation of the antibiotics. Place
plates individually on a bench/flow cabinet to allow quick
cooling.

4. If you find one colony is insufficient after overnight culture to
produce enough yeast cells, scrape off more colonies for your
next culture. You may also want to culture more than one
50 mL Falcon tube depending on volume of culture required.
If you are not experienced in culturing Candida, you may wish
to practice culturing sufficient volume ahead of your
experiment.

5. If culturing more than 1 × 50 mL falcon tube for use in more
than one cage, be sure to mix Candida from separate cultures
first before distributing to individual drinking bottles. This will
enable Candida to be evenly distributed between bottles and
avoid cages receiving different concentrations of Candida in
the drinking water.
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6. In our experience, mice produce more stool in the morning
than the afternoon so this is best performed first thing in the
morning. Do not collect stool from the cage floor as you will
not know how long it has been there and will not be able to
account for Candida growth/death post excretion.

7. If available, you can use a bead-beater with appropriate tubes.
This is a labor-saving option but not strictly necessary as stools
will break up easily with the use of a pipette tip.

8. Take plates out of the fridge a day or two before use to allow
the surface to dry a little. If plates are too wet when used the
spots will run. With practice you should be able to plate 4 rows
of 4 × 20 μL spots per agar plate.

9. Culturing at 37° will cause the Candida albicans to form
hyphae which will result in colonies with a crinkled appearance.
This can aid in the confirmation of the cultured colonies being
Candida albicans.

10. The use of a GFP-expressing (or other fluorescent protein)
strain can aid in the visualization of Candida albicans for
microscopy.
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Chapter 10

An Experimental Model of Chromoblastomycosis Caused
by Fonsecaea sp. Species

Anamelia L. Bocca and Isaque Medeiros Siqueira

Abstract

The experimental rodent models for the fungal disease are a handy tool for understanding host–fungus
interactions. To Fonsecaea sp., one of the causative agents of chromoblastomycosis, there is an extra
challenge because the animals preferably used show a spontaneous cure; so until now, there is no model
to reproduce the long-term disease similar to human chronic disease. In this chapter, we described an
experimental model using rats and mice with a subcutaneous route, with the checkpoints of acute-like and
chronic-like lesion analysis comparable with human lesions, the fungal burden, and the lymphocytes
investigation.

Key words Fonsecaea sp., Chromoblastomycosis, Murine model, Fungal burden, Granuloma

1 Introduction

The genus of human pathogenic black fungi Fonsecaea sp. is con-
sidered the most common agent of chromoblastomycosis (CBM), a
chronic cutaneous and subcutaneous mycosis. Even though CBM
occurs worldwide, it is observed most frequently in tropical and
subtropical regions of Africa and Latin America [1]. CBM infection
initiates with the traumatic implantation of propagules into the skin
by thorns [1, 2]. The disease is characterized by the slow develop-
ment of polymorphic skin lesions, such as nodules, warts, tumors,
plaques, and scars [3]. The treatment is challenging due to long-
term antifungal chemotherapy and surgical treatment to remove
the infected tissue [2, 4].

Although Fonsecaea sp. is classified as dimorphic, its life cycle
includes distinct morphological stages comprising the conidia,
hypha (infective forms), and sclerotic cells (pathogenic form, also
called muriform cells) [5–9].
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In the host tissue, Fonsecaea sp. infective forms convert to
sclerotic cells or muriform cells (MC), which are more resistant to
phagocytosis and destruction by immunological action, associated
with the persistence inside the mammalian host and development of
chronic disease [3, 7, 10, 11]. Transition into sclerotic cells is
essential in fungal virulence [11]; however, this process is not
understood.

The granulomatous reaction in CBM is associated with macro-
phages, different degrees of maturation and activation, and high
levels of neutrophils [12]. The phagocytes destroy fungal cells by
producing reactive oxygen intermediates (ROI) and myeloperox-
idase production. Activated macrophages have shown only fungi-
cidal activity against F. pedrosoi, and there is evidence that some
fungal structures, such as melanin, may negatively modulate certain
microbicidal activities in macrophages [13].

The Fonsecaea sp. virulence and pathogenicity are not well
understood and consequently, the host immune response, in part
by the absence of an experimental model in vivo that perfectly
mimics the disease’s chronic phase [5, 14, 15]. The development
of animal models is a challenge because all animals tested showed a
“nonprogressive” disease, with granuloma inflammatory reaction,
with abscesses and viable fungi into the lesion, but with spontane-
ous cure after a specific postinfection time [16]. The development
of the experimental disease changes according to the inoculation
route, as the intratesticular and subcutaneous route produce loca-
lized lesions with granuloma and MC cells; nevertheless, the intra-
peritoneal inoculation does not develop the same lesions. The
murine model shows a 30-day spontaneous cure of the disease,
while the model using rats shows a more prolonged disease; the
lesion outcome is also a spontaneous cure [17–19]. The authors
used the athymic mice to increase the time of infections, which
showed a systemic disease or a very long-term lesion (around
90 days postinfection) in the footpad [20, 21]. However, the
nude model is unsuitable for studying the cellular host immune
response. Considering these limitations of a progressive and
chronic experimental CBM, it is possible to carry out experiments
for defined points like acute or chronic inflammatory reactions to
study immune cell infiltrations, cytokine production, and fungal
burden.

In this chapter, we described an experimental model using the
subcutaneous route to mimic the skin lesion of CBM.

2 Materials

2.1 Preparation of

Fungal Solution

1. Human pathogenic Fonsecaea sp.

2. Sabouraud Dextrose Agar.

3. Chloramphenicol.

4. Potato Dextrose Medium (PD).
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5. Sterile fiberglass.

6. 40 μM cell strainers.

7. 70 μM cell strainers.

8. Phosphate-buffered saline (PBS).

9. 14 μM filter paper.

10. DL-propranolol.

11. Chemically defined medium.

12. Rotary shaker with temperature control.

13. 0.1% (w/v) yeast extract solution.

2.2 Suspension of

Infection

1. Trypan blue dye.

2. Hemocytometer.

3. Phosphate-buffered saline (PBS).

4. 15 mL conic tubes.

5. 200–1000 μL pipettes.

6. 20–200 μL pipettes.

2.3 Animals and

Experimental Design

1. Wistar rats (Rattus norvegicus albinus), 7–9 weeks old.

2. 1 mL syringes.

3. C57BL/6 or Balb/c mice, 6–8 weeks old.

2.4 Morphometry 1. Sterically surgical material, such as scissors and tweezers (one
per group).

2. Caliper.

3. Petri dishes.

4. Phosphate-buffered saline (PBS).

2.5 Fungal Burden 1. Phosphate-buffered saline (PBS).

2. Sabouraud Dextrose Agar.

3. Chloramphenicol.

4. Petri dishes (90 × 15 mM).

5. Stove at 37 °C.

2.6 Histopathology 1. Buffered formalin 10% solution.

2. Paraffin.

3. Hematoxylin solution.

4. Eosin solution.

5. Lamina.

6. Coverslip.

7. Alcohol (absolute, 95% and 80%).

8. Xylol.
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2.7 Lymphocytes

Isolation from Draining

Lymph Node (dLN) and

Footpad

1. 15 mL conic tubes.

2. 40 μM cell strainers.

3. RPMI 1640.

4. Centrifuge.

5. Serum fetal bovine.

6. Collagenase D solution (0.5–2,5 mg/mL—working solution).

7. Collagenase buffer.

HEPES (2.39 g/L).

Potassium chloride (KCL 0.37 g/L).

Magnesium chloride (MgCl2 0.2 g/L).

Calcium Chloride (CaCl2 0.2 g/L).

Sodium Chloride (14.09 g/L).

8. Petri dishes.

9. 70 μM cell strainers.

10. EDTA (50 mM).

11. Neubauer chamber.

12. Trypan blue solution.

3 Methods

3.1 Preparation of

Fungal Solution

1. Maintain the human pathogenic Fonsecaea sp. in Sabouraud
Dextrose Agar medium (SDA) supplemented with 100 mg/
mL chloramphenicol at 37 °C [9].

3.1.1 Fungal Propagules
2. Culture the Fonsecaea sp. cells in potato dextrose medium

(PD) in a rotary shaker (180 rpm) at 37 °C for 7–14 days.

3. Filter the culture suspensions (containing conidia and hyphal
fragments) in sterile fiberglass (to remove large hyphae
clumps).

4. Perform sequential filtrations on 70 μM and after 40 μM cell
strainers with the filtrate.

5. Resuspend the hyphae after being retained in a 40 μM cell
strainer in phosphate-buffered saline (PBS) (measuring
40–70 μM).

6. Centrifuge the hyphae suspension twice at 1000 g (98% pur-
ified hyphae).

7. Filter the filtrate from the 40 μM cell strainer (containing
conidia and small hyphal fragments) using a 14 μM filter paper.

8. Centrifuge the filtrate twice at 3000 g (98% purified conidia).

9. Prepare the fungal propagules adding the purified hyphae and
conidia at a 1:3 rate.
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3.1.2 Muriform Cells 1. Culture the mycelium fragments from PD cultures into an
unacidified CDM supplemented with 0.1% (w/v) yeast extract
(pH 6.5) for 7 days at 37 °C and 120 rpm.

2. Add an aliquot of the supernatant from the previous step into
the acid CDM (1%, v/v) for another 40 days and 120 rpm.

3. Filter the suspension containing F. pedrosoi muriform cells
through a 40 μM cell strainer (90% purified muriform cells).

3.2 Suspension of

Infection

1. Count of live and purified fungal cells, trypan blue dye, within a
hemocytometer.

2. Prepare the final suspension at 2 × 107 live fungal cells per mL
to be inoculated into an experimental animal footpad.

3.3 Animals and

Experimental Design

1. Use the male Wistar rats (Rattus norvegicus albinus),
7–9 weeks old.

3.3.1 Rat Infection Model 2. Infect five animals per day of analysis, in the plantar cushion,
with 100 μL of the fungal solution containing 2 × 106 fungal
cells (Fig. 1) (including fragments of hyphae and conidia of
Fonsecaea sp.) at the right or left hind footpad.

3. Maintain the animals under appropriate conditions by the
Institution Animal Care Committee following the Care and
Use of Laboratory Animals issued guidelines.

Fig. 1 Rat morphometry of lesion. The plantar cushion was measured every 15 days postinfection with a
caliper and photographed to follow the lesion development
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3.3.2 Mouse Infection

Model

1. Use C57BL/6 (Fig. 2) or Balb/c (Fig. 3) mice, 6- to 8-week-
old males.

2. Infect five animals per day of analysis and infected in the plantar
cushion with 50 μL of the fungal propagules, containing
1 × 106 fungal cells. (including fragments of hyphae and con-
idia of Fonsecaea sp.) at the right or left hind footpad.

3. Maintain the animals under appropriate conditions by the
Institution Animal Care Committee following the Care and
Use of Laboratory Animals issued guidelines.

Fig. 2 C57Bl/6 morphometry of lesion. The plantar cushion was measured every 3 days postinfection with a
caliper and photographed to follow the lesion development

Fig. 3 Balb/c lesion of plantar cushion—Photograph of footpad lesion after (a) 15, (b) 30, and (c) 45 days
postinfection with F. pedrosoi
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3.4 Analysis

Checkpoints

1. Euthanize the rats at 15-, 30-, 45-, 60-, and 90-day postinfec-
tion (DPI), miming the acute and chronic phases (Fig. 1).

2. Euthanize the mice at 07-, 14-, 21-, and 28-DPI, mimicking
the acute and chronic phases (Fig. 2).

3.5 Morphometry 1. Measure the area with a caliper every 3 days.

2. Euthanize the animals on each specific day postinfection
(Figs. 1 and 2), according to the Care and Use of Laboratory
Animals guidelines.

3. After euthanizing, remove the plantar cushion and popliteal
lymph node by surgical excision.

4. Maintain the host tissue in Petri plate with sterile PBS after
being removed from the animals.

3.6 Fungal Burden 1. Homogenize part of the plantar cushion tissue from each
experimental animal in PBS (pH 7.2) and then plate it onto
SDA medium in Petri dishes, supplemented with 100 mg/mL
of chloramphenicol, and cultivated at 37 °C for 7 days.

2. Measure the fungal burden through CFU of Fonsecaea sp.
Results are expressed as the number of CFU ± standard mean
error (SEM).

3.7 Histopathology 1. Fix the small fragments of infected tissue in buffered formalin
until processing.

2. Dehydrate the fragments with alcohols (85%, 90%, and abso-
lute) and xylol.

3. Use paraffin to embed the tissue.

4. Perform serial sections of 5 μM and stain with hematoxylin and
eosin (HE).

5. Analyze the granuloma organization, fungal presence, and
fibrosis formation in light microscopy (Fig. 4).

3.8 Lymphocytes

Isolation from Draining

Lymph Node (dLN) and

Footpad

1. Collect the popliteal lymph node and homogenize it in a 40 μM
cell strainer with a syringe plunger.

2. Wash the cells with 5 mL of simple RPMI and centrifuge at
300 g for 5 min.

3.8.1 Lymph Node 3. Resuspend the cells in 1 mL of RPMI supplemented with
10% FBS.

4. Filter the cells in a 40 μM cell strainer.

5. Quantify the cells with trypan blue to discriminate the viable
cells in a Neubauer chamber.
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Fig. 4 Lesion area analysis. The analysis of infection chronic (a, b) Photograph of footpad infection; (c, d, e)
Histopathology of tissue, showing granuloma formation, HE (20×); (f, g) Histopathology of tissue, showing
cellular infiltration patter, HE (40×); (h, i) Histopathology of tissue, showing the collagen deposition in a blue
area, PAS (20×); (j, k) Histopathology of tissue, showing the fungal presence in a brown area, HE (40×)

3.8.2 Footpad Tissue 1. Cut the removed tissue from the mice footpad into small
pieces.

2. Submit the tissue to 5 mL of collagenase D solution at 1 mg per
mL of collagenase buffer (described in Subheading 2.7–item
7) for 1 h of incubation at 37 °C in Petri dishes.

3. Homogenize the tissue fragments in a 70 μM cell strainer and
wash with 5 mL of RPMI.

4. Stop the collagenase activity by adding 1 mL EDTA at 50 mM
and centrifuging at 300 g for 5 min.
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5. Resuspend the pellet in 5 mL of RPMI, filter in a 70 μM cell
strainer, and then centrifuge.

6. Resuspend the cells in 1 mL of supplemented RPMI.

7. Quantify the cells with trypan blue to discriminate the viable
cells in a Neubauer chamber.

4 Notes

1. Some experimental models have developed; however, none
form a long-term lesion because of the rodent immune system
adaptation to the fungal stimuli. However, the models
described below can mimic, in part, human lesions.

2. The footpad increases its size and can occur skin pigmentation
and ulcerative lesions like those in humans.

3. There are some differences in lesion aspects between C57Bl/6
and Balb/c mice (Figs. 2 and 3), with pigmentation lesions on
the skin in Balb/c mice and a higher inflammatory response in
C57Bl/6.

4. The tissue histopathology shows ulceration of exudative areas,
necrotic material, and multifocal lymphocytic infiltrate outlin-
ing the granuloma, like that observed in humans with the
disease.

5. There are in the tissue muriform and hyphae fungal cells, in a
small amount than in other fungal-infected tissue.

6. The cells from LN or foot pad tissue can be used in different
immune response analyses such as cytokines production, T and
B cell phenotypes, microbicidal mechanisms, and others.
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Chapter 11

Modeling Chronic Coccidioidomycosis in Mice

Lisa F. Shubitz, Christine D. Butkiewicz, and Hien T. Trinh

Abstract

Coccidioidomycosis, caused by the dimorphic pathogens Coccidioides posadasii and C. immitis, is a fungal
disease endemic to the southwestern United States, Mexico, and some regions of Central and South
America. The mouse is the primary model for studying pathology and immunology of disease. Mice in
general are extremely susceptible to Coccidioides spp., which creates challenges in studying the adaptive
immune responses that are required for host control of coccidioidomycosis. Here, we describe how to infect
mice to model asymptomatic infection with controlled, chronic granulomas and a slowly progressive but
ultimately fatal infection that has kinetics more similar to the human disease.

Key words Mice, Coccidioides, Intranasal, Quiescent, Survival, Immunology, Histopathology,
Cp1038

1 Introduction

Humans almost always acquire coccidioidomycosis by inhaling
tiny, barrel-shaped arthroconidia (spores) of Coccidioides posadasii
or C. immitis from the air deep into the respiratory tract. This
infection is usually limited to the thorax (lungs, thoracic lymph
nodes), but in 1–5% of cases, it disseminates to other sites, the
most common of which are skin, lymph nodes, bone, and central
nervous system [1, 2]. Uncomplicated lung infections may be
asymptomatic, cause a weeks-long but self-limiting illness with
cough, chest pain, fevers, and fatigue, or manifest as severe respira-
tory disease which requires drug therapy [2]. Disseminated disease
may involve one or multiple sites, making patients very ill and
always requires protracted treatment with antifungal drugs. Aver-
age annual coccidioidomycosis-associated deaths in the USA are
approximately 200 (https://www.cdc.gov/fungal/diseases/coccid
ioidomycosis/statistics.html).

Mice are the primary model utilized to research disease pro-
cesses and therapeutic interventions for coccidioidomycosis. In
mice, intranasal infection with Coccidioides spp., including the
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most widely utilized laboratory fungal strains (Silveira, C735, and
RS), causes severe pyogranulomatous pneumonia with rapid dis-
semination to spleen and liver. Death ensues within 2–3 weeks
following introduction of 30–50 spores into the lungs through
intranasal insufflation [3, 4]. The time to death can be shortened
by increasing the dose, and it can be lengthened by a few weeks or
less with lower doses. However, with reduced infecting doses, the
likelihood of uninfected mice for technical reasons increases, result-
ing in studies that are difficult to interpret. Fate of intranasally
administered spores may include entrapment in upper airways and
nasal passages with removal by normal bronchial and tracheal
mechanisms and swallowing part of the inoculum as it passes
through the nasopharynx. As few as 10% of the spores may reach
the distal airways and infect the lung tissue [5, 6].
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Infected people seldom experience the rapid rate of disease
expansion that mice exhibit, leaving room for improvement in the
model to more closely approximate the kind of progression seen
clinically. Even people who have poor outcomes seldom acutely die
within three weeks of infection. Additionally, the majority of people
experience asymptomatic or self-limited disease, in which a dense
nodule may be discovered years later on a routine lung x-ray
[7]. These lesions often contain quiescent organisms, which may
be recovered upon culture, or result in recurrent disseminated
disease if the patient becomes immunosuppressed [8–10]. With a
model of chronic progressive or asymptomatic controlled disease in
mice, researchers can differentiate and define mechanisms that lead
to control vs. progression of disease, explore adaptive immune
mechanisms that do not have time to fully develop in rapidly
progressive models of infection, and elucidate host–pathogen inter-
actions of controlled disease, the most common outcome of human
infection.

Chronic coccidioidomycosis is induced in mice using
C. posadasii strain 1038 (Cp1038), which was originally isolated
from a patient in Arizona (USA) and subsequently shown to have
reduced virulence in BALB/c mice [3, 11]. We have developed two
models which have potentially different applications. The first is a
slowly progressive but ultimately fatal infection (median survival
time ~ 70 days, usually all dead between 12 and 16 weeks) in
susceptible C57BL/6 (B6) mice. B6 mice are extensively used in
vaccine and immunology studies, and there are a large number of
genetically modified mice available on this strain background for
studying mechanisms of innate and adaptive immunity. The slowly
progressive B6 model allows more time to study adaptive responses
and can also better define mutations that worsen disease outcomes
but are difficult to study in mice that die in 2–3 weeks [12].

The second model is a chronically infected but indefinitely
asymptomatic mouse model that more closely approximates the
typical condition of host control exhibited by humans. Resistant



C57BL/6 × DBA/2 (B6D2F1) mice infected intranasally with
50 spores of Cp1038 remain healthy and gain weight over time.
Lung fungal burdens stabilize in the vicinity of 1 × 104 colony-
forming units (cfu) by 4 weeks postinfection and remain static
through 16 weeks [11]. Spleen fungal dissemination remains low
and most spleen fungal burdens are between 0 and 200 cfu. In mice
monitored for 9 months, the lung fungal burden reduced almost
another log without clearance of disease while spleen dissemination
remained minimal. This chronic model allows for study of adaptive
immunity and host–pathogen interactions under the conditions of
host control. Further, host immunity can be disrupted experimen-
tally to determine what happens at the cellular and molecular level
when control breaks down. A chronic coccidioidomycosis model in
mice provides for more diverse studies on adaptive immunity, host–
pathogen interactions in the state of disease control, and cellular
and molecular mechanisms associated with either genetic or
induced immuno-incompetence.
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The following methods include anesthesia and intranasal infec-
tion of mice with Cp1038 spore suspension, monitoring of infected
mice, and selected tissue collections for analysis.

2 Materials

Personal protective equipment (PPE), certified biosafety cabinets
(BSC), and certified Biosafety Level 3 and Animal Biosafety Level
3 (BSL3, ABSL3) laboratories are required for preparation and
administration of spore suspensions and for handling and proce-
dures of infected mice.

2.1 Intranasal

Infection

1. Concentrated suspension of Cp1038 spores with current via-
bility count (>1 × 106/ml). See References [11, 13, 14] for
details on growth, harvesting, and enumeration of Coccidioides
spp. for animal inoculation. Perform a viable count of the
suspension to be used for mouse infections the week prior
according to reference [14] (see Note 1).

2. 1000 μL and 200 μL micropipettors with sterile barrier tips.

3. Sterile 10 mL polypropylene screw cap tubes: 6–8.

4. Saline.

5. Alcohol-resistant marking pen.

6. Small rodent anesthesia chamber.

7. Isoflurane.

8. Small Kimwipes® or similar laboratory tissues.

9. Autoclave bags.

10. Portable scale to weigh mice to 0.1 g accuracy.
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11. Ketamine/xylazine anesthesia 80/8 mg/kg; using a 1 mL
syringe and a needle of ≤20G, draw up 1.52 mL sterile isotonic
USP saline (saline), 0.32 mL ketamine (100 mg/mL), and
0.16 mL xylazine (20 mg/mL) to make 2 mL anesthesia at a
concentration of 16 mg/mL ketamine and 1.6 mg/mL xyla-
zine. (see Note 2) Dispense into a sterile tube or vial with a
septum and rock tube to mix or triturate with syringe. Label
contents and date. (see Note 2).

12. 1 mL syringe and 27 G needles.

13. Absorbent paper towels and/or underpad for work surface.

14. 70% ethanol in a spray bottle.

15. 3–4 GYE plates;1% glucose, 0.5% yeast extract, 1.5% Bacto
agar, 50 μg/mL cycloheximide, 50 μg/mL chloramphenicol,
50 μg/mL streptomycin. Antibiotic stock solutions; dissolve
2 g cycloheximide in 40 mL of 75% ethanol; dissolve 2 g
chloramphenicol in 40 mL of 75% ethanol; dissolve 2 g strep-
tomycin in 40 mL sterile water, or filter sterilize after it dis-
solves in deionized water. GYE agar; add to a > 500 mL bottle
or Erlenmeyer flask 7.5 g Bacto agar, 5 g glucose, 2.5 g yeast
extract and 500 mL deionized water. Tighten lid on flask/
bottle completely, then loosen it by a quarter turn. Autoclave
this on a liquid cycle (30 minutes at 121 °C and 15 psi); cool in
a 55 °C water bath for 1 hour after autoclaving. Place bottle on
a stir plate and while stirring aseptically add 0.5 mL each of
cycloheximide, chloramphenicol, and streptomycin stock solu-
tions. Wipe benchtop with disinfectant to clean and remove
dust. Place 10 cm × 1 cm Petri dishes on the benchtop right
side up in a monolayer. Open lid and pour approximately
20–25 mL into each dish and close the lid. Allow 20 minutes
to set. (Makes about 20 plates) (see Note 3).

16. Sterile cell spreader.

17. ¾” wide time tape for plate edges.

2.2 Terminal

Exsanguination

1. Ketamine/xylazine anesthesia 100/10; using a 1 mL or 3 mL
syringe and a needle of ≤20G, draw up 1.45 mL sterile isotonic
USP saline (saline), 0.35 mL ketamine (100 mg/mL), and
0.18 mL xylazine (20 mg/mL) to make 2 mL anesthesia at a
concentration of 17.5 mg/mL ketamine and 1.8 mg/mL xyla-
zine. (see Note 2) Dispense into a sterile tube or vial with a
septum and rock tube to mix or triturate with syringe. Label
contents and date. (see Notes 1 and 4).

2. Small, sharp scissors.

3. Disposable plastic transfer pipets that hold more than 1 mL.

4. Tubes/cryovials in which to dispense blood.
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Fig. 1 (a) Small scissors 4–5 inches long and with sharp tips are most suitable
for mouse dissections. Sturdy 5″ scissors (1) are good for incising skin and bone
and removing organs for fungal culture or general histopathology. Very fine,
sharp-tipped 4″ iris scissors (for eye surgery) (2) are used for the fine dissections
of soft tissue, in particular the throat and trachea for lung fixation with formalin.
(b) 4″–4.5″ fine tipped forceps with serrated tips for gripping make it easy to grip
small parts and are essential for the light, nonslip grip of the trachea for lung
inflation with formalin

5. Absorbent paper towels.

6. Small rodent anesthesia chamber and isoflurane.

2.3 Organ Collection 1. Small, sharp scissors (Fig. 1a #1).

2. Small, fine forceps (Fig. 1b).

3. Sterilizer for instruments that will fit in BSC, for example, bead
sterilizer, small gas flame system with tap-on mechanism.

4. Nasco Whirlpak bags (1 oz).

5. Portable scale that weighs to 0.01 g accuracy.

6. Autoclave bag(s).

7. Disposable plastic-backed underpads.

8. Absorbent paper towels.

9. Sterile screw cap tubes with 4–5 mL cell culture medium
(if needed).

10. Small rodent anesthesia chamber and isoflurane for euthanasia.

2.4 Preparation of

Lungs for

Histopathology

1. 4% paraformaldehyde (PFA); fill 50 mL conical tube with
26 mL of sterile water, 4 mL of 10X PBS, and 10 mL
(1 ampule) of 16% methanol-free PFA. (Stable in refrigerator
[4°-8 °C] for 1 month).
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2. 18 G × 1″ or 1.25″ peripheral intravenous catheters.

3. 3 mL luer lock syringes.

4. Iris scissors (Fig. 1a #2) (see Note 5).

5. Fine forceps, 4″ with serrated tips for grip (Fig. 1b) (see Note
5).

6. Sharps container.

7. 4% paraformaldehyde – 1 tube of 3 mL for each mouse plus
extra bulk tube containing ~1–1.2 mL per mouse.

8. Screw cap vials containing 4–5 mL 70% ethanol – 1 per mouse
or tissue collected.

3 Methods

All Cp1038 spore suspensions, spore plates, and infected organs for
culture must be handled in Biosafety Level 3 (BSL3) laboratories.
All mouse infections must be performed and animals housed in
Animal BLS3 (ABSL3) laboratories. Wear appropriate PPE and
respiratory protection with primary barriers or PAPR (Power
Air-Purifying Respirator). Perform all manipulation of suspensions
and infected animals and tissues within approved and certified
biosafety cabinets (BSC). Where possible, such as tubes, plates,
and Whirlpak bags for collection of tissues, prelabel collection
materials. Preload tubes with solutions that can be refrigerated or
kept at room temperature. All wastes from procedures involving
infectious spores, live, or dead animals must be autoclaved to
decontaminate prior to disposal.

3.1 Preparation of

Infecting Suspension

1. Label tubes in ten-fold dilutions and final dilution to achieve a
concentration of 50 spores per 30 μL (1667 spores/mL). (see
Notes 6 and 7).

2. Dispense 900 μL saline into ten-fold serial dilution tubes.
Calculate needed volume and final dilution and add saline to
the final tube.

3. Vortex concentrated spore suspension for ~30 seconds to mix
well, then pipet 100 μL into 1:10 dilution. Vortex well and
transfer to next tube until final dilution is prepared.

3.2 Intranasal

Infection

1. Individually identify animals and weigh them. Permanently
record weights for monitoring.

2. Anesthetize with ketamine/xylazine anesthetic cocktail
(80/8). Give 0.1 mL for 18–21 g mouse intraperitoneally
with a 1 mL syringe and 27G × 1/2” needle. For every 2–3 g
increase in weight, give an extra 0.025 mL (see Note 8).
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Fig. 2 Intranasal infection. Mouse is gripped gently between closed fingers of the
hand and thumb is softly holding the mouth closed to ensure nasal breathing.
Nose angle is about 70% of vertical. Droplets of spore suspension are delivered
onto the nares with micropipettor

3. When mice are asleep, about 10 minutes, place cage in BSC.
Remove all the mice from the cage and place them on an
absorbent paper towel.

4. Pick the mouse up so its back is against your hand. Grip the
mouse gently between thumb and open palm with closed
fingers and use the thumb to gently close the mouth. Hold
the mouse with nose at about 70% of vertical. Use care to avoid
pressure on the throat (Fig. 2).

5. Aspirate 30 μL of vortexed infecting suspension with 200 μL
pipettor with a barrier tip attached. Slowly drop onto the nares
and wait for the liquid to be inhaled up the nose, then add
another droplet until the entire 30 μL is administered. (see
Notes 9 and 10).

6. If there any droplets on face/nares/whiskers, wipe the face
gently with a Kimwipe wetted with 70% ethanol. (seeNote 11).

7. Place the infected mouse in the home cage in lateral recum-
bency and make sure it continues to breathe. Repeat infection
procedure for each mouse and place them close together for
warmth. (see Notes 12 and 13).

8. Close cage. CLOSE suspension tube. (see Note 11) Spray all
cage sides generously with 70% ethanol to decontaminate and
replace in the housing area.

9. Vortex suspension between every 2 cages and continue until all
mice in the experiment are infected. Check mice regularly while
working to make sure all are waking up and are breathing.
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3.3 Postinfection

Verification of

Infectious Dose

1. Place 3 or 4 10-cm GYE plates into BSC along with plate
spreader.

2. Vortex the vial with the infecting suspension in it. Dispense
30 μL of the infecting suspension on each of the plates. Add
100 μL of saline and spread with a plate spreader. Dispose of
plate spreader in autoclave bag. (see Note 14).

3. Replace lid and wrap time tape around the entire circumference
of each plate so the lid and bottom remain together and spores
will not easily disperse from the plate.

4. Incubate for 3–4 days at 37 °C and count colonies; take average
to determine infecting dose.

3.4 Monitoring Mice 1. Check all mice following infection to make sure animals are
breathing and regaining ambulation. The next day make sure
all animals are alert and active in the cage. They do not nor-
mally suffer ill effects of the infection procedure, but rarely a
mouse will be found dead the following day. After 24-hour
check, monitor the activity of the animals 1–2 times weekly and
weigh and record weights once weekly.

2. When mice start to lose weight or look sick, increase frequency
of monitoring to daily. Euthanize moribund animals as needed.
Signs of illness include weight loss, hunched posture, reduced
activity, tachypnea, weakness and dullness, and ruffled fur.
Most signs are detected by observing the animals in the opened
cage. Weakness is easily felt when you pick them up to weigh
them. Criteria for moribundity include dehydration ≥10%
based on skin turgor test, isolation from cagemates, weakness
and dullness, weight loss ≥25% from weight at the time of
infection (mice may gain weight early on and have more weight
to lose before they appear ill), difficulty eating, drinking, or
ambulating, any CNS signs (paresis, paralysis, seizures, head
tilt, circling, obtundation, coma). (see Note 15) Check with
your animal welfare committee to determine if your criteria for
moribundity differ from these.

3. Chronic infection model studies are frequently carried out for
10 weeks or more. Resistant B6D2F1 mice remain asymptom-
atic for at least 9 months. (see Note 16).

3.5 Collection of

Tissue for Quantitative

Fungal Culture or Flow

Cytometry

1. When mice are moribund (see Subheadings 3.4) or at the
scheduled termination date, euthanize the animals inside the
biosafety cabinet in the ABSL3 laboratory. Record terminal
weights.

2. Have your Nasco Whirlpak bags and GYE plates prelabeled for
the organ and mouse. Place the portable scale accurate to
0.01 g in the BSC. To weigh lungs and spleens, place Whirlpak
bag on the scale and zero it before placing the tissue in the bag.
(see Note 17).
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3. Place a beaker with 1/2–3/4″ of 70% to 100% ethanol in the
biosafety cabinet. Place your instruments, functional end
down, in the beaker.

4. Place 2–4 mice together on an absorbent towel. Snip approxi-
mately ¼” of skin laterally across the midline for each mouse
just above the level of the groin. Place your instruments back in
the ethanol. Firmly grasp the skin you have snipped and pull
the tag toward the head and over the head so the mouse is
“peeled” in a single motion. (seeNote 18) This helps to reduce
hair and contamination of the abdominal and thoracic wall.

5. Sterilize your instruments with the sterilization tool available in
your BSC. (see Note 19).

6. Make a cut from mid-abdomen to the bottom of the sternum
keeping your scissors shallow and tenting the abdominal wall
with your forceps so you do not cut gut. Cutting the gut will
contaminate your cultures with bacteria. Make a second cut
along the left side of the body wall to expose the left side
abdominal organs. Push the body wall out of the way. Expose
spleen from behind the stomach and intestines on the left side
of the mouse. Grasp the spleen with your forceps, exteriorize it
from the abdomen, and sharply dissect it from the ligament
that holds it in place. (Fig. 3) (see Note 20).

Fig. 3 (a) Spleen has been exteriorized from its position on the left side of the
abdomen under the stomach and cranial to the left kidney. (b) Cut the ligament
away on the underside to release the spleen
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Fig. 4 Early fungal growth on a spleen plated whole on GYE agar to determine
dissemination if organs are not being cultured for fungal burden

7. For quantitative culture, place spleen in a Whirlpak bag and
fold down the top and secure the ends. (seeNote 21) For Flow
Cytometry, place spleen in prelabeled tube with 3–4 mL of cell
culture medium. For nonquantitative culture to check the
presence of dissemination, place the spleen on a prelabeled
GYE plate. Seal the plate around its circumference with ¾”
wide time tape and incubate at 35–37 °C for up to 7 days or
until fuzzy white growth is observed on the spleen. (Fig. 4) (see
Notes 22 and 23).

8. To open the thorax, snip the ribs and diaphragm to release
vacuum in the thorax. The lungs will pull away. Cut along the
edge of the diaphragm and both sides of the ribcage and push it
up over the mouse’s head, or snip it off.

9. Before grasping the lungs with forceps and cutting blood ves-
sels in the thorax, gently move lungs around to note extent and
number of lesions in the lungs. Pinching the lung tissue with
forceps creates marks that may be mistaken for coccidioidal
granulomas or hemorrhage, so tissue handling should be kept
to a minimum. Lungs may have few, small lesions of 1–2 mm
diameter (Fig. 5a), or the lungs could be 50–90% abnormal
tissue with many granulomas or consolidated lobes and very
enlarged lymph nodes (Fig. 5b). Collect lungs by cutting at the
base under the heart.

10. Place lungs in Whirlpak bag and weigh. (seeNote 24) For flow
cytometry, place the lungs into a prelabeled tube with 3–4 mL
of cell culture medium. (see Note 25).
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Fig. 5 Chronically infected lungs at dissection may have small, well-defined granulomas as in (a) (arrowhead),
multiple coalescing granulomas, or one or more consolidated lung lobes (b). In (b), the asterisk marks an
extremely enlarged consolidated lung lobe, while the arrowhead points out a small amount of normal lung
tissue visible in the cranial thorax. In both images, the mouse’s head is to the left and the ribcage has been
cut away

3.6 Terminal

Exsanguination (see

Note 26)

1. Anesthetize mice with the 100/10 ketamine/xylazine mixture
IP for surgical plane of anesthesia and deep pain relief. (see
Note 4) Wait until toe pinch reflexes are gone. If anesthesia is
not adequate, briefly expose mice to isoflurane in a rodent
anesthesia chamber.

2. Place mouse in dorsal recumbency on absorbent towels. Have a
plastic transfer pipet and receptacle for blood at close hand.
Moisten the axillary area with ethanol.

3. Retract the forelimb away from the body and dissect the skin
only for about 8–10 mm in the axillary region.

4. In one definitive cut, sever the axillary vessels deeply between
the body wall and the scapula. The blood will flow very fast.
Collect the blood with the transfer pipet to reduce the blood
on the animal, which gets in the way of visualizing the tracheal
dissection. Suction blood until bleeding stops.

5. If the mouse is not deceased from the blood loss, place it in
isoflurane in a small rodent anesthesia chamber until breathing
stops or use other approved method of euthanasia.

3.7 Collection of

Lungs for

Histopathology

1. Perform terminal exsanguination (3.6 or other approved
method and see Note 26) and make sure mice are deceased
before dissection. (see Note 27).

2. Remove the skin as described above (see Subheading 3.5 #4).
After collecting any abdominal organs required for study per
Subheading 3.5, dissect the axillary areas and pull the forelegs
over the head as well, exposing the throat with a sharp dissec-
tion of the subcutaneous tissues to above the level of the larynx.
You should see the jaw when you have dissected far enough
toward the nose (Fig. 6a).
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Fig. 6 Dissection of trachea to infuse lungs with paraformaldehyde. (1) Dissec-
tion of throat showing forelegs and soft tissue cut away on sides and skin pulled
far up along the jaw. (2) Grasp the thin layer of tissue overlying the trachea with
fine forceps and cut it away. (3) Dissected trachea showing tracheal rings. (4)
Initial nick in trachea with iris scissors. Hole can be carefully enlarged just
enough to work catheter tip in

3. Carefully snip a hole in the thorax at the bottom of ribcage
where it meets the diaphragm to allow the lungs to pull away;
take care not to cut the lungs. Cut across the diaphragm and up
both sides of the ribcage, avoiding the lung tissue. Turn the
mouse 180 degrees so your dominant hand is closest to the
head of the mouse.

4. Open an 18G catheter and remove the metal stylet and discard
in a sharps container. Attach the catheter hub to a 3 mL luer
lock syringe. Draw up 0.8–1 mL of 4% paraformaldehyde.

5. Using fine-tipped iris scissors, sever the throat muscles carefully
and push them aside. Grasp the tissue overlying the trachea
(Fig. 6b) with your fine forceps and dissect it carefully out of
the way, exposing the tracheal rings and larynx (Fig. 6c). Nick
the trachea between cartilage rings 1–3 rings below the larynx.
Cut the trachea about 1/3–1/2 way through its diameter
(Fig. 6d) (see Note 28).
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Fig. 7 Perfusion of lungs with paraformaldehyde. (1) Hold trachea lightly with
forceps to work the tip of the catheter into the hole. (2) Feed the catheter into the
trachea until it is within the thorax and feels firmly seated, maybe 5–7 mm. (3)
Lungs properly inflated with paraformaldehyde

6. Gently work the tip of the catheter attached to the syringe into
the trachea, holding the trachea gently with fine forceps in your
other hand (Fig. 7a). Feed the catheter beyond the thoracic
inlet toward the bifurcation, maintaining a light grip with the
forceps (Fig. 7b). Fill the lungs with the fixative by gently
depressing the syringe. You will see them inflate with the fluid
(Fig. 7c).

7. Withdraw the catheter and clamp the trachea closed for 10–-
15 seconds with the forceps, then release. (see Note 29).

8. Dissect lungs and place in 4–5 mL of 4% PFA in a prelabeled
screw-cap tube.

9. Fix for ~24 hours in PFA, then transfer to tubes with the same
volume of 70% ethanol. (see Note 30).
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4 Notes

1. Detailed instructions for growth and harvesting of Coccidioides
species cultures to produce arthroconidia are outside the scope
of this article and it is thoroughly presented in reference
[14]. All procedures must be performed at Biosafety Level
3. Briefly, we grow mycelial cultures of Cp1038 on 2X GYE
plates for 8 weeks at 30 °C in an ambient air incubator to allow
for maximal production of arthroconidia. Arthroconidia are
harvested using the spin bar method in water [13], centrifuged
at 4000 g for 25–30 minutes, and filtered through Pellon® to
remove remaining mycelial fragments. Spores are centrifuged
again and resuspended in 1–5 ml of sterile water. To count the
spores, ten-fold dilutions are made until the spores can be
counted on a hemocytometer. Anticipate about 107 spores
per plate harvested and store them at around 107/ml. Using
the hemocytometer count, make ten-fold serial dilutions and
plate 100 μL on 3–4 GYE plates. Spread with a plate spreader.
Incubate at 35–37 °C for 72–96 hours and count cfu. Calculate
viable concentration.

2. Draw up saline first so as not to contaminate the saline bottle
with anesthetic. Dispense 1 mL into the sterile empty vial/
tube. Draw up the rest of the saline, then the ketamine and
xylazine to fill the syringe the second time to 2 mL. This
minimizes “insensible losses” of the ketamine in a needle hub
for controlled substance record-keeping purposes as well; 2 mL
will anesthetize about 18 18–20 g mice. Ketamine/xylazine
cocktail is stable at room temperature or 4 °C for up to
3 months [15] but check with your institution for its specific
guidelines for storage. We calculate what we need and make it
fresh for each experiment. It is also useful to create a table with
quantities of ketamine, xylazine, and saline for quick reference
to make larger volumes of ketamine/xylazine cocktail.

3. If there are concerns regarding contamination while pouring
plates on the benchtop, plates can be poured inside a BSC. If
space is limited, plates can be stacked 4–5 high to set. However,
this will increase the amount of time needed to set the plates.
There is no need to measure the volume inside the plate. If you
get 20–25 plates per bottle, then the plates are suitable for
cultures of Coccidioides spp. If plates are too thin (<15 mL),
the agar is not as strong and the plates may dry out during
incubation. If plates are too thick, counting the colonies
becomes difficult.

4. See Note 2. Use 0.15 ml per 25 g mouse. This mixture
provides a surgical plane of anesthesia with better immobility,
relaxation, and pain relief. It is appropriate for anesthetizing
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mice for performing painful procedures such as terminal exsan-
guination. For smaller mice and strains sensitive to anesthesia,
reduce the volume to 0.1 or 0.125 mL. Many mice in the
chronic disease model that have survived 12–16 weeks will be
well over 25 g in body weight and this anesthesia is appropriate
to bleed them out.

5. It is very important that these be very fine, sharp scissors for
dissection of throat. Approximately 4″ iris scissors are the best
for this (Fig. 1a #2). We preserve these scissors for fine soft-
tissue dissections and use a more rugged 5″ pair (Fig. 1a #1) for
cutting skin and bone and routine organ collections. Fine
forceps with serrations – so the tissue does not slip – are
appropriate for all dissections but are necessary for the tracheal
dissection. We use 4″ iris forceps (Fig. 1b).

6. Concentrated spore suspensions are typically around 1 × 107/
mL. Concentrated suspensions store better and maintain via-
bility longer under refrigeration. Reference [14] states spores
can be stored up to 6 months before making new suspensions.
Our experience with Cp1038 is that it will retain acceptable
viability in this concentrated suspension for at least 3 months at
4 °C. Reduction in viability, which we assess before each infec-
tion, triggers the harvest of fresh spores. We prepare fresh
diluted suspensions from concentrated suspensions for every
infection and discard all diluted materials.

7. Multiple tubes of ten-fold serial dilutions allow you to move a
larger volume of the starting suspension to the next tube,
reducing the effects of having an error in a very tiny volume
of spores. However, other dilution schemes can be used if
desired.

8. Our BSC holds two cages at a time and we anesthetize four
cages initially, then anesthetize another two cages in between
each set of two cages placed in the BSC for infection. This
minimizes the amount of time spent waiting for animals to
become asleep enough for infection. This is an efficient process
if there are two people working on it. A single person might
adopt a slightly different work flow.

9. If bubbles form or the droplet comes back out of the nose,
aspirate suspension back into the pipet, release the mouth and
allow the mouse to take a breath or swallow. Drop suspension
onto the nares again. If mouse is holding its breath, try pinch-
ing the rear foot; this may stimulate the mouse to take a breath
and then you can continue the infection procedure.

10. If the mouse is not sufficiently asleep as evidenced by stiff
extension of neck and forelimbs, crawling on the paper towel
before infection, or unwillingness to inhale suspension placed
on nares, briefly expose the animal to isoflurane in a small
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rodent anesthesia chamber until voluntary motion ceases and
quickly infect it. If left too long in isoflurane, the combination
of anesthetics will cause permanent respiratory arrest. You only
need relaxation to the point where dropping the fluid on the
nose causes a reflexive sniffing. If most mice require immersion
in isoflurane to infect, increase the dose of injectable anesthetic
or change the ketamine/xylazine concentration to the 100/10
cocktail. This may be mouse strain dependent. B6D2F1 mice
seem to be less sensitive to anesthesia than C57BL/6 or
BALB/c mice and may need the higher concentration.

11. Take extreme care and cover your suspension with a cap when
spraying 70% ethanol in the BSC or near your suspension. It is
easily killed by ethanol [16].

12. If mouse does not breathe after infection, place it in lateral
recumbency in your hand and begin gentle but vigorous
rubbing of the thorax, or tapping of the thorax for a few
seconds at a time, then see if it has started breathing; repeat if
not yet breathing or breaths look agonal and infrequent.

13. If the mice are slow to wake from your anesthesia (not sternal
and moving in ~15–20 minutes), place chemically activated,
disposable handwarmer packs in the cage under a thick paper
towel and place the mice on or near the warming pack (half on,
half off works well). Monitor the mice and remove the pack and
paper towel soon after all the mice are moving around. You can
reuse it in another cage of mice until infection is completed,
then discard in autoclave bag. Be sure to move your cages back
into the BSC before adding or taking out the warming packs.

14. To kill the suspensions after you have done your final plating,
spray 70% ethanol in the tube, then close it again and discard in
autoclave bag. This reduces risk of aerosols for personnel.

15. Susceptible C57BL/6 mice will begin to lose weight around
6 weeks postinfection. Mice infected with Cp1038 typically
decline more slowly than those infected with a virulent strain
and may survive several days or a few weeks after they start to
look unthrifty. This model is useful for studying genetic muta-
tions and exogenous treatment that worsen disease. In a
2-week infection model, it is difficult to determine the effects
of factors that make coccidioidomycosis worse, while this
slower model will separate them. Genetically immunodeficient
or immunosuppressed mice may die 2–3 weeks earlier than
normal mice and should be monitored accordingly.

16. Resistant mouse strains, such as B6D2F1, Swiss-Webster, and
DBA/2, are asymptomatic. After a brief initial loss of weight
during the first week following infection, they gain weight
throughout the observation period, 10–16 weeks for most
studies. One group of B6D2F1 mice maintained for 9 months
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postinfection doubled their infection weight, had low lung
fungal burdens, and minimal or no dissemination. During the
9 months, some mice would lose 1–2 g of body weight over a
couple of days, but this was always followed by a spell of
continued growth. DBA/2 mice were reported many years
ago to be resistant compared to other inbred mice tested with
the virulent C. immitis strain RS [17]. With Cp1038, DBA/2
mice survive at least 16 weeks, but they differ histopathologi-
cally from the B6D2F1 mice, which have very controlled,
mature granulomas.

17. The organs most commonly quantitated following intranasal
infection are the lungs and the spleen. The spleen fungal bur-
den is a good marker of the extent of dissemination. In immu-
nodeficient strains of mice, such as TNFα knockouts,
dissemination may be more severe and some mice may develop
CNS signs. Quantitative fungal burdens of other organs, such
as brain, may be applicable for your specific studies.

18. If you have not done this before, it takes some practice and you
may need to cut some skin on the back of the mouse that does
not separate. If you prefer not to use the peeling motion, you
can dissect the skin sharply with scissors up the midline from
groin to throat, then across at the bottom and top, and lay the
haired skin back. This takes more time and dulls scissors rapidly.

19. The two primary methods available to prevent contamination
between organs/animals are sterilization in a hot bead sterilizer
or dipping in 100% ethanol and flaming the instruments with a
tap-on gas flame (e.g., Touch-O-Matic Bunsen burner). The
instruments are hot from either of these methods of steriliza-
tion. Allow them to cool before grasping or cutting tissue so it
does not sear it or stick. Another method is a series of ethanol
dips and rinse. Fill and label 50 mL conical tubes in a rack with
100% and 70% ethanol and a final tube with sterile saline or
sterile water. Dip the instruments sequentially in 100% ethanol,
70% ethanol, then the rinse. The dips should be refreshed every
other day if mice are sacrificed over several days. If the dips look
very contaminated after sacrificing a lot of animals in one day,
discard and make fresh solutions for the next day. While the
ethanol effectively kills any cocci, we have found the alcohol
dip method leads to more contamination by extraneous fungal
colonies on the culture plates and we prefer a tap-on flame for
this procedure.

20. Enlarged spleens are usually very friable (fragile) and easily
crushed from the pressure of forceps and tear from pulling.
Grasp and pull them gently.

21. If you want a spleen weight, place theWhirlpak bag on the scale
and zero it before placing the spleen in the bag. A normal
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spleen weighs about 0.08–0.1 g. Chronic, progressive infection
and dissemination can increase them several fold.

22. Grossly infected spleens have whitish-grey to whitish-tan gran-
ulomas visible on the surface. These spleens should be checked
daily if incubating them whole on GYE plates and discarded by
autoclaving as soon as fuzzy mold growth is observed (Fig. 4).
In spleens with grossly visible granulomas, mold growth may
be observed by 48 hrs. Autoclaving as soon as observed mini-
mizes the risk of spore formation, which is an aerosol risk to
personnel. Spleens without obvious granulomas may need to
be incubated for up to 7 days to assure they are negative for
fungal growth.

23. If you are interested in the presence/absence of fungal growth
in any other organs, these can be added to the GYE spleen
plate. Organs that might be of interest in determining extent of
dissemination include, but are not limited to, liver, kidney, and
brain. Unless using high virulence models designed to create
CNS disease [18–20], identifiable neurological signs are
uncommon in mice that die in 2–3 weeks. In developing and
using the chronic disease model of Cp1038, we have found
that mice with immunodeficiencies may develop seizures, head
tilt, circling, or paresis. In surveying B6 mice with spleen
dissemination, we have also discovered there is fungal growth
from the brain in many mice without overt neurological signs.

24. Normal mouse lungs weigh ~0.2–0.25 g. Lung weights corre-
late well with fungal burden [21] and, along with gross disease
assessment, can help determine the number of ten-fold serial
dilutions for quantitation. If lungs are estimated to consist of
≥50% grossly abnormal lung tissue or they weigh more than
0.35 g, ten-fold dilutions between 102 and 105 will need to be
plated for counting until you determine the relationship
between lung weight and lung fungal burdens for the strains
of mice and time points you are assessing. Plates that have
between 25 and 100 colonies are the best dilutions to count.
For the B6D2F1 mice lungs weighing ≥0.35 g, serial dilutions
through 104 will yield countable plates. For lungs with 1–2
lesions and mainly normal tissue, or no gross disease, undiluted
homogenates will need to be plated in addition to the 1:10 and
1:100 serial dilutions.

25. If a lung weight is needed, zero the scale with the cell culture
medium tube before adding the lung, or weigh lungs on a
sterile weighing dish, then transfer to the tube.

26. Various methods exist for exsanguination. Obtain the assis-
tance of your laboratory animal department to determine
what protocols are recommended for terminal bleeding. You
need a method of terminal bleeding that does not involve any
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organs inside the thorax. If you don’t have a method that you
use routinely, this one leaves the lungs intact for the best
histopathological specimens.

27. Bleeding the mice out greatly improves the quality of lung
histopathology sections.

28. Do not cut trachea all the way through because it will retract
into the thoracic cavity and is very difficult or impossible to
locate and grasp for catheter insertion.

29. Filling the lungs with fixative expands the collapsed alveoli and
makes the histopathological sections easier to evaluate. This is
highly recommended if you want publication quality photomi-
crographs. Excess fixative will flow out of the trachea when you
release the forceps and this is normal.

30. Discard all formaldehyde waste per your institution’s chemical
hygiene protocols.
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Chapter 12

Mouse Models of Phaeohyphomycosis

Yi Zhang and Ruoyu Li

Abstract

Infections by dematiaceous fungi especially phaeohyphomycosis are an emerging group of infectious
diseases worldwide with a variety of clinical presentations. The mouse model is a useful tool for studying
phaeohyphomycosis, which can mimic dematiaceous fungal infections in humans. Our laboratory has
successfully constructed a mouse model of subcutaneous phaeohyphomycosis and found significant phe-
notypic differences between Card9 knockout and wild-type mice, mirroring the increased susceptibility to
this infection observed in CARD9-deficient humans. Here we describe construction of the mouse model of
subcutaneous phaeohyphomycosis and related experiments. We hope that this chapter can be beneficial for
the study of phaeohyphomycosis and facilitate the development of new diagnostic and therapeutic
approaches.

Key words Phaeohyphomycosis, Dematiaceous fungi, Mouse models, Subcutaneous infection,
Immunity

1 Introduction

Phaeohyphomycosis refers to infections caused by a large group of
heterogenous organisms called “dematiaceous” or “melanized”
fungi [1]. It includes a broad spectrum of diseases, which usually
include keratitis, superficial cutaneous or subcutaneous disease,
deep local infections, pulmonary infections, central nervous system
(CNS) infections, as well as disseminated disease [2]. Dematiaceous
fungi comprise a group of polyextremotolerant fungi, mainly
belonging to the order Chaetothyriales, which are capable of colo-
nizing a wide range of extreme environments [2]. Most clinically
relevant species are located in the genera such as Exophiala, Clado-
phialophora, Coniosporium, Cyphellophora, Fonsecaea, Phialophora,
and Rhinocladiella [3].

Although phaeohyphomycosis is rare, it is significant because of
its occurrence in otherwise healthy individuals and the emergence
within immunocompromised populations [4]. Recently, some of
the highly recalcitrant, disseminated dematiaceous fungal infections
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associated with CARD9 mutations were reported [5–12]. At the
same time, a Card9 knockout (Card9-/-) mouse model was cre-
ated to study CARD9 immunity [13]. So phaeohyphomycosis was
modeled by the subcutaneous injection of live P. verrucosa or
E. spinifera conidia into the footpads of Card9-/- mice [14, 15].
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Here, we describe the materials, methods, and notes for con-
structing mouse models of phaeohyphomycosis in detail. These
steps include conidia suspension preparation, establishment of sub-
cutaneous phaeohyphomycosis mouse model, footpad swelling rate
assay, fungal burdens measurement in the infected footpads, sur-
vival rates assay, histopathological analysis, and local immune
responses study. We hope that this chapter could be helpful to
benefit the study of phaeohyphomycosis and facilitate the develop-
ment of new diagnostic and therapeutic approaches.

2 Materials

2.1 Subcutaneous

Phaeohyphomycosis

Mouse Model

1. Mice: Six- to 8-week-old C57BL/6 mice should be maintained
in specific pathogen-free facilities. WT and knockout mice
should be matched for sex and age. Animal studies needed to
be approved by the Institutional Ethics Committee of your
affiliation and performed in the Biosafety Level II Laboratory
(see Note 1).

2. Fungal isolates: P. verrucose, F. pedrosoi, C. carrionii,
E. spinifera, and other black yeast isolates (see Note 2).

3. Potato dextrose agar (PDA) medium: prepare PDA powder
and distilled water and autoclave PDA medium (3.9% in
water), then pour into 75 cm2 culture flask to make PDA slants.

4. Oatmeal agar (OA) medium: prepare OA powder and distilled
water and autoclave OA medium (7.25% in water), then pour
into 75 cm2 culture flask to make OA slants.

5. Sterile saline.

6. PBS.

7. Pipette.

8. Gauze.

9. Hemocytometer (see Note 3).

10. Microscope.

11. 0.5% sodium pentobarbital.

12. 1 mL sterile syringe.

13. Mouse fixator.
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2.2 Footpad Swelling

Rate Assay

1. Micrometric caliper.

2. Camera (see Note 4).

2.3 Fungal Burdens

Measurement

1. Sterile scissors and tweezers.

2. Tissue homogenizer (see Note 5).

3. Sterile saline.

4. 75% alcohol.

5. Sabouraud dextrose agar (SDA) medium: prepare SDA powder
and distilled water and autoclave SDAmedium (6.5% in water),
then pour into culture dish.

2.4 Histopatho-

logical Analysis

1. Sterile scissors and tweezers.

2. 75% alcohol.

3. 4% formalin solution.

4. Hematoxylin and eosin (HE) staining buffer: hematoxylin
staining solution, eosin staining solution.

5. Periodic acid–Schiff (PAS) staining buffer: periodic acid solu-
tion, Schiff reagent, hematoxylin staining solution.

2.5 Local Immune

Responses Study

1. Sterile scissors and tweezers.

2. 75% alcohol.

3. RNA later (see Note 6).

4. Electric homogenizer.

5. Trizol.

6. Chloroform (see Note 7).

7. Isopropanol.

8. DEPC solution.

9. Takara reverse transcriptase.

10. Power SYBR® Green PCR Master Mix.

11. Primer (see Note 8).

12. RNase-free water.

13. Tissue homogenizer.

14. Mouse cytometric bead array (CBA) Th1/Th2/Th17 kit,
Mouse CXCL1 duo-set ELISA kit, Mouse CXCL2 duo-set
ELISA kit, Mouse IL-22 duo-set ELISA kit, ELISA solution
buffer.

15. Liberase, DNAse I.

16. Fluorescent conjugated antibodies (see Note 9).

17. 7-amino-actinomycin D (7-AAD).

18. Staining buffer.
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3 Methods

Carry out all procedures with attention to aseptic operation.

3.1 Conidia

Suspension

Preparation

1. Culture P. verrucose, F. pedrosoi, and C. carrionii isolates on
oatmeal agar for 14–21 days at 28 °C, and E. spinifera isolate
should be cultured on potato dextrose agar for 14–21 days at
28 °C (see Note 10).

2. Rinse the agar slants with sterile saline and collect the conidia
suspension with the sterile pipette.

3. The suspensions of P. verrucose, F. pedrosoi, C. carrionii, and
E. spinifera were filtered through 8 layers of sterile gauze to
remove hyphae and medium components (see Note 11).

4. Wash the conidia suspensions twice with sterile PBS buffer and
centrifuge at 1000 g for 8 min. Then resuspend sediment with
sterile saline, and adjust the concentration of conidia suspen-
sions to 1 × 109 CFU/mL.

3.2 Establishment of

Subcutaneous

Phaeohyphomycosis

Mouse Model

1. Before inoculation, each mouse was restrained and injected
intraperitoneally with 0.5% sodium pentobarbital at 10 μL/g
(see Note 12).

2. Using a 1 mL sterile syringe, subcutaneously inject 100 μL of
the viable conidia suspensions of different dematiaceous fungi
into the two hind footpads of the mouse. The injection con-
centrations of the viable conidia suspensions were: P. verrucose
1 × 108 CFU/mL, F. pedrosoi 1 × 109 CFU/mL, C. carrionii
1 × 109 CFU/mL, and E. spinifera 5 × 108 CFU/mL (seeNote
13).

3.3 Footpad Swelling

Rate Assay

1. Using micrometric caliper to measure the thickness of mouse
hind footpads before inoculation and every week after inocula-
tion and calculate the footpad swelling rate;

Footpad swelling rate (%) = {footpad thickness after inoc-
ulation (mm) - footpad thickness before inoculation (mm)}/
footpad thickness before inoculation (mm) × 100% (see Note
14).

3.4 Fungal Burdens

Measurement in the

Infected Footpads

1. The footpad skin lesions were excised under aseptic operation,
weighed, and recorded.

2. Transfer the excised tissue to a tissue homogenizer, add 1 mL
of sterile saline, and grind it to prepare the tissue homogenate
(see Note 15).

3. The tissue homogenate was serially diluted with sterile saline,
and the dilutions were 1:1, 1:10, 1:100, and 1:1000, respec-
tively. Add 100 μL of the tissue homogenate of different
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dilutions on the SDA medium, and evenly spread. Do two
replicates for each dilution.

4. Count the colony forming unit (CFU) after culturing at 28 °C
for 1 week, and the fungal burdens (Log10CFU/g) were calcu-
lated. Log10CFU/g = Log10 {CFU/ tissue weight(g)}.

3.5 Survival Rates

Assay

Observe mice over 12 weeks and record mice that were found
moribund as deaths for survival analysis. The amount of mice kept
to observe the survival rate is 10–12, and the death due to improper
operation was recorded as data lost (see Note 16).

3.5.1 Expected Results In our experience, the death of Card9 KO mice often occurs
4–6 weeks after infection with 1 × 107 CFU P. verrucose,
1 × 108 CFU F. pedrosoi, 1 × 108 CFU C. carrionii, and
5 × 107 CFU E. spinifera, respectively. Generally, there was no
mortality in WT mice.

3.6 Histopatho-

logical Analysis

1. At week 6–10 post-infection, two mice from each group
infected with dematiaceous fungi were euthanized, immersed
in 75% alcohol for 10 min.

2. Use sterile scissors and tweezers to cut the footpad skin lesions
and visceral tissues, including brain, lung, liver, spleen, kidney,
inguinal lymph node tissue, in a benchtop. Then place them in
formaldehyde (10%), and fix at room temperature for 24 hours
(see Note 17).

3. The tissues were washed with water and dehydrated with 70%,
80%, 90%, 95%, and 100% ethanol gradient for 30min.

4. We used xylene to transparent, then dipped wax, embedded in
paraffin, and cut into slices.

5. The slices were about 2 μm in thickness and stained with
hematoxylin–eosin (HE) and periodic acid–Schiff stain (PAS)
separately.

6. Histopathological characteristics were observed under light
microscope. HE staining showed chronic granulomatous
changes with intense lymphocytes, histocytes, neutrophils and
other inflammatory cells infiltrating throughout the dermis.
Dematiaceous yeast and hyphae were noted with HE staining
and were obvious with PAS staining (Fig. 1).

3.7 Local Immune

Responses Study

1. At day 3 and 7 post-infection, three mice from each group were
euthanized and immersed in 75% alcohol for 10 min. The
relative mRNA expression levels of proinflammatory cytokines
(IL-1β, TNF-α, and IL-6) and neutrophils attracting chemo-
kines (CXCL1, CXCL2, and CXCL5) were determined in day
3 samples, and those of adaptive cytokine (IFN-γ, IL-17A, and
IL-22) were assessed in day 7 samples.

3.7.1 qRT-PCR Analysis

for Relative Cytokine and

Chemokine Gene

Expression in Footpad Skin

Tissue
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Fig. 1 Histopathology of HE-stained (a) or PAS-stained (b) footpad from infected Card9 KO mice at 8 weeks
after E. spinifera infection. HE staining showed intense lymphocytes, histocytes, neutrophils, and other
inflammatory cells infiltrating throughout the dermis. Dematiaceous yeast and hyphae were red with PAS
staining

2. Use sterile scissors and tweezers to cut the footpad skin lesions
in a benchtop, and put them into sterile EP tube containing
RNA later.

3. Total RNA extracts from tissues were prepared with TRIzol
reagent, and the subsequent reverse transcription was carried
out using Takara reverse transcriptase according to the proto-
col supplied by the manufacturer’s instructions (see Note 18).

4. Power SYBR®Green PCRMaster Mix-based quantitative real-
time polymerase chain reaction was performed by real-time
PCR with the ViiATM 7 system (see Note 19).

5. Relative gene expression of each target gene was determined
after normalization with transcript levels of GAPDH using the
2-ΔΔCt method.

3.7.2 Measurement for

Proteins of Cytokine and

Chemokine in Footpad

Homogenates

1. At day 3 and 7 post-infection, three mice from each group were
euthanized and immersed in 75% alcohol for 10 min.

2. Use sterile scissors and tweezers to cut the footpad skin lesions
in a benchtop, put them into the pre-weighed sterile EP tube,
and use a balance to measure the weight of the skin tissue.

3. Transfer the skin tissue to an autoclaved tissue grinder, add
pre-cooled sterile saline at the rate of 10 μL of pre-cooled
sterile saline to 1 mg of tissue, and grind it on ice to prepare
tissue homogenate. Then centrifuge at 4 °C, 1000 g for
10 min, aspirate the supernatant, aliquot them, and store in -
70 °C refrigerator (see Note 20).

4. The protein levels of cytokines TNF-α, IL-1β, IL-6, IFN-γ,
IL-17A in the skin tissue homogenate were detected using the



Mouse Models of Phaeohyphomycosis 165

Cytometric Bead Array (CBA) Mouse TH1/TH2/TH17
Cytokine kit (BD Biosciences) according to the manufacturer’s
instructions. The protein levels of proinflammatory cytokines
(TNF-α, IL-1β, IL-6) were determined in day 3 samples, and
those of adaptive cytokine (IFN-γ, IL-17A) were assessed in
day 7 samples (see Note 21).

5. Use R&D duo-set ELISA kit to detect the protein levels of
cytokine IL-22 and chemokines CXCL1 and CXCL2 in skin
tissue homogenate as the manufacturer’s instructions (see
Note 22). The protein levels of chemokines CXCL1 and
CXCL2 were determined in day 3 samples, and those of cyto-
kine IL-22 were assessed in day 7 samples.

3.7.3 Local Neutrophils

Infiltration by FACS

Analysis

1. Prepare the dissociation solution. Add 0.025 mg/mL Liberase
and 50 mg/mL DNAse I to PBS, and store at 4 °C (see Note
23).

2. Use sterile scissors and tweezers to cut the footpad skin lesions
under sterile conditions, and transfer them to a 6-well culture
plate containing dissociation solution.

3. Mince the tissue with sterile scissors and incubate them at 37 °
C and 5% CO2 condition for 30 minutes.

4. Transfer the above digested tissue to a 70 mm cell strainer
above the 50 mL centrifuge tube, and mildly grind the tissue
with the plunger of a 5 mL syringe.

5. Use ice-cold PBS to wash the remaining tissue on the strainer,
centrifuge the single-cell suspension at 400 g for 5 min, and
discard the supernatant.

6. Wash the digested cells with ice-cold PBS, resuspend them
in staining buffer, and adjust the cell concentration to
1 × 106/mL.

7. Transfer 1 mL of single-cell suspension into a flow cytometry
tube, adjust the total volume to 100ul, add up to 0.25 μg Alexa
Fluor 488 anti-mouse CD11b antibody, phycoerythrin anti-
mouse Ly-6G antibody and the corresponding isotype anti-
body, and incubate at 4 °C for 30 minutes according to the
manufacturer’s instructions.

8. Wash stained cells with ice-cold PBS, centrifuge them at 400 g
for 6 min, and discard the supernatant.

9. Resuspend the cells in 300 μL staining buffer, add 5 μL
7-amino-actinomycin D (7-AAD) to each tube, and incubate
for 5 minutes (see Note 24).

10. The proportion of 7-AAD-CD11b+Ly-6G+ neutrophils was
assessed by flow cytometry.
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4 Notes

1. During the experiment, the number of mice in each group
needed to be designed in advance according to the project to
be carried out. For example, at least 10–12 mice were required
for the observation of survival rate. C57BL/6 mice were rela-
tively ferocious, so operators should wear thick gloves to grasp
the mice when they established the subcutaneous phaeohypho-
mycosis mouse model.

2. According to the experimental purpose, select clinical strains or
environmental strains. The strains needed to be recovered first
and then passaged at least 2 times after recovery.

3. There will be artificial error in conidia counting, so it should be
counted at least 3 times and the average value should be taken.

4. When taking photos of footpads, you should pay attention to
the focus, so as to ensure the clarity of the photos. In addition,
abnormal signs such as extremity mutilation, local or distant
skin masses or ulcers, and central nervous system involvement
should be recorded.

5. The tissue homogenizer should be autoclaved and then placed
in an oven to dry before use.

6. If the tissue RNA could not be extracted immediately, the
tissue could be stored for at least 2 months by immersing in
RNA later and placing in -30 °C or - 70 °C.

7. TRIzol, chloroform, isopropanol, and DEPC solutions were
toxic and harmful, so you needed to wear masks and gloves
during the experiments.

8. The quantitative real-time PCR reaction system included 50 ng
cDNA, 10 μL SYBR Green Mix, 1 μL sense primer, 1 μL
antisense primer, RNase-free ddH2O adding to make up the
total volume to 20 μL.

9. The recommended antibodies were Alexa Fluor 488 anti-
mouse CD11b antibody and isotype antibody, phycoerythrin
anti-mouse Ly-6G antibody, and isotype antibody. The con-
centration of antibodies should be tested before starting.

10. P. verrucose, F. pedrosoi, and C. carrionii had difficulty produc-
ing spores so nutrient-rich oatmeal agar medium was required.
E. spinifera was a black yeast that could be cultured on potato
dextrose agar. Pay attention to prevent contamination during
incubation.

11. The filter was made by cutting off the end of a 15 mL centri-
fuge tube and placing the 8-layer gauze in it, and then
autoclaving.

12. Expose the hind footpads of the mouse using a specialized
mouse fixator.
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13. The injection concentrations of the viable conidia suspensions
were obtained according to the preliminary experimental con-
ditions such as the conidia production and growth rate.

14. Footpad swelling rate was entered into GraphPad software and
graphed to observe trends. Then you can compare differences
between different groups.

15. Grind the tissue as finely as possible while allowing the liquid
from the pestle to drain into the grinding fluid after grinding.

16. When mice were died, it was necessary to determine the cause
of death and perform an autopsy. Dissect the viscera, observe
the gross appearance and histopathology of the viscera, and
determine whether there was the dissemination of dematiac-
eous fungi. When the dissemination of dematiaceous fungi
occurred, black spots were occasionally observed on the surface
of the organ, and pigmented hyphae, pseudohyphae, and con-
idia positive for PAS staining could be seen in tissue sections
like lung and brain [7, 14, 15].

17. Pathological skin tissue collection should pay attention to pro-
tect the integrity of epidermis and dermis.

18. Take care to extract RNA in an RNase-free environment to
prevent RNA degradation.

19. Add Power SYBR®Green PCRMaster Mix in dark conditions.

20. The entire procedure should be performed on ice to prevent
protein degradation.

21. The catalogue number of CBA Mouse TH1/TH2/TH17
Cytokine kit (BD Biosciences) is 560,485. This is what we
recommend, but other kits may be suitable for your
experiment.

22. The catalogue number of R&D Mouse IL-22 duo-set ELISA
kit is DY582.

23. Dissociation solution should be prepared immediately
before use.

24. Neutrophils had a short lifespan and were prone to death, so
7-amino-actinomycin D (7-AAD) was used to exclude dead
cells.
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Chapter 13

Genetic Mouse Models of Pneumocystis Pneumonia

J. Claire Hoving, Ferris T. Munyonho, and Jay K. Kolls

Abstract

Pneumocystis jirovecii causes pneumonia in immunocompromised patients. A major challenge in drug
susceptibility testing and in understanding host/pathogen interactions is that Pneumocystis spp. are not
viable in vitro. Continuous culture of the organism is not currently available, and therefore, developing new
drug targets is very limited. Due to this limitation, mouse models of Pneumocystis pneumonia have proven
to be an invaluable resource to researchers. In this chapter, we provide an overview of selected methods used
in mouse models of infection including, in vivo Pneumocystis murina propagation, routes of transmission,
genetic mouse models available, a P. murina life form-specific model, a mouse model of PCP immune
reconstitution inflammatory syndrome (IRIS), and the experimental parameters associated with these
models.

Key words Pneumocystis murina, Immunocompromised, Rag1-deficient, Lung fungal infection,
Immune response

1 Introduction

Despite the challenges faced in studying Pneumocystis pneumonia
(PCP), there have been major accomplishments in this field. For
example, the development of a PCR-based diagnostic assay, which
has improved noninvasive diagnosis, and the genome analysis of
three Pneumocystis spp., which identifies key players in metabolic
functions and pathways [1]. This analysis has provided invaluable
insight into the genetic composition of Pneumocystis spp. and has
clearly demonstrated the very many genes that have been lost,
resulting in obligate biotrophy. This unusual pathogen composi-
tion also challenges current anti-fungal treatment strategies. For
example, Pneumocystis spp. contain cholesterol rather than ergos-
terol within the cell wall, which is the target for Azoles and Ampho-
tericin B. Also, only the cell wall of the cyst and not the trophs
contain beta-glucan, which limits the efficacy of Echinocandins.
Therefore, current treatment strategies make use of antibiotics
that target folate biosynthesis in microorganisms.
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Not only has the development of various mouse models signif-
icantly advanced our understanding of the host–organism interac-
tions and host defense mechanisms, but these models also allow for
the propagation of Pneumocystis murina. Numerous attempts to
culture this pathogen outside of murine hosts have been made with
limited success, which are elegantly reviewed by Cushion and col-
leagues [2]. Therefore, immunocompromised mice play an impor-
tant role in maintaining P. murina stock for infection studies.
Initially, athymic mice (nu/nu) were used to propagate P. murina
[3]. However, additional genetically modified, immunocompro-
misedmice have been included in this protocol due to their inability
to clear infection. There are various methods used to infect mice
with P. murina. Early experiments demonstrate that Pneumocystis
spp. is naturally acquired by horizontal transmission as an airborne
organism because animals co-housed with infected mice develop
disease [4–8]. While this infection model replicates natural trans-
mission, due to the lack of reproducibility, and control of the
infection timeline, other modes of infection are favored. For a
more reproducible and reliable infection model, the organisms
can be deposited directly into the respiratory tract. A limitation of
this approach is that animals are typically infected with a combina-
tion of asci and trophs, which does not model natural transmission.
However, this inoculation model has been useful to define cellular
immune requirements for fungal clearance. This is done with either
intranasal, oropharyngeal, or intratracheal instillation or the more
invasive transtracheal deposition [3, 8].

While the cyst is thought to be transmitted from one host to
another, it is the trophic form that is associated with tight adher-
ence to the type I pneumocyte and replication within the host.
Indeed, the trophic form has also been shown to manipulate host
immunity, potentially allowing the cyst to evade detection by the
host immune response [9]. Models that can differentiate the host
immune response to individual life-stage forms during infection are
invaluable. By taking advantage of the fact that cysts and trophs
vary in structure in that β-1,3-D glucan, the target of echinocan-
dins, is absent in trophic forms but abundant in the cyst wall, the
mouse model for depleting cysts is described in this chapter
[10]. Cushion et al. demonstrate that while echinocandin treated
mice still have trophs present, these trophs are unable to transmit
infection [10]. Since Pneumocystis spp. takes advantage of a weak-
ened immune system, there is usually an underlying predisposing
factor which promotes infection and leads to disease. Most patients
affected by PCP have HIV. PCP develops in advanced HIV disease
where CD4 T cell counts have been significantly depleted. As there
is a weakened immune response, Pneumocystis spp. may go unde-
tected until the CD4 T cell number increases because of antiretro-
viral therapy (ART). The recovery of T cell-mediated immunity can
lead to a rapid and exaggerated immune response to previously



“hidden” pathogens. This is immune reconstitution inflammatory
syndrome (IRIS) and pulmonary IRIS, is associated with P. jirovecii
in humans, and has a high morbidity and mortality rate [11–14]. In
this chapter, we additionally include a description of the PCP-IRIS
mouse model. Lastly, we also describe key experimental parameters
used to evaluate and analyze the mouse models of infection, includ-
ing microscopy, qPCR, β-D-glucan measurement, and plethysmo-
graphy, for lung function analysis.
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2 Materials

2.1 Pneumocystis

Murina Propagation In

Vivo

1. Sterile PBS.

2. 70 μm sieve attached to a 4 mL syringe.

3. Giemsa stain.

4. Fisher brand slides of known circumference.

2.2 Pneumocystis

Murina Infections

1. Anesthetic (e.g., isofluorane).

2. Suture wire.

3. Forceps, pipettor, and tips.

4. 18-gauge blunt needle.

5. Polyethylene catheter.

2.3 Tissue Collection

and Analysis

1. 10% formalin.

2. PBS (containing 0.5 mM EDTA).

3. 20-gauge cannula.

4. 3–10 cc syringe.

5. Giemsa stain.

6. Trizol or Qiagen RLT+.

7. RNA isolation kit.

8. cDNA synthesis kit.

9. Pneumocystis murina-specific mitochondrial small subunit
(mtSSU) rRNA primers or/and mitochondrial large subunit
(mtLSU) primers MouseOx or other murine pulse oximeter.

3 Methods

3.1 Pneumocystis

Murina Propagation In

Vivo

1. Pneumocystis murina is propagated and passaged in immuno-
compromised mice [3, 9, 15, 16] (see Note 1).

2. Prepare a single cell suspension from the whole lung of an
infected mouse, stored at -80 °C in 1 mL PBS. Thaw the



172 J. Claire Hoving et al.

lung suspension and strain through a 70 μm cell strainer in
4 mL PBS.

3. Wash the suspension by centrifugation at 2000 rpm for 10min-
utes at 4 °C and resuspend the pellet in 1 mL PBS.

4. Quantify the inoculum with a 1:10 dilution (5 μL) on fisher
brand microscope slides with a known diameter and stain with
Giemsa stain, which stains both cysts and trophs.

5. Count the number of cysts with a light microscope x 100 oil
immersion lens and adjust the inoculum concentration to 2 x
106 cysts/mL in PBS (see Note 2).

6. Infect mice with the freshly prepared inoculum at 2x106 cysts/
mL via oropharyngeal instillation in 100 μL (or 2 x 105 cysts
per mouse).

3.2 Route of

Experimental Infection

Host-to-host transmission of Pneumocystis spp. is established in
rodent models and is highly suggested in humans. In mice:

3.2.1 Natural

Transmission/Co-Housing

Model

1. Place two immunocompromised /immunosuppressed seed
mice (previously infected with P. murina for 4 weeks), with
10 to 15 recipient mice and cohabitate for up to 4 weeks (see
Note 3).

2. After the seeding period, sacrificed mice to confirm P. murina
infection with microscopy or qPCR.

3.2.2 Intranasal

Instillation

1. Administer 50 μL (4 × 106 cysts/mL) of the inoculum to
anesthetized mice as droplets at the nares using a pipettor.

2. Observe the inhalation of inoculum and allow mice to recover
from anesthesia.

3.2.3 Oropharyngeal

Instillation

1. Suspended anesthetized mice by their front incisors, gently
extending tongue with forceps (see Note 4). Administer
100 μL of the inoculum (2 × 106 cysts/mL) via the trachea
with a pipettor.

2. Observe the inhalation of inoculum, release the tongue, and
allow mice to recover from anesthesia.

3.2.4 Transtracheal

Injection

1. This procedure requires the surgical exposure of the anterior
trachea in anesthetized mice.

2. Place mice supine with the head slightly elevated at 45 degrees.
Make a superficial midline incision in the anterior neck to
expose the trachea.

3. Pass an 18-gauge blunt needle through the mouth into the
trachea and verify the position visually.

4. Thread a polyethylene catheter through the needle so that the
catheter tip extends just beyond the needle in the mid-trachea.
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Laboratory tape can be applied to the catheter to prevent
advancement of the catheter into a distal mainstem bronchus.

5. Inject the inoculum (100 μL of 2 × 106 cysts/mL) through the
catheter into the lungs and follow immediately with
0.25 mL air.

6. Remove the needle and catheter suture the incision and allow
mice to recover from anesthesia [3].

In addition to the route of infection, genetic mouse models
play a key role in understanding host response to infection. These
models are summarized in Table 1 and Note 5.

Furthermore, there are infection models used to target specific
life forms, such as the specific depletion of cysts using echinocan-
dins (see Note 6).

3.3 IRIS Mouse

Model

A mouse model of PCP IRIS has been established to determine the
underlying factors which contribute to the immune mechanism of
this pathological response [11, 13, 14]. There are slight variations
to this model but essentially include the following:

1. Infect female SCID mice with P. murina by either direct intra-
nasal inoculation (1 × 105 cysts) or co-housing.

2. For co-housing experiments, house mice with heavily infected
SCID mice for 6 weeks prior to immune reconstitution.

3. After 17–21 days, reconstitute mice with 5 × 107 splenocytes
from naive C57BL/6 J donor females or congenic spleen cells
from normal C.B-17 mice via intraperitoneal injection.

4. Following reconstitution mice develop IRIS and clear
P. murina infection within 3 weeks.

5. Depleting CD4+ T cells, protects mice from the acute patho-
physiology of IRIS, but these mice are unable to clear
infection [11].

6. The depletion of regulatory T cells from the splenocytes accel-
erates IRIS [17].

3.4 Experimental

Parameters

Euthanize mice with slow rising halothane (5% in air) or other
AALAC approved methods followed by cardiac puncture for
blood collection.

3.4.1 BAL Fluid

Collection for P. Murina

Detection

1. Collect BAL fluid from infected mice by inserting a cannula in
the trachea of terminally anesthetized mice (BAL is also used
for β-1,3-D-Glucan detection, see Note 7).

2. Lavage three times with 1 mL, warmed PBS (containing
0.5 mM EDTA) instilled into the bronchioles.

3. Gently retract the fluid to maximize BAL fluid retrieval and to
minimize shearing.

4. Stain BAL fluid with Giemsa to enumerate P. murina cysts.
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3.4.2 Lung

Histopathology

5. Remove the right lobe by first tying off the right mainstem
bronchus with suture.

6. Cannulate the trachea with a polyethylene cannula attached to
3–10 cc syringe filled with 10% formalin solution in PBS.

7. Inflate the left lung with 0.5–1 mL formalin and tie the trachea
with suture to keep the lung inflated.

8. Place the left lung in 10% formalin solution in PBS for histo-
logical processing (embedded in paraffin and stained with GMS
or hematoxylin-eosin stains).

3.4.3 RNA Isolation and

Quantitative PCR for P.

Murina

Total RNA is isolated from the lung tissue of infected mice using
the Trizol or Qiagen RLT+ method as per the manufacturer’s
instructions [18–21]. Below is the Trizol protocol:

1. Remove two right lobes and homogenize in 800 μL Trizol.

2. Isolate RNA and synthesize cDNA as per the manufacturer
instructions (using 1 μg of total RNA per 20 μL reaction).

3. Quantify P. murina burden using SsoAdvanced quantitative
RT-PCR (qRT-PCR) universal probe super mix, with the fol-
lowing P. murina-specific mitochondrial small subunit
(mtSSU) rRNA primers:

Forward: 5′-CATTCCGAGAACGAACGCAATCCT;

Reverse: 5′-TCGGACTTGGATCTTTGCTTCCCA;

FAM probe: 5′-TCATGACCCTTATGGAGTGGGCTACA.

4. Alternatively, the P. murina-specificmitochondrial large sub-
unit (mtLSU) rRNA can be quantified using one-step Taq-
Man RT-PCR reagents and the following primers [19]:

Forward: 5′-ATG AGG TGA AAA GTC GAA AGG G-3′.

Reverse: 5′-TGATTG TCT CAG ATG AAA AAC CTC TT-3′.

FAM probe: 5′-6FAM- AACAGCCCAGAATAATGAA
TAAAGTTCCTCAATTGTTAC-TAMRA.

3.4.4 Plethysmography

(for IRIS)

To measure the effect of PCP IRIS on lung function, the physio-
logical assessment of live and ventilated mice can be determined
[13, 14]. For this procedure, dynamic pulmonary compliance and
resistance is measured.

1. Anesthetize mice by intraperitoneal injection of 0.13 mg pen-
tobarbital sodium/gram body weight.

2. If desired pulse oximetry can be performed at this stage using a
MouseOx or other murine pulse oximeter.

3. Perform a tracheostomy and insert a 20-gauge cannula 3 mm
into an anterior nick in the exposed trachea.

4. Open the thorax to equalize airway and transpulmonary
pressure.
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5. To assure mice tolerate the procedure, examine them for spon-
taneous respirations before proceeding further.

6. Place mice in the plethysmograph immediately and connect to
a Harvard rodent ventilator.

7. The data collected is analyzed as described by Bhagwat et al.
(2006) [13].

8. Lung compliance and resistance is calculated and normalized
for peak body weight.

9. As an alternative to Plethysmography (for IRIS), investigators
can measure parameters of lung injury in BAL fluid including
LDH and total protein as measures of lung injury.

4 Notes

1. Pneumocystis murina is incapable of being continuously
cultivated in ex vivo culture systems. Therefore, immunocom-
promised mice can be used to propagate organisms. These
include recombinant activating gene (Rag)1-deficient mice
(B6.129S7-Rag1tm1Mom/J) [15], Rag2-deficient mice
(B6-Rag2tm1Fw) [9], and Rag2-/–Il2rg-/- (B10;
B6-Rag2tm1Fwa Il2rgtm1Wjl) double deficient mice [16].

2. To enumerate the number of cysts, the slide has a circle of
known area. The number of cysts is counted per diameter and
πr2 used to calculate the number of cysts for the known area
where π =3.14 and r = number of cysts/2. Alternatively, an
aliquot of the inoculum can be used for RNA extraction fol-
lowed by RT-PCR to assess the mtLSU or other gene target to
quantify the inoculum.

3. Depending on local animal husbandry requirements, the ratio
of infected mice to naı̈ve mice can be as low as 1:4 per cage.
Unseeded immunocompromised/immunosuppressed control
mice are housed separately to prevent exposure to seeded mice.

4. It is important to be gentle in the tongue pull procedure to not
bruise the tongue that can result in swelling which can com-
promise food and water intake. Pulling the tongue forward
creates mild pressure on the upper esophagus which allows
the inoculum to be deposited in the trachea.

5. Failure to successfully propagate Pneumocystis spp. in vitro has
been a major impediment to studying the biology of this path-
ogen. This has necessitated the development of various in vivo
animal models of Pneumocystis pneumonia to study the path-
ogenesis, virulence, elicited immune responses, diagnosis, and
treatment strategies for this opportunistic fungal pathogen
[8]. Genetically modified mouse models represent a keystone
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for the in vivo studies of Pneumocystis pneumonia and have
been widely used for their well-characterized physiology along
with their genetic and biochemical similarities with human
[8, 22]. These models can be broadly categorized into two
groups: (I) models that are generally immunocompromised,
such as the SCID (severe combined immunodeficiency dis-
ease), Rag-1-/- and Rag-2-/- mice which do not have func-
tional B- or T-cells; and (II) models with a specific target gene
involved in the host response [8], for example, the CD40,
CD40L, B cells, IL-21R, and SP-A-knockout mice. Table 1
summarizes susceptible mouse strains and the various strategies
used to induce P. murina to these models. Lastly, resistant
mouse strains can be used to determine immune mechanisms
in human disease. These include wild-type BALB/c mice,
C57Bl/6 mice, as well Il17Ra-/- or Rorc-/- mice (on a
C57Bl/6 mouse background). These mice develop productive
P. murina infection up to 2 weeks but then eradicate the
fungus by 4–6 weeks postinoculation.

6. To directly study the role the trophic form plays in the host, the
cysts can be depleted using echinocandins. Cushion and col-
leagues describe a mouse model for selectively depleting cysts
but not trophs using anidulafungin, an echinocandin
[10]. Immunosuppressed mice are treated with echinocandins
and exposed to P. murina infected mice using the natural
exposure route. Anidulafungin modulates the P. murina life
cycle and depletes almost all cysts from the mouse.

7. β-1,3-D-Glucan is a high-molecular-weight polymer consisting
of β-(1,3)-linked glucose residues present in the cyst but not
trophic form of Pneumocystis species. Detection in the blood
or BAL fluid has been used as a diagnostic marker for PCP in
patients [30, 31]. β-1,3-D-Glucan is therefore detected in the
mouse model of infection to complement qPCR fungal burden
data and a commercial assay is used, Glucatell assay kit
[32]. The Glucatell assay kit is an enzymatic reaction specific
for β-1,3-D-Glucan. This is achieved by the ability of samples
containing beta glucan in their cell walls to activate Factor G
(serine protease zymogen) of the horseshoe crab coagulation
cascade. This pro-clotting enzyme cleaves p-nitroaniline from
the substrate, creating a chromophore that absorbs at 405 nm
(alternatively, the pNA is diazotized to form a compound that
absorbs at 540–550 nm). This assay is nonresponsive to endo-
toxin due to the removal of Factor C (an endotoxin-activated
serine protease zymogen of the horseshoe crab cascade).
Importantly, all laboratory materials (pipette tips, syringes,
tubes, etc.) should be certified free of contaminating
glucan [33].
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Chapter 14

Mouse Models of Mucormycosis

Ilse D. Jacobsen

Abstract

Animal models have been crucial in understanding the pathogenesis and developing novel therapeutic
approaches for fungal infections in general. This is especially true for mucormycosis, which has a low
incidence but is often fatal or debilitating. Mucormycoses are caused by different species, via different
routes of infections, and in patients differing in their underlying diseases and risk factors. Consequently,
clinically relevant animal models use different types of immunosuppression and infection routes.
This chapter describes how to induce different types of immunosuppression (high dose corticosteroids

and induction of leukopenia, respectively) or diabetic ketoacidosis as underlying risk factors for mucormy-
cosis. Furthermore, it provides details on how to perform intranasal application to establish pulmonary
infection. Finally, some clinical parameters that can be used for developing scoring systems and define
humane endpoints in mice are discussed.

Key words Rhizopus, Lichtheimia, Mucor, Immunosuppression, Ketoacidosis, Intranasal applica-
tion, Intratracheal application, Dissemination

1 Introduction

Mucormycosis is a term used to describe rare but severe fungal
infections caused by members of the Mucoromycotina, most com-
monly caused by Rhizopus, Mucor, Lichtheimia, and Cunningha-
mella species [1–5]. Infections occur commonly in the upper or
lower the respiratory tract if inhaled conidia are not cleared by the
innate immune system, resulting in rhinocerebral mucormycosis or
pulmonary mucormycosis [2]. Cutaneous infections can develop
after direct inoculation of spores into the tissue, for example, after
trauma [6–10], or as a manifestation of disseminated infection
[2]. Gastrointestinal mucormycosis is rare and likely results from
ingested spores [2, 11, 12]. A typical feature of mucormycoses is
angioinvasion, leading to hemorrhage, thrombosis, and tissue
necrosis and facilitating dissemination [13–16]. Similar to other
invasive fungal infections, immunosuppression is an important risk
factor for mucormycosis (Ref). Affected patients often have
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prolonged, severe neutropenia, malignant hematological disease
with or without stem cell transplantation, or used corticosteroids
long term for other diseases [1, 2, 17]. More specific risk factors are
poorly controlled diabetes mellitus with or without diabetic ketoa-
cidosis, iron overload, and therapy with the iron chelator deferox-
amine [1, 2, 17]. In previously healthy individuals, mucormycosis is
usually associated with trauma (Ref).

182 Ilse D. Jacobsen

Rhinocerebral, pulmonary, and disseminated mucormycoses
are typically rapidly progressing infections (Ref) with high mortality
rates [18]. Together with the low incidence rate (approx. 0.1–0.2
per 100,000 [5]), and the variety of pathogens and risk factors
involved, this poses a significant challenge for the design of clinical
trials in humans. Consequently, animal models are essential to study
pathogenesis of and therapeutic approaches to mucormycosis.
Pathogenesis is significantly affected by the route of infection and
underlying risk factors (Ref). For example, fungal spores initially
interact with lung epithelial cells during the establishment of pul-
monary mucormycosis, whereas the lung is not a primary target
after intravenous infection [19]. Diabetic ketoacidosis leads to
elevated extracellular iron levels and increased expression of host
cell proteins that are used by Mucorales for invasion [20], whereas
immunosuppression increases susceptibility by reducing fungal
clearance. Within immunocompromised patients and animals,
pathogenesis differs between those receiving leukoablative therapy
and corticosteroids, respectively. Leukopenia, and especially neu-
tropenia, directly impairs the host’s ability to respond to invading
pathogens by pathogen clearance, resulting in insufficiently
restricted microbial growth [21] and pathogen-driven tissue dam-
age. In contrast, corticosteroids impair antifungal activity of neu-
trophils [22], leading to overt neutrophil influx which contributes
to pathogenesis by immunopathology [21].

Consequently, diverse animal models have been used to study
specific types and aspects of mucormycosis (see [23]). Some
approaches are technically straightforward, such as inducing
disseminated infection by intravenous injection of spores. Others,
like induction of pulmonary infection, require less commonly used
application techniques. Both can be combined with different types
of immunosuppression or diabetic ketoacidosis as underlying risk
factors. Here, I describe methods to induce (i) immunosuppression
by corticosteroids, (ii) induction of leukopenia using cyclophos-
phamide, (iii) induction of diabetic ketoacidosis (DKA), and
(iv) intranasal application for induction of pulmonary infection.
Parameters useful for monitoring infection progression and estab-
lishing humane endpoints are also discussed. Protocol variations are
mentioned in the Notes.
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2 Materials

1. Cortisone 21-acetate (see Note 1).
suppression by

Corticosteroids
2. Sterile microcentrifuge or conical tubes (volume depending on

the number of animals).

3. Sterile endotoxin-free Dulbecco’s phosphate-buffered saline
(DPBS).

4. Sterile glass beads (diameter approx. 2 mm).

5. Ultrasonic water bath.

6. 1 mL Leur-Lok syringes.

7. 23-G syringe needles.

2.2 Induction of

Leukopenia Using

Cyclophosphamide

1. Cyclophosphamide (see Note 2).

2. Cortisone 21-acetate (cortisone acetate; purity ≥99%).
3. Weighing balance for mice.

4. Sterile microcentrifuge or conical tubes (volume depending on
the number of animals).

5. Sterile physiological saline.

6. Sterile DPBS.

7. Sterile glass beads (diameter approx. 2 mm).

8. 1 mL Leur-Lok syringes.

9. 27-G and 23-G syringe needles.

2.3 Induction of

Diabetic Ketoacidosis

(DKA)

1. Streptozocin (streptozotocin; Sigma-Aldrich; purity ≥98%; see
Note 3).

2. Fresh citrate buffer: Combine 20 mL of 0.1 M sodium citrate
with 30 mL of 0.1 M citrate acid to produce 0.1 M citrate
buffer. Adjust the pH to 4.0 by using 1NNaOH. Filter-sterilize
the citrate buffer and store it in a sterile conical tube on ice.

3. Sucrose-supplemented drinking water: Add 10% w/v white
sugar (see Note 4) to autoclaved water, 200 mL/bottle,
and cage.

4. Blood glucose meter and test strips (2 strips per mouse).

5. pH meter.

6. Biosafety hood.

7. Weighing balance for mice.

8. Sterile microcentrifuge or conical tubes (volume depending on
the number of animals).

9. Sterile syringe filters.

10. 1 mL Leur-Lok syringes.

11. 27-G syringe needles.
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2.4 Intranasal

Infection

1. Sporulated cultures of your fungi of interest (see Note 5).

2. Sterile DPBS.

3. Anesthetics for use in mice (see Note 6).

4. Heating pad (or similar device) to keep mice warm during
anesthesia (see Note 7).

5. Neubauer hemocytometer.

6. Sterile microcentrifuge or conical tubes (volume depending on
the number of animals).

7. 1 mL Leur-Lok syringes.

8. 27-G syringe needles.

9. 100 or 200 μL micropipette and fitting pipette tips.

2.5 Clinical

Monitoring and

Humane Endpoints

1. Weighing balance for mice.

2. Optional: Contactless infrared thermometer (range 25–40 °C;
measuring accuracy ±0.1 °C; see Note 8).

3 Methods

3.1 Experimental

Planning and

Acclimatization of

Animals

As outlined in the Introduction, mucormycoses are diverse infec-
tions and differ in the type of pathogen, underlying risk factors, and
localization. Thus, the first planning step is to decide which model
best reflects the scientific question to be answered.

For experiments involving mice, permission by specific regu-
latory bodies is usually required. Depending on local regulations,
the application process might require submission of experimental
details and attention to the 3R principle (replacement, reduction,
and refinement). Furthermore, publishers increasingly support
adherence to the ARRIVE guidelines (Animal Research: Reporting
of In Vivo Experiments) to ensure that studies report sufficient
details. Based on this, an experimental plan should be prepared
that includes at minimum the following:

1. Calculation of the group size (number of animals per experi-
mental group). This depends on the level of variation within a
group and the expected difference between groups. To ensure
reproducibility of results, it is usually preferable to perform two
independent experiments with a minimal group size over one
experiment with larger group size. If variability within groups
and effect size are unknown, pilot experiments with a small
number of mice (e.g., n = 3 mice) might be necessary. This is
often the case if no previous experience with the fungal strain
exists (to determine the optimal infectious dose); it might also
be helpful if personnel is not yet familiar with technical details.
Also see Note 9.



3.2 Immuno-

Mouse Models of Mucormycosis 185

2. Choice of mouse strain, sex, and age. Different inbred and
outbred strains have been used to study mucormycosis, and
the methods presented here are suitable for BALB/c, C57Bl/
6, and CD1 mice. However, infection kinetics and outcome
might differ between strains [24, 25]. Both male and female
mice can be used, but the course of infection might differ
(as recently shown for infection with Mucor circinelloides in
DKA mice [26]). If necessary, pilot experiments should be
performed to ensure that the course of infection with the
used dose is compatible with the study aim. Young adult mice
(6–12 weeks of age) are usually used, and the methods pre-
sented here were evaluated for this age group. Aged animals
might differ in their response to medication and drugs (pilot
experiments are recommended).

3. List of experimental procedures, humane endpoints (see Sub-
heading 3.6), and samples to be taken postmortem. It is recom-
mended to consult the ARRIVE guidelines for planning
additional aspects, such as inclusion/exclusion criteria, ran-
domization, blinding.

4. Based on the experimental plan, randomly allocate mice into
the groups at least 7 days before the first procedure to allow
them to get used to the new group structure. Mark the indi-
vidual mice to allow easy identification within the groups.
Record the individual weights and compare the weights across
groups to ensure equal distribution.

5. Weigh mice daily starting latest on the day before the first
procedure.

Corticosteroids impair antifungal activity of neutrophils, but do
not negatively affect neutrophil recruitment. Cortison derivatives
(such as prednisolone and dexamethasone) are widely used in
(veterinary) medicine, but have not been established for immuno-
suppression in fungal infection models. These are based on applica-
tion on cortisone acetate, which is adsorbed slowly after
intraperitoneal application, creating a depot effect. It is applied on
days -3 and day 0, with day 0 being the day of infection (Fig. 1).

suppression by

Corticosteroids

1. Weigh a sterile tube of sufficient volume (approx. 300 μL/
dose) and add the required amount of cortisone acetate
(25 mg/mouse) aseptically. Prepare 1 mL more than needed
to cover volume lost in needles/syringes.

2. Add sterile DPBS at the appropriate volume (200 μL/25 mg)
and sterile glass beads.

3. Shake vigorously and place in an ultrasonic water bath for
30 min. A homogenous slurry should be obtained; repeat
incubation in ultrasonic water bath if necessary (see Note 1).
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Fig. 1 Timing of interventions in the cortisone acetate model. Day 0 is defined as the day of infection; all other
days are designated in reference to day 0. Green: Acclimatization period before the first intervention; yellow:
period of immunosuppression; pink: period of immunosuppression and infection. i.p. intraperitoneal
application

4. Mix the suspension by inversion prior to loading into 1 mL
syringes; remove all air bubbles from the syringe.

5. Inject 200 μL intraperitoneally using a 23-G syringe needle (see
Note 10).

6. Check the animals 1 h and 3–4 h after injection (see Note 11).

3.3 Induction of

Leukopenia Using

Cyclophosphamide

Cyclophosphamide (see Note 12) is metabolized to the active
alkylating agent phosphoramide mustard, which causes irreversible
DNA and RNA crosslinking and thereby induces programmed cell
death [27]. It is used in cancer therapy and, in high dose, for
myeloablative conditioning chemotherapy [28]. The protocol
described here, consisting of repeated application of cyclophospha-
mide and a single injection of cortisone acetate (to impair function
of resident tissue macrophages), leads to sustained leukopenia
(including neutropenia). Successful immunosuppression can be
easily confirmed by the determination of leukocyte numbers in
blood smears or by using hematology counters (see Note 13).

1. The first application is given on day -4, with day 0 being the
day of infection (Fig. 2). Weigh each mouse.

2. Dissolve the cyclophosphamide powder with sterile physiolog-
ical saline to obtain a solution of 14mg/mL (seeNote 14). The
dose to be applied is 140 mg/kg, equivalent to 10 μL/g body
weight.

3. Load 1 mL syringes with the appropriate volume (10 μL/g
body weight); remove all air bubbles from the syringe.

4. Inject the appropriate volume intraperitoneally using a 27-G
syringe needle.

5. Check the animals 1 h and 3–4 h after injection (see Note 11).

6. Repeat steps 1–5 every third day (day -1, day 2, day 5, and so
forth) until the end of the experiment (Fig. 2).
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Fig 2 Timing of interventions in the leukopenic (cyclophosphamide) model. Day 0 is defined as the day of
infection; all other days are designated in reference to day 0. Green: Acclimatization period before the first
intervention; yellow: period of immunosuppression; pink: period of immunosuppression and infection.
i.p. intraperitoneal application, s.c. subcutaneous application

7. On day -1, prepare a 40 mg/mL cortisone acetate solution as
described in Subheading 3.2, steps 1–4. Cortisone acetate can
be applied immediately after cyclophosphamide injection.

8. Inject 100 μL (4 mg) per mouse subcutaneously using a 23-G
syringe needle. Check the animals 1 h after injection (see Note
11).

3.4 Induction of

Diabetic Ketoacidosis

(DKA) Using

Streptozotocin

DKA is a risk factor for various infections but especially prominent
in mucormycosis. Although various mouse models to study type
1 and type 2 diabetes have been developed, chemical ablation of
insulin producing beta cells by the application of streptozotocin or
alloxan is most commonly used model to study DKA in the context
of infectious diseases, including mucormycosis. One advantage is
that this model can be employed independent of the genetic back-
ground and age of the animals.

1. On day -14 (day 0 being the day of infection; Fig. 3), collect a
drop of blood from each mouse (e.g., by pricking the tail vein
with a 27-G syringe needle) and determine blood glucose levels
using a blood glucose meter and test strips according to the
manufacturer’s instruction (see Note 15) to establish baseline
blood glucose levels.

2. In the morning of day -10, weigh each mouse and remove the
food from the cage at least 4 h before streptozotocin injection
(see Note 16).

3. Prepare drinking water supplemented with 10% sucrose (1 bot-
tle/cage).

4. Calculate the amount of streptozotocin needed: 2 mg/10 g
bodyweight plus extra to cover volume lost in needles/syrin-
ges. Prepare the streptozotocin aliquot in a sterile conical tube
in a biosafety hood (see Note 3). Calculate the corresponding
buffer volume to be added to your aliquot to reach a concen-
tration of 19 mg/mL.
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Fig 3 Timing of interventions in the leukopenic (cyclophosphamide) model. Day 0 is defined as the day of
infection; all other days are designated in reference to day 0. Green: Acclimatization period before the first
intervention; light green: fasting period; orange: sucrose supplementation; yellow: period of diabetic ketoa-
cidosis (DKA); pink: period of ketoacidosis and infection. i.p. intraperitoneal application

5. Prepare fresh citrate buffer and store it in a sterile conical tube
on ice.

6. Right before use, add fresh citrate buffer to the streptozotocin
(1 mL/19mg) in a biosafety hood. Vortex. Avoid storage, keep
on ice if necessary.

7. Load 1 mL syringes; remove all air bubbles from the syringe.

8. Inject 100 μL/10 g body weight intraperitoneally using a 27-G
syringe needle. Citrate buffer without streptozotocin can be
used for control animals, if applicable.

9. Swap the normal drinking bottle with drinking water supple-
mented with 10% sucrose (see Note 16); supply normal food.

10. After 24 hours, replace the sucrose-supplemented drinking
water with normal water.

11. Monitor the weight by weighing mice daily.

12. On day -7, repeat blood collection (step 1) and determine
blood glucose levels. Successful induction of DKA results in
blood glucose levels ≥200 mg/dl (see Note 15).
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3.5 Intranasal

Infection

Both intranasal and intratracheal applications have been used to
successfully induce pulmonary mucormycosis. As a method for
nonsurgical oropharyngeal intratracheal administration has been
described in detail elsewhere [29], I’ll describe intranasal applica-
tion only. For either method, the effective spore concentration
reaching the lung can be determined in pilot experiments by sacrifi-
cing two to three mice immediately after the infection, dissecting
and homogenizing the lungs, and quantitative culture.

1. Harvest spores from agar plate cultures (see Note 5) using
sterile DPBS. Centrifuge, remove the supernatant, and resus-
pend in sterile DPBS; repeat this step. Determine the spore
concentration by counting using a Neubauer hemocytometer
and adjust to the desired concentration (seeNote 5) with sterile
DPBS (the volume used for infection is 20 μL).

2. Prepare a heating pad or similar device to keep the animals
warm during anesthesia.

3. Inject the first group of mice with anesthetics (see Note 6).
Place mice which have lost the righting reflex on the warming
pad. Monitor mice for loss of pinna and/or pedal reflex.

4. Once the reflex is absent, hold the mouse with the nondomi-
nant hand in loose restraining grip in an angled supine position
(the skin fold of the neck fixed between the thumb and the
index finger, the back supported by your palm). The head
should be in vertical position.

5. Using a 100 or 200 μL micropipette with your other hand,
slowly apply 20 μL of the spore solution as small drops onto
both nostrils. The drops should be inhaled without any cough-
ing, breathing should continue normally (see Note 16). Hold
the mouse in this position for 30–60 sec after the last drop was
applied and monitor breathing.

6. Place the mouse back onto the heating pad. If antagonizable
anesthesia is used, inject the antidote. Keep mice on the heating
pad until they regained consciousness, then place them back in
their cage. Depending on the type of anesthesia, repeated
monitoring during the recovery phase might be indicated (see
Note 6).

3.6 Clinical

Monitoring and

Humane Endpoints

Frequent monitoring of the health status and definition of humane
endpoints is an integral part of the 3R concept. Furthermore,
frequent clinical monitoring facilitates collection of data to describe
the course of disease (onset, type, and severity of symptoms) and
thus provides information beyond mere survival time. Humane
endpoints are defined as one or more predetermined physiological
or behavioral signs that define a level of welfare impairment that
requires action from the researcher. In some cases, this could be



medication to reduce pain, but more commonly the animal will be
euthanized. Euthanizing severely ill mice not only reduces the
amount and time of suffering for the animal, but also allows to
collect fresh samples for further analyses (e.g., determination of
fungal burden, analysis of immune responses, tissue samples for
histopathology). Humane endpoints must be scientifically justified
and applied consistently; often a clinical score based on several
parameters is used, and the animal is euthanized if a threshold is
reached in the cumulative score and/or if single parameters reach a
critical stage. The parameters to be monitored, the scoring system,
and the humane endpoints are usually part of the permission pro-
cedure for animal experiments and should be reported in detail in
publications. The following points are suggestions based on expe-
rience and literature and should be discussed with the attending
veterinarian or responsible committees before or during the exper-
imental planning. For qualitative parameter (such as behavior), the
scoring categories must be defined clearly and personnel trained
accordingly.
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1. Mice should be checked daily before the first procedure to
establish the baseline of the parameters to be monitored. This
is especially important if an unfamiliar mouse strain is used, as
strains can differ significantly in their activity. After infection,
check mice at least twice per day, ideally at the start and end of
the light cycle. Monitoring frequency should be increased if
rapid progression of disease can be expected and for animals
that score close to the humane endpoints.

2. Weigh mice once per day, at roughly the same time. Body
weight has the advantage of being a quantitative parameter
and is therefore often used to define humane endpoints, for
example, euthanasia if 20% of the original body weight have
been lost. This works well for rapid weight loss, as it is a clear
indicator of disease progression, and is usually accompanied
with other symptoms. Judging slow weight loss over several
days can be more challenging, especially in the absence of other
disease symptoms. For such cases, humane endpoints based on
the body condition score [30], rather than percentage weight
loss, might be more appropriate.

3. In healthy, young mice, the fur is shiny and the coat is flat.
“Ruffled fur” (piloerection) is a common unspecific symptom
of impaired health, which initially becomes evident in the face.

4. Behavior can be easily monitored by observing spontaneous
activity (exploration, resting, climbing, grooming, foraging,
etc.), and the response to stimuli can be tested by touching
the mouse. Moderate to severe lethargy is a clear indication of
severe disease and commonly used to define humane
endpoints.



Mouse Models of Mucormycosis 191

5. Similarly, body posture and movement can be assessed easily by
watching the mice. Sitting or walking with a hunched back is a
common symptom of pain or respiratory disease. A tilted head
(torticollis) occurs if infection involves the middle and/or
inner ear or central nervous system; it may progress to the
inability to walk straight and affect the ability of the mouse to
reach food or water (which is a reason for euthanasia). Throm-
bosis of distal veins after dissemination of infection from the
lung can lead to paralysis of limbs.

6. Breathing is a specific parameter that changes in pulmonary
infections. Counting the breathing rate (80–230 in healthy
mice) is difficult in mobile mice, but with some training
increased breathing rates indicating early pulmonary mucor-
mycosis can be qualitatively assessed. Progressing pneumonia
leads to labored breathing (dyspnea), characterized by reduced
breathing rate and increased thoracic/abdominal movement.
Open-mouthed breathing is a sign of severe dyspnea and asso-
ciated with severe suffering warranting euthanasia.

7. Mice that survive acute pulmonary mucormycosis might
develop disseminated disease that can target various organ
systems (e.g., liver or kidney). Consequently, various symptoms
can develop, for example, excretion of large amounts of color-
less urine as an indication of impaired kidney function. Thus,
any unusual observation should be documented and discussed
with experienced personnel, if necessary.

8. Measuring body temperature allows you to detect fever, but
more importantly for humane endpoints, reduced body tem-
perature is a common sign in severe infections indicating that
essential physiological functions can no longer be maintained.
It is a clear indicator of imminent death, usually associated with
moderate to severe lethargy. Rectal probes give very accurate
readings of the core temperature but cause stress to the animals
and can cause injuries. For daily measurements, we therefore
use contactless infrared thermometers: The mouse is gently
restrained and the surface temperature is measured at the car-
diac region. Reduction of body surface temperature by 2–3 °C
(depending on the mouse strain) is used as humane endpoint
(see Note 8).

9. Even if no organ samples are to be collected from euthanized
animals, a full dissection is useful to (i) record the type and
extent of visible organ alterations induced by the infection and
(ii) to exclude conditions unrelated to the infection as the cause
of symptoms.
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4 Notes

1. Due to the lack of solubility, working with cortisone acetate can
be tricky. It is essential to obtain a homogenous slurry without
clumps that can be injected without blocking the syringe nee-
dle. I recommend to prepare a test slurry before the injection
day to have time to optimize the protocol (duration and
strength of ultrasound, size of glass beads, use of a bead
beater). Make sure that the mixture does not heat up beyond
40 °C during the preparation process; include cooling periods
if necessary. A possible alternative is the use of other corticos-
teroids with immunosuppressive function that are available as
ready-to-use licensed drug formulations and have been used in
bacterial infection or transplantation models (prednisolone
50mg/kg intraperitoneally [31] or dexamethasone 5 mg/kg
of body weight intraperitoneally [32]). These protocols have
not been tested in murine mucormycosis models, and a pilot
experiment to determine if sufficient immunosuppression can
be achieved would be necessary.

2. Cyclophosphamide is available both as licensed drug and chem-
ical. Use of research-grade chemicals instead of licensed drug
formulations in animal experiments is legally restricted in some
countries (e.g., Germany). Check with the vivarium staff
and/or attending veterinarian to discuss options available
to you.

3. Streptozotocin is highly toxic for pancreatic beta cells. Thus,
adequate personal protection equipment must be used and the
substance must be handled in a biosafety hood. Aliquots of
streptozotocin powder can be stored at -20 °C in tubes that
are sealed well with cap and parafilm. The solution should be
used as soon as possible after preparation.

4. Both sucrose purchased for laboratory use and plain white
sugar for human consumption can be used.

5. The optimal media, incubation time, and temperature depend
on the fungal species and might vary from lab to lab. Similarly,
the optimal infectious dose will depend on the fungal species,
strain, and aim of the study (targeted survival rate in the
infected control group). Use information in published studies
for guidance and perform pilot experiments if necessary.

6. In principle, all types of anesthesia can be used; a disadvantage
of inhalation anesthesia, however, is the limited time available
for the intranasal application between stopping inhalation of
the anesthetic and awakening of the mouse. This can be chal-
lenging in the beginning. We use a combination of fentanyl
(0.05 mg/kg), medetomidine (0.5 mg/kg), and midazolam
(5 mg/kg) injected intraperitoneally, with naloxone (1.2 mg/
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kg), atipamezole (2.5 mg/kg), and flumazenil (0.5 mg/kg) as
specific antidotes injected subcutaneously after intranasal infec-
tion. The advantage is that the anesthesia can be antagonized,
thereby reducing anesthesia duration to the necessary mini-
mum. However, fentanyl is a regulated opioid and might not
be available in all facilities. A combination of ketamine and
xylazine can also be used, but this type of anesthesia cannot
be antagonized and, thus, results in longer immobility of mice.
Discuss the options available to you with the attending veteri-
narian, who can also provide detailed guidance on how to best
monitor the recovery period.

7. It is important that the temperature of the heating device can
be controlled to avoid overheating of the mice.

8. We use standard contactless infrared thermometers designed to
measure forehead temperature of humans. As the body surface
temperature of healthy mice is usually between 30.5 °C and
33 °C, it is important to choose a model that is accurate in the
range of 25–35 °C.

9. If changes of immunological or other physiological parameters
caused by infection are to be measured, a group mock-infected
with DPBS should be included. Such a control group can also
be used to assess the impact of immunosuppression/DKA and
other procedures on animal welfare (recommended to refine
methods during establishment of the protocol) and as sentinel
animals to detect other infections caused by facultative patho-
gens or a breach in hygiene. The latter is essential if non-SPF
mice are used, or if no sufficient physical hygiene barriers are
available (use of IVCs for keeping the mice and opening cages
in a clean bench only are recommended), as both immunosup-
pressive regimens and DKA render the mice more susceptible
to various types of opportunistic infections.

10. A 23-G syringe needle is recommended as smaller diameter
needles are more prone to be blocked by particles in the
suspension. Use a fresh needle for each animal; repeated use
of the same needle increases the risk of blocking.

11. Mice may temporarily show signs of abdominal pain after
intraperitoneal injection (either due to the trauma caused by
the injection itself or as a reaction to the injected substance). If
this occurs, it is usually evident 1 h after injection by separation
from the group and reluctance to move out of a sitting posi-
tion. In that case, check mice again 3–4 h later—the mouse
should behave normal again. If symptoms persist, continue to
monitor the animal and contact your attending veterinarian for
specific advice. A possibility for refinement is (besides optimiz-
ing the injection technique) the use of suitable analgesics.
Subcutaneous injections are usually tolerated very well, but
mice should be checked 1 h after injection.
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12. Cyclophosphamide can be teratogenic and therefore should
not be handled during pregnancy. For disposal, collect unused
solutions in a container for cytotoxic waste.

13. Depending on the fungal species, strain, and infection dose,
cyclophosphamide alone might induce sufficient immunosup-
pression, without the need of the additional cortisone acetate
application. This can be tested in a pilot experiment. As a
quality control, I recommend to always confirm
cyclophosphamide-induced leukopenia by comparing blood
taken before treatment and at euthanasia by counting leuko-
cytes in a blood smear or flow cytometry.

14. Dissolved cyclophosphamide is stable for 24 h in the fridge and
should not be used after 24 h.

15. We use a standard blood glucose meter and test strips designed
for use by human diabetic patients. Such devices and test strips
are inexpensive, easy to use, and require only a single drop of
blood which can be easily obtained by pricking the lateral tail
vein with a 27-G syringe needle. Streptozotocin treatment is a
reliable way to induce DKA, but not necessarily successful in all
mice (80 to ≥90% of mice develop DKA). It is therefore
essential to repeat the blood glucose measurement approx.
one week after treatment to be able to exclude animals without
DKA from the study. As an alternative to blood glucose,
ketones and glucose can be quantified in urine.

16. Fasting the mice before streptozotocin treatment and
providing sugar with the drinking water is crucial to prevent
lethal hypoglycemia.

17. Both the volume and the speed of application are crucial:
Excess volume or too rapid application can induce suffocation
and death. Allow for a few breaths between drops. If a mouse
stops breathing during/after application, gently compress the
thorax to push air out of the lungs and into the airways. Repeat
as necessary. Spontaneous breathing usually resumes after a few
compressions.
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Chapter 15

Bioluminescence Imaging, a Powerful Tool to Assess Fungal
Burden in Live Mouse Models of Infection

Agustin Resendiz-Sharpe, Eliane Vanhoffelen, and Greetje Vande Velde

Abstract

Aspergillus fumigatus and Cryptococcus neoformans species infections are two of the most common life-
threatening fungal infections in the immunocompromised population. Acute invasive pulmonary aspergil-
losis (IPA) and meningeal cryptococcosis are the most severe forms affecting patients with elevated
associated mortality rates despite current treatments. As many unanswered questions remain concerning
these fungal infections, additional research is greatly needed not only in clinical scenarios but also under
controlled preclinical experimental settings to increase our understanding concerning their virulence, host–
pathogen interactions, infection development, and treatments. Preclinical animal models are powerful tools
to gain more insight into some of these needs. However, assessment of disease severity and fungal burden in
mouse models of infection are often limited to less sensitive, single-time, invasive, and variability-prone
techniques such as colony-forming unit counting. These issues can be overcome by in vivo bioluminescence
imaging (BLI). BLI is a noninvasive tool that provides longitudinal dynamic visual and quantitative
information on the fungal burden from the onset of infection and potential dissemination to different
organs throughout the development of disease in individual animals. Hereby, we describe an entire
experimental pipeline from mouse infection to BLI acquisition and quantification, readily available to
researchers to provide a noninvasive, longitudinal readout of fungal burden and dissemination throughout
the course of infection development, which can be applied for preclinical studies into pathophysiology and
treatment of IPA and cryptococcosis in vivo.

Key words Aspergillus fumigatus,Cryptococcus neoformans, Bioluminescence imaging, Mouse model,
Preclinical research

1 Introduction

Compared to diseases caused by other microorganisms such as
parasites, bacteria, and viruses, fungal infections have been errone-
ously considered to be rare with little impact on patient’s health
[1, 2]. This has serious consequences as resources and methodolo-
gies to study these neglected diseases are scarce, limiting our under-
standing on the development of fungal infections and their
treatments [2]. Usually, most fungi are opportunistic pathogens
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and do not cause infection except in immunocompromised patients
[3]. However, as the number of patients receiving immunosuppres-
sive therapies is on the rise, the number of patients at risk for fungal
infections is constantly increasing. Aspergillus (mold) and Crypto-
coccus (yeast) spp. infections are two of the most common life-
threatening fungal infections in the immunocompromised
population.
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Amongst Aspergillus spp., the Aspergillus fumigatus complex is
the most frequent infecting species causing disease worldwide. The
clinical spectrum of this fungus is diverse, ranging from allergic and
chronic infections to acute invasive pulmonary aspergillosis (IPA),
the most severe form of aspergillosis [4]. High prevalence rates of
IPA have been reported in specific patient populations like hemato-
logical and solid organ transplant patients, chronic pulmonary
infections, and recently, in association with severe influenza and
COVID-19 pneumonia [4–6]. Each year, it is estimated that more
than a million patients develop IPA globally, with high mortality
rates ranging between 30% and 50% despite treatment [4, 7,
8]. Moreover, an increasing number of reports of resistance to the
recommended first line therapy of triazole antifungals are of grave
concern due to its increased associated mortality in patients [8–11].

Cryptococcus spp., particularly Cryptococcus neoformans and
Cryptococcus gattii, are likewise important pathogens affecting
immunocompromised patients, particularly in HIV-positive indivi-
duals [12, 13]. Cryptococcosis is a pulmonary or disseminated
infection acquired by inhalation of encapsulated cryptococcus
cells in the environment [13]. Cryptococcus neoformans causes
most infections, while C. gattii apparently also causes disease in
immunocompetent patients. After a pulmonary infection, a
disseminated infection can develop with a predilection to the
brain, with annual global burden of cryptococcal meningitis of
approximately 500,000 cases and mortality rates of 100% if
untreated [12]. Despite these alarming statistics, treatment options
for cryptococcosis remain limited, with only three major classes of
drugs approved for clinical use hampered by host toxicity and
pathogen resistance [14, 15].

Many unanswered questions remain concerning these fungal
infections. Therefore, additional research is greatly needed not only
in clinical context but also under controlled preclinical scenarios to
increase our understanding concerning their virulence, host–path-
ogen interactions, infection development, and effective treatment.

Preclinical animal models are powerful tools to address these
needs. Rodent models are currently the gold standard to study
these fungal infections in vivo as they present several similarities
to humans on disease infection development and immune
responses [16]. However, in most study models, assessment of
disease severity and fungal burden is performed exclusively by
invasive and variability-prone techniques such as colony-forming



unit (CFU) counting or histopathology. These methodologies cap-
ture only a single snapshot of the disease development limiting our
readouts and longitudinal assessment. Moreover, the statistical
power of these methods is low, particularly of CFU counts that
suffer from reproducibility issues and require to be addressed by
increasing the number of animals needed per timepoint
[17, 18]. These concerns can be overcome by implementing
in vivo real-time imaging techniques such as bioluminescence imag-
ing (BLI). The technique is based on the sensitive detection of light
emission (photons) generated by genetically engineered luciferase-
expressing microorganisms secondary to the oxidation of the sub-
strate luciferin [19]. BLI is a noninvasive tool that provides longi-
tudinal dynamic visual and quantitative information on fungal
burden and fungal dissemination to different infection sites in
individual infected animals as of the onset of disease, decreasing
inter-animal variability and number of animals needed per experi-
ment [20, 21].

BLI of A. Fumigatus and C. Neoformans Infections 199

To facilitate the study of fungal infections in vivo,
BLI-compatible fungal strains and infection models are recently
emerging, based on codon-optimized luciferases engineered for
expression by the specific fungus [19–34]. For the study of crypto-
coccosis and aspergillosis, our research group recently developed
and validated a novel C. neoformans (KN99α-CnFLuc) and three
A. fumigatus red-shifted luciferase expressing strains, one suscepti-
ble and two triazole antifungals resistant strains harboring the most
commonly reported resistance mechanisms in A. fumigatus (-
Af_lucOPT_red_TR34 and Af_lucOPT_red_TR46) [20, 35]. Com-
pared to other luciferases, light emitted by red-shifted luciferases
(600–700 nm) is less absorbed by hemoglobin and has reduced
tissue scattering [20, 30, 35]. These features successfully increased
the sensitivity of detection of BLI signal from low fungal burdens,
particularly at earlier stages of infection, and provided powerful
dynamic longitudinal infection readouts of these deep-seated fun-
gal infections to be used for several applications such as antifungal
therapy efficacy studies in mouse fungal infection studies [20, 35,
36].

Here, we describe an entire experimental pipeline from mouse
infection to bioluminescence imaging acquisition and data proces-
sing in a neutropenic mouse model of IPA and a mouse model of
pulmonary cryptococcosis, readily applicable to monitor fungal
burden progression from early disease onset throughout infection
development and dissemination.
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2 Materials

2.1 Fungal Strains 1. Aspergillus fumigatus isogenic strains expressing a red-shifted
thermostable firefly luciferase (derivatives of A. fumigatus ref-
erence strain CBS144.89) [35]: Our laboratory has available
one triazole antifungal susceptible (wild type) strain (-
Af_lucOPT_red_WT) and two triazole antifungal resistant strains
harboring either the TR34/L98H (Af_lucOPT_red_TR34) or
the TR46/Y121F/T289A (Af_lucOPT_red_TR46) cyp51A gene
mutations.

2. Cryptococcus neoformans red-shifted thermostable firefly
luciferase-expressing strain (KN99α-CnFLuc) [20].

2.2 Fungal Culture

and Harvesting

1. Incubator at 37 °C (A. fumigatus), 30 °C (C. neoformans).

2. Sabouraud dextrose agar plates with chloramphenicol: 42.5
grams of medium in one liter of purified/distilled water
(pH 5.6 ± 0.2; agar 12 grams (g), dextrose 40 g, peptones
10 g, chloramphenicol 0.05 g).

3. Liquid Sabouraud medium.

4. Sterile distilled water with 0.1% Tween 80.

5. Dulbecco’s phosphate-buffered saline solution (PBS).

6. Disposable loops.

7. Syringe filter holder (25 mm).

8. 11 μm nylon net filter.

9. Vortex mixer.

10. Disposable sterile plastic tube of 15 mL for fungal suspension
containment.

11. Microscope.

12. Neubauer hemocytometer with top lid for spore counting
(0.100 mm depth–0.0025 mm3) (see Note 1).

2.3 Animals and

Housing

1. 8- to 10-week-old BALB/c mice (see Note 2).

2. 10% oral solution broad-spectrum antibiotic (Enrofloxacin).

3. Individually ventilated cages in biosafety level 2 environment.

4. Water and standard food ad libitum.

1. Cyclophosphamide monohydrate powder (≥98%).
2. Sterile distilled water for reconstitution.

for invasive

A. fumigatus Infection
3. 0.5 mL disposable insulin syringes for intraperitoneal

administration.
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Fig. 1 Orotracheal inoculation. For mouse inoculation, prepare the (a) vertical support, the Hamilton syringe
fitted with a sterile bent gavage needle with the desired inoculum concentration and small forceps. (b) Once a
mouse is anesthetized (typically achieved in an induction box with 1.5–2% isoflurane in 100% oxygen),
suspend the mouse on vertical support through its upper incisors. (c) Determine cannula insertion depth
(upper third of the chest; red arrow maximum depth). (d) Open the inoculation path by pulling out the animal’s
tongue with surgical tweezers and holding it to the side and next, (e) gently introduce the cannula needle
through the oropharynx until the predetermined depth, and (f) push plunger to release the inoculum

2.5 Orotracheal

Inoculation

1. Hamilton® GASTIGHT syringe, 1700 series, removable nee-
dle (1705RN), volume 50 μL (Nevada, USA, Fig. 1a).

2. Hamilton ® SUPELCO Needle 19,139-U blunt tip. Needle
size 22 s ga, L 51 mm (2 in.), stainless steel (Fig. 1a).

3. Backboard vertical mouse support (see Note 3, Fig. 1a).

2.6 Anesthesia 1. Isoflurane vaporizer (Piramal critical care; Pennsylvania, USA)
with an anesthesia scavenging system (e.g., via charcoal filter or
active evacuation) to provide gas anesthesia mixture of 2–3%
isoflurane (Abbott Laboratories; Queensborough, UK) in
100% oxygen with controlled flow. The vaporizer should be
tubed and connected to an anesthesia induction box and the
BLI scanner.

2.7 BLI 1. BLI camera, such as IVIS Spectrum (Perkin Elmer, USA).

2. Living Image software (version 2.50.1 and 4.7.3 for PC)
provided by the manufacturer.
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3. D-luciferin solution: 50 mg/mL D-luciferin sodium in 0.9%
sterile saline (luciferin-EF, Promega, Wisconsin, USA) (see
Note 4).

4. 0.3 or 0.5 mL disposable insulin syringes for luciferin
administration.

2.8 Tissue Isolation

at Endpoint

1. General microsurgery kit for organ harvesting.

2. Labeled organ recipient containers (e.g., 2 mL, 15 mL or
50 mL tubes or sample containers) prefilled with storage solu-
tion (PBS, saline solution, fixative, etc.) depending on further
sample processing steps.

3 Methods

1. Render mice neutropenic by intraperitoneal (i.p.) injections of
cyclophosphamide (reconstituted in 0.9% saline-solution) at a
dose of 150 mg/kg on day -4 and - 1 with a booster (addi-
tional dose) of 150mg/kg dose on day 2; day 0 is considered as
the day of infection (fungal inoculation).

Neutropenic Model of

IPA

2. At the initiation of immunosuppressive therapy, add Enroflox-
acin 10% oral solution antibiotic (50 mg/kg/day) to the drink-
ing water of the mice to reduce the possibility of bacterial
infections [37].

3. Control the Immunosuppressive status on day 0 and day 2 by
drawing blood by cardiac puncture from two mice per time-
point with insulin syringes precoated with 3.8% trisodium cit-
rate (1 unit per 9 parts of blood) to avoid coagulation. Measure
blood cell counts using a hematology system (Advia 2120i,
Siemens Healthcare GmbH, Erlanger, Germany). Mice are
considered immunosuppressed (severe neutropenia) when
<100 neutrophils/μL blood are counted.

3.2 Fungal Culture

and Spore Harvesting

1. A. fumigatus

1.1. Defrost collection tube of designated fungal strain.

1.2. With a cotton swab, gently touch the spore suspension
and plate in a Sabouraud agar plate and incubate for
48 hours at 37 °C.

1.3. Perform a subculture from previous culture and incubate
for 72 hours at 37 °C (minimum 3 plates to assure ade-
quate number of spores).

1.4. Add 5 mL of saline 0.1% tween-80 solution to each cul-
ture agar plate to facilitate spore removal, dispersion and
to reduce clumping.
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1.5. Gently scrape the surface of each plate to detach the spores
with a disposable loop.

1.6. Collect the suspension with a 5 mL syringe and place in a
15 mL tube.

1.7. Vortex vigorously for approximately 1 minute.

1.8. Filter the suspension using a syringe filter holder with the
11 μm nylon net filter to restrict the passage to single
spores only and to remove hyphae, clumps, and agar and
place the filtrate into a new labeled sterile 15 mL tube.

2. C. neoformans

2.1. Defrost collection tube of designated strain.

2.2. With a cotton swab gently touch the cell suspension,
inoculate a Sabouraud agar plate and incubate for
48 hours at 30 °C.

2.3. Transfer cells to liquid Sabouraud medium and incubate
for 2 days at 30 °C.

2.4. Harvest fungal cells by centrifugation.

2.5. Remove supernatant and perform two washing steps
with PBS.

3. Inoculum preparation

3.1. Using a Neubauer Hemacytometer count the number of
fungal cells in suspensions.

3.2. Calculate total spore amount per milliliter and prepare
suspension to desired concentration.

3.3 Inducing Mouse

Model of Infection by

Orotracheal

Inoculation

1. For inoculation, load the Hamilton syringe fitted with a sterile
bent gavage needle with 20 μL air followed by the desired
inoculum concentration (should not exceed a volume of
30 μL; Fig. 1a). The air pocket behind the inoculum is used
to ensure that all the fluid is instilled into the lung (seeNotes 5
and 6).

2. Anesthetize a mouse using 1.5–2% isoflurane in 100% oxygen.
Animals should remain in the anesthesia isoflurane induction
box until fully anesthetized; 3–5 minutes approximately (see
Notes 7 and 8).

3. Place the anesthetized mouse on the vertical support, sus-
pended by its upper incisors (best visualization with the ventral
side of the mouse facing researcher; Fig. 1b).

4. Determine visually and note the desired insertion depth of the
Hamilton syringe and needle (upper third of the chest region,
before trachea bifurcation) by placing the syringe next to the
suspended mouse (Fig. 1c).
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5. Gently pull out the animal tongue with surgical tweezers and
hold it to the side. Straighten the orotracheal inoculation path
(Fig. 1d); if required, the angle of the head should be adjusted
with the little finger behind the neck.

6. With your other hand, take the loaded syringe containing the
inoculum and push the needle through the visualized orophar-
ynx (orotracheal opening, seeNote 9). When inserted, carefully
advance the cannula further until the previously determined
depth (upper third of the chest cavity; Fig. 1e). No resistance
should be encountered during the cannula introduction, which
is usually associated with erroneous insertion into the
esophagus.

7. Push the plunger evenly to deliver the inoculum (including
prefilled air; Fig. 1f).

8. Hold the mouse upright for a few seconds to allow inoculum to
be inhaled into the lungs.

9. Monitor the mice daily for general appearance, weight loss, and
survival.

3.4 BLI Acquisition

and Quantification

1. Acquire BL images daily (IPA model) or weekly (cryptococco-
sis model) using the IVIS Spectrum system (see Notes 10, 11,
and 12). Consider acquiring baseline scan prior to infection or
longitudinal scans of control animals for analysis.

2. For BLI scanning, inject the mouse intraperitoneally with
D-luciferin (dose range 126–500 mg/kg body weight, the
later giving the highest sensitivity of detection in the lung
region [35]). To improve the imaging sensitivity of detection
for cryptococcal brain infection, we recommend administering
the D-luciferin intravenously via the tail vein of the mouse
(dose of 126 mg/kg body weight).

3. Subsequently, place the mouse in anesthesia induction box and
anesthetize with gas-anesthesia.

4. Once anesthetized, transfer the mouse to the IVIS system
chamber on the heated platform in supine position for image
acquisition (see Note 13). Acquire consecutive frames (10–15
frames of 60 seconds each, f/stop 1, medium binning, height
1.5 cm) for a period of 20 min to allow maximum signal
intensity detection (reached after approximately 15 sequences).

5. Measure the intensity of the BLI signals (photon-flux per sec-
ond) through a rectangular region of interest (ROI) of
pre-established dimensions containing the lung or brain
regions (Fig. 2) in accordance with experimental setting using
the Living Image software. Representative BLI scans and
mouse peak signals (highest measured total flux expressed in
p/s) are used for analysis and reporting (Fig. 3).



Fig. 2 Quantification of BLI signal from a region of interest. In Living Image, to begin with, select on the
representative BLI image scan window (a) the readout “radiance” in units of photons and apply to all (red
arrow). Adjust the color scale display of the image (b1) by selecting “logarithmic scale” on the color table
section (b2; red arrow). Adjust color scale manually to same minimum and maximum values for representative
image comparison within the same experiment (B2; red arrow). Subsequently, open ROI tools palette (c1) and
select the desired shape of the ROI to be quantified (e.g., square, circle), in this case a rectangle covering the
lung area. Locate and adjust the size of the ROI to designated area of interest (a, lung region). Repeat the
process based on the number of required regions to be analyzed (a; ROIs in the lung region of 5 mice). Use the
tab “Measure ROIs” (c2; red arrow) to quantify BLI signals. ROIs measurements will appear in a new window
(d1). Choose the option “cm” in ROI dimensions tab (red square) followed by “select all” (red arrow) and
“copy” data. Paste copied data into a spreadsheet file (e1) and select from each ROI the highest (peak) total
flux (red square) for further analysis and reporting
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Fig. 3 BLI to longitudinally monitor fungal burden and infection dissemination in IPA and cryptococcosis mouse
models. (a) Longitudinal BLI images of a representative mouse orotracheally inoculated with the red-shifted
luciferase-expressing A. fumigatus strain (Af_lucOPT_red_WT; 5X10 [5] spores) after infection (n = 5). (b)
Quantified BLI signals (log10 total flux) from pulmonary ROI of infected mouse compared to baseline scans over
time. (c) Longitudinal representative BLI images of a mouse infected with the red-shifted luciferase-expres-
sing C. neoformans strain (KN99α-CnFLuc; 1X10 [4] spores orotracheally) of the lung region and (e) o
selected mice (3 mice) at week 5 of the brain region. Mice total peak fluxes quantification over time of the (d)
lung and (f) brain regions (n = 12); cryptococcosis data adapted from Vanherp L. et al. [20] Data are
mean + s.d. P= * ≤ 0.05, **≤ 0.005, ***≤ 0.0005 to baseline per day (above) and overall (lateral); two-way
repeated measures ANOVA (multiple comparison analysis, Tukey’s correction. Abbreviations: ns (not
significant), BLI (bioluminescence imaging), ROI (region of interest)
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3.5 Experiment

Termination

1. After the last imaging time point or when humane endpoint is
reached (see Note 14), euthanize animals by intraperitoneal
(i.p.) administration of 100 μL of 200mg/mL sodium
pentobarbital.

2. Remove aseptically and weigh relevant organs, such as the
lungs or brain, for analysis (see Note 15).

3. Organ samples can be removed and stored for several purposes
such as CFU counting, ex vivo BLI, histology, and molecular
analysis.

4. For lung CFU counts determination, homogenize desired
organ (according to experimental setting) in 600 μL of saline
solution. Prepare dilution series (e.g., ten-fold dilution) from
homogenized suspension and plate 100 μL of selected dilu-
tions on Sabouraud agar plates (e.g., undiluted, 1/10, 1/100
and 1/1000 dilutions) (see Note 16). Incubate plates at 37 °C
and count CFU at 24, 48, and 72 hours (log10 CFU counts per
gram of weighted lung tissue).

4 Notes

1. Neubauer chamber’s counting grid should contain 9 square
subdivisions (1 × 1 mm) comprising 25 medium sized squares
(0.2 × 0.2 mm) with 16 small squares each (0.05 × 0.05 mm);
the later used for spore counting (0.00025 μL content in a
small square).

2. All animal experiments should be conducted in accordance
with international and national regulations and approved by
the animal ethics committee from the research institution.

3. The vertical support equipment was manufactured in-house
using a 3D printer (E3D NANO 3D printer, Karsten Interna-
tional; North Holland, The Netherlands) and commercially
available 75 mm PLA-filaments. The used dimensions fit the
following measurements: 6 mm thick, 42 cm in length, 22 cm
in width, and bent to a 45° angle. Two holes were drilled on
each side of the backboard 2 cm from the top and side edge.
Galvanized metal-style screws, nuts, and washers were used to
secure a stainless-steel wire strung from one screw to the other
from which a mouse could be hung by its incisors.

4. Luciferin is light sensitive and should always be kept in the dark
during reconstitution, aliquoting, and experiments. Aluminum
foil can be used to cover working materials containing luciferin.

5. The following inoculum doses have been validated in our
models: C. neoformans 500 to 50,000 fungal cells,
A. fumigatus 500,000 spores. We recommend to always plate
dilutions of the inoculum for CFU counts confirmation.
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6. A pipette tip near the tracheal entrance can be used for oro-
tracheal inoculation as an alternative to the Hamilton syringe
fitted with a sterile bent gavage needle.

7. Animal inoculation could be performed likewise through intra-
peritoneal systemic anesthesia (i.p.) with a mixture of ketamine
(45–60 mg/kg, Nimatek®; Bladel, The Netherlands) and
medetomidine (0.6–0.8 mg/kg, Domitor®; Espoo, Finland)
and reversed by i.p. injection of atipamezole hydrochloride
(0.5 mg/kg, Antisedan®, Espoo, Finland). Yet, anesthesia
induced by i.p. injection has been associated with increased
weight loss compared to gas anesthesia-induced mice35.

8. A mouse is considered fully anesthetized in the presence of
slowed down breathing and not responsiveness when
stimulated.

9. The terminology of oropharynx inoculation is commonly inter-
changed with orotracheal inoculation in research reports.
Indeed, the orotracheal route of inoculation requires a laryn-
goscope and direct visualization of the vocal cords. Nonethe-
less, delivery of an inoculum to the lower respiratory tract
(oropharynx, trachea, and bronchia) by orotracheal introduc-
tion of a syringe (canula) can be successfully achieved through
the oropharynx with the above mentioned methodology.

10. To improve BLI signal detection, hair from the thoracic region
should be removed in advance using a commercially available
hair-removal cream (e.g., Nair). Spread evenly a small amount
of hair-removal cream on the mouse chest. Wait for 2 minutes
and remove gently the cream and hair with a soft tissue paper.

11. Fur on the top of the head can be clipped to optimize the
detection of BLI signals originating from the brain.

12. A black partition over the neck of the animal can be placed to
separate the bioluminescence of the lung region from the
bioluminescence of the brain region (disseminated
cryptococcosis).

13. When doing D-luciferin i.p injection, up to 5 mice can be
imaged in one field of view.

14. Humane endpoint sacrifice was done when any of the following
symptoms was observed: >20% weight loss, lethargy impend-
ing feeding, and drinking or respiratory distress.

15. Ex vivo BLI can be also performed after sacrifice (within one
hour of previous D-luciferin administration). Place organs in a
6-well plate inside the IVIS Spectrum systemand acquire images
using an F/stop of 1 andmedium binning, with exposure times
depending on the magnitude of the signal (range 4–60 s).

16. For CFUs counting, Sabouraud agar with chloramphenicol
should be used to select for fungal pathogens and to reduce
the presence of bacteria.
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Chapter 16

Microcomputed Tomography to Visualize and Quantify
Fungal Infection Burden and Inflammation in the Mouse
Lung Over Time

Eliane Vanhoffelen, Agustin Resendiz-Sharpe, and Greetje Vande Velde

Abstract

Pulmonary mycoses are an important threat for immunocompromised patients, and although current
treatments are effective, they suffer from multiple limitations and fail to further reduce mortality. With
the increasing immunocompromised population and increased antifungal resistance, fungal infection
research is more relevant than ever. In preclinical respiratory fungal infection research, animal models are
indispensable. However, too often researchers still rely on endpoint measurements to assess fungal burden
while the dynamics of disease progression are left undiscovered. To open up this “black box”, microcom-
puted tomography (μCT) can be implemented to longitudinally visualize lung pathology in a noninvasive
way and to quantify μCT-image derived biomarkers. That way, disease onset, progression, and responsive-
ness to treatment can be followed up with high resolution spatially and temporally in individual mice,
increasing statistical power. Here, we describe a general method for the use of low-dose high-resolution
μCT to longitudinally visualize and quantify lung pathology in mouse models of respiratory fungal
infections, applied to mouse models of aspergillosis and cryptococcosis.

Key words Microcomputed tomography (μCT), μCT-derived biomarkers, Respiratory fungal infec-
tion, Aspergillosis, Cryptococcosis, Mouse model

1 Introduction

Pulmonary mycoses are a major cause of morbidity and mortality,
especially in the growing immunocompromised population. Early
diagnosis and effective therapy are key factors for a successful
outcome, but nonspecific and late symptoms, together with a
plateauing effectiveness of our current antifungal treatments,
often complicate disease management and keep mortality high
[1, 2]. Increased efforts are therefore being made to improve our
understanding of pathogenesis, identify novel treatment targets
and diagnostic biomarkers, decrease off-target toxicity and resis-
tance development of antifungals, develop vaccines, etc., in which
preclinical animal models are indispensable [2].

Rebecca A. Drummond (ed.), Antifungal Immunity: Methods and Protocols, Methods in Molecular Biology, vol. 2667,
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Preclinical animal research of pulmonary infections typically
relies on endpoint techniques such as survival analysis, lung tissue
histology, bronchoalveolar lavage, serum analysis, and colony-
forming unit (CFU) counts. These measures deliver intrinsically
snapshots of a dynamic disease process. Particularly in the typically
highly variable context of infection and inflammation, endpoint
techniques suffer inherently from low statistical power and are
prone to sampling errors. Adding sacrifice timepoints to gain lon-
gitudinal insights into disease and to overcome interanimal varia-
bility requires a high number of animals and large investments in
terms of time, labor, and funds [3]. In the clinic, on the other hand,
diagnosis and therapeutic monitoring of fungal respiratory diseases
are commonly performed using computed tomography
(CT) because of its ability to repeatedly visualize typical fungal
lesions in the lung [4]. A preclinical alternative for CT, microcom-
puted tomography (μCT), is increasingly embraced as a novel state-
of-the-art tool in preclinical disease evaluation, but implementation
in fungal infection research lags behind despite its advantages.

In vivo μCT provides instant longitudinal and three-
dimensional anatomical information on lung pathology, such as
fungal lesions and host response, because of the clear endogenous
air-tissue contrast [5–13]. It enables spatial and temporal follow-up
of disease onset, progression, and recovery upon treatment in the
complete lung region of free-breathing individual animals [5, 14,
15]. This does not only reduce multifold the number of animals
needed but also overcomes sampling bias as present in histopatho-
logical readouts. By following the same animal over time, statistical
power is increased and inter-animal variability in disease progres-
sion and treatment efficacy can be picked up allowing for correct
interpretation of the corresponding endpoint measurements, thus
improving preclinical treatment study efficacy and translation of
results towards clinical study design [3, 16].

In addition to qualitative assessment of μCT images, different
quantitative biomarkers can be derived by separating hyperdense
voxels from voxels with lower density by thresholding within the
volume of interest, that is, the entire lung: aerated lung volume,
nonaerated lung volume, total lung volume (sum of aerated and
nonaerated volumes), and mean lung density [16]. Fungal lesions
or other pulmonary (inflammatory) infiltrates will typically appear
as hyperdense patterns such as ground glass opacities and different
types of nodular lesions, thereby increasing the nonaerated lung
volume and lung density. Hyperinflation or emphysema, on the
other hand, will present as hyperlucent areas, decreasing lung den-
sity [4]. Aerated lung volume is also considered a biomarker of lung
function since it correlates with inspiratory capacity [3], and efforts
are being made to extract more detailed lung function parameters
from μCT scans.
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Longitudinal μCT of lung infection and inflammation has
already proven useful in multiple animal models [7, 10, 11, 14,
15, 17], including two mouse models of major pulmonary myco-
ses, namely, invasive pulmonary aspergillosis (IPA) and pulmonary
cryptococcosis [5, 6]. The mouse model of IPA is a rapidly pro-
gressing model (timespan of 4 days) upon orotracheal infection
with Aspergillus fumigatus, while the cryptococcosis mouse
model develops more slowly (timespan of 6 weeks) after physiolog-
ical pulmonary infection with Cryptococcus neoformans. μCT can
visualize lung pathology and consequent affected lung volume
changes caused by these fungal pathogens long before typical
symptoms of distress and weight loss appear, thereby opening up
the “black box” in these mouse models. μCT images are particularly
relevant to follow lung pathology in the slowly developing crypto-
coccosis mouse model, because despite progressing infection, mice
remain asymptomatic and stay apparently healthy until several
weeks after infection, thereby blinding researchers for infection
severity and key events in pathogenesis such as infection dissemina-
tion. μCTovercomes this issue by delivering sensitive and insightful
quantitative information on fungal burden and infection progres-
sion long before symptom onset, thereby obviating the need to let
mice suffer and succumb from infection [6, 16]. Moreover, by
applying μCT in the cryptococcosis mouse model, it was discovered
that total lung volume increased over time as a compensatory
mechanism for the increased nonaerated lung volume, that is, the
fungal lesions, causing the aerated lung volume to stay more or
less constant over time and explaining the long-lasting healthy
appearance of the mice. This underscores the importance of adding
μCT as a readout of pulmonary changes, which would otherwise
be missed or interpreted incorrectly [3, 16]. Furthermore, the early
confirmation of infection by μCT is especially relevant in treatment
experiments, to prevent false positive treatment conclusions [5, 14–
16].

Due to its very short handling time (<5 min per animal), μCT
of fungal lung infection can be easily implemented as part of a
multimodal imaging approach, for instance, in combination with
magnetic resonance imaging (MRI) to establish fungal dissemina-
tion to the brain [6] and/or with bioluminescence imaging (BLI)
for fungal load quantification when using luciferase-transgenic fun-
gal strains for infection [5, 6] (cfr chapter 15).

Here, we describe a general method for longitudinal μCT
acquisition, visualization, and quantification of fungal lung pathol-
ogy in individual, free-breathing mice with respiratory fungal infec-
tions, applied on a mouse model of invasive pulmonary aspergillosis
[5] and cryptococcosis [6]. The protocol is readily applicable to
evaluate pulmonary pathology progression and antifungal drug
efficacy in virtually any mouse model of pulmonary infection or
inflammation [7, 14, 15].
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2 Materials

2.1 Animal Models (a) 8- to 10-week-old BALB/c mice (Note 1).

2.1.1 Mouse model of

IPA [5]

(b) Cyclophosphamide (0.9% in saline) dosed 150 mg/kg to
render the mice neutropenic via intraperitoneal (i.p.) injection
on day 4 and 1 before infection and on day 2 post-infection.

(c) Broad-spectrum antibiotic (Enrofloxacin; Baytril, Bayer), 10%
oral solution (50 mg/kg/day) in the drinking water.

(d) 20 μl of 5 × 10 5 spores of Aspergillus fumigatus (red-shifted
firefly luciferase-expressing derivatives of A. fumigatus refer-
ence strain CBS144.89 [5]) in PBS to induce pulmonary
infection via orotracheal instillation (see Subheading 2.2)
(Note 2).

2.1.2 Mouse model of

Pulmonary cryptococcosis

[6]

(e) 9- to 10-week-old BALB/c mice (Note 2).

(f) 40 μL of 500 spores of Cryptococcus neoformans (red-shifted
firefly luciferase-expressing KN99α-CnFLuc [6]) in PBS to
induce pulmonary infection via orotracheal instillation (see
Subheading 2.2) (Notes 3 and 4).

2.2 Orotracheal

Inoculation

1. Hamilton®GASTIGHT® syringe (1700 series) equipped with
a removable needle with blunt tip (1705RN), with a total
volume of 50 μL.

2. Vertical mouse support (Note 5).

3. Fungal suspension in desired concentration (max. Volume of
40 μL).

2.3 Anesthesia Isoflurane vaporizer to provide gas anesthesia mixture of 2–3%
isoflurane in 100% oxygen with adjustable flow to an anesthesia
induction box (for inoculation, scanning) and to the animal bed of
the μCT scanner. Anesthesia scavenging can be obtained via, for
example, charcoal filter or active evacuation.

2.4 Microcomputed

Tomography (μCT)
1. SkyScan 1278 (Bruker, Kontich, Belgium) in vivo μCT system:

(https://www.bruker.com/products/microtomography/
in-vivo-micro/skyscan-1278). The required system
components are: a low-dose, high-resolution SkyScan 1278
scanner with sensitive flat-panel detector; 4 filter options, spa-
tial beam shaper; integrated physiological monitoring with
breathing sensor, ECG (optional, not essential for lung imag-
ing), temperature stabilization and body movement detection;
oxygen regulator (Note 6).

2. Windows workstation with data output in format of choice
(tiff, bmp, dicom, among others).

https://www.bruker.com/products/microtomography/in-vivo-micro/skyscan-1278
https://www.bruker.com/products/microtomography/in-vivo-micro/skyscan-1278
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2.5 Software Software for data acquisition, animal monitoring, image recon-
struction, and quantification is provided by the manufacturer:
https://www.bruker.com/products/microtomography/micro-ct-
software/3dsuite.html. Visualization of reconstructed μCT data
can be done with DataViewer (version 1.5.6.2) and data processing
by CTAnalyser (CTAn) (version 1.17.7.2).

3 Methods

3.1 Experimental

Fungal Infection

(Orotracheal

Instillation)

1. Anesthetize each animal in an induction box using a gas mix-
ture of 2–3% isoflurane in 100% oxygen until breathing is
slowed down and the mouse is irresponsive to touch (Note 7).

2. Fill the Hamilton syringe with 20 μL of the inoculum, leaving
20 μL of air behind the inoculum to ensure that the complete
volume of inoculum is instilled into the lungs (Note 8).

3. Swiftly transfer the anesthetized mouse to the vertical support,
suspended by its upper incisors with the ventral side facing the
researcher.

4. Using surgical tweezers, gently pull out the tongue and hold it
to the side with one hand.

5. With the other hand, take the loaded syringe and gently move
down against the ventral side of the oral cavity, until pushing it
through the vocal cords into the trachea. When inserted,
advance the cannula ≈ 5 mm further (depending on size of
the mouse) without moving into the bronchi.

6. Push the plunger evenly to deliver the inoculum. After success-
ful delivery into the lungs, the mouse may make a rattling,
bubbling, or clicking sound for a short time.

7. Keep the mouse in upright position for a few more seconds to
ensure inhalation of the inoculum into the lungs, before plac-
ing it back into the cage.

3.2 μCT Acquisition

for Skyscan 1278

1. Turn on the scanner and initialize it using the acquisition
software.

2. After initialization, set acquisition parameters optimized for
high-resolution, low-dose longitudinal lung imaging as
follows:

(a) Source voltage: 50 kV.

(b) Source current: 350 μA.
(c) Image pixel size: 51.62 μM.

(d) Exposure time: 150 ms.

(e) Rotation step: step-and-shoot with increment of 0.9° over
a total angle of 220°.

https://www.bruker.com/products/microtomography/micro-ct-software/3dsuite.html
https://www.bruker.com/products/microtomography/micro-ct-software/3dsuite.html
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(f) Filter: X-ray filter of 1 mm aluminum.

(g) Field of view covering lung area: 54.1 mm.

(h) Partial width: 50% (to reduce file size).

(i) Frame averaging: 3.

(j) Camera pixel: 1944 × 1536 resulting in isotropic voxel
size of ≈ 50 μm.

3. Acquire flatfield correction for marked modes without the
animal bed in place. After verifying adequate flatfield correc-
tion, proceed to place the animal bed in the scanner.

4. Anesthetize each animal in the induction box using a gas
mixture of 2–3% isoflurane in 100% oxygen and a flow of
1 L/min. When breathing is slowed down and the animal is
irresponsive to touch, transfer it in supine position into the
animal bed in the scanner, making sure that the nose is inserted
in the nose cone providing gas anesthesia.

5. Align the animal as straight as possible and use tape to stick the
front paws away from the lungs next to the head for optimal
lung region exposure. Stretch out the back paws (Fig. 1a).

6. Set the temperature inside the scanner at 32–33 °C and moni-
tor the respiration rate via the physiological monitoring

Fig. 1 μCT acquisition and visualization. (a) Supine positioning of a mouse in the animal bed of a dedicated
small animal μCT scanner (SkyScan1278), stretched out with both front paws taped away from the lung area.
(b) Via a camera and physiological monitoring system, the animal’s breathing and temperature inside the
scanner is monitored throughout the scan. In this case, the breathing frequency and depth is tracked by a
visual camera sensitively recording movement of the abdomen translated to a marked piece of polystyrene
foam. (c) Whole-body μCT projection image of a mouse. Note how the paws are positioned away from the
lungs, and the spine and neck are straight for optimal lung imaging. (d) Tomographic visualization of a
reconstructed μCT scan using DataViewer, showing a healthy mouse lung in coronal (up), transverse (middle),
and sagittal (right) cross-sections
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application (Fig. 1b). For adequate lung imaging, respiration
rate should be as constant as it can be with breathing cycles of
around 1 s length.

7. Start the scan to acquire projection images of the free-
breathing anesthetized mouse (Fig. 1c). Each scan will take
approximately 2 min 45 s. Make sure to store the acquired data
in a separate folder for each mouse.

8. Before removing the mouse, reconstruct at least one image
section as quality control (see Subheading 3.3, μCT scan
reconstruction).

9. Repeat steps 4–8 to scan the next mice.

10. After the last animal scan, start batch reconstruction (see Sub-
heading 3.3). Meanwhile, remove and clean the animal bed
from the scanner, clean induction box and other used surfaces,
and turn down the scanner (Note 9).

3.3 μCT Scan

Reconstruction

1. Open the acquired μCT data using the NRecon software and
adapt the field of interest to the lung area.

2. Choose a section for preview and apply the following settings:

(a) Smoothing (Gaussian): 2.

(b) Beam hardening correction: 10%.

(c) Optimize lung visualization using a window with lower
limit at 0.00 and upper limit at 0.012.

(d) Region of interest (ROI): Ellipse. Place the ellipse around
the complete animal section, excluding the animal bed.

3. Finetune the image for improved reconstruction quality:

(a) Postalignment: set parameter step at 0.5 px and choose
the best alignment, that is, avoid the appearance of “sha-
dows” behind bones into the lungs.

(b) Ring artefact reduction (only if needed) (Note 10): set
parameter step at 1.0 and choose image with the least ring
artefacts.

4. Change image output as preferred. We recommend 8-bit BMP
file format for reducing file size towards storage and
subsequent data processing.

5. Add reconstruction to batch.

6. Repeat reconstruction steps 1–5 for each animal. After the last
animal is scanned, reconstruct the batch of scans.

3.4 μCT Data

Visualization

The reconstructed μCT data can be visualized using different com-
mercial and noncommercial software tools such as DataViewer or
3D Slicer. We use DataViewer to load the three orthogonal planes
and get an idea of the 3D image (Fig. 1d). This can be used for
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3.5 μCT Data

Quantification

1. Load the reconstructed lung μCT data in a visualization soft-
ware (e.g., DataViewer) and open the 3D viewing option.

3.5.1 Semi-quantitative

Scoring of μCT Scans

Based on Visual

Observation

2. Choose four predefined transverse or coronal cross-sections at
different reproducible trans-axial positions in the lung, cover-
ing the complete lung (Fig. 2) (Note 11).

3. Assign an initial score of zero to baseline scans. Compare the
lung slices of the same animal acquired on the first imaging
time point after infection to the corresponding lung slices at
baseline. Assign a value of -0.25, 0, or + 0.25 depending on a
respective worsening, stabilization, or improvement of the pul-
monary damage based on the observable changes in each lung

Fig. 2 Visualization of fungal lung infection by μCT. (a) Image plane selection along trans-axial orientation for
semi-quantitative visual scoring (red lines). b, c, and d show transversal cross-sections at four different trans-
axial positions in the lung (according to positions illustrated in (a)), illustrating (c) healthy lungs, (d) Aspergillus
fumigatus infected lungs, and (e) Cryptococcus neoformans infected lungs. Yellow arrows indicate lung
pathology
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slice. Based on the same principle, compare and score the image
slices of every next imaging time point to those of the previous
time point. Add the obtained values for a final cumulative score
(Fig. 4a).

3.5.2 Quantification of

μCT-Derived Biomarkers

1. Load the reconstructed transverse image μCT data in CTAn
software.

2. Manually determine top and bottom of the lungs and delineate
the lung as an interpolated region of interest (ROI) on as many
sections as necessary for correct interpolation by the software.
Stay on the inside of the ribs and avoid the heart and diaphragm
(Fig. 3a, b) (Note 12). This will result in a volume of interest
(VOI) covering the entire lung.

Fig. 3 Quantification of μCT-derived biomarkers of lung infection and host response. (a) Manual delineation of
ROI on the reconstructed transverse μCT images of a healthy lung, with the resulting binary selection of those
voxels with lower densities belonging to the aerated lung volume (ALV), higher density voxels making up the
nonaerated lung volume (NALV), and the sum of both giving the total lung volume (TLV) in CTAn software. (b)
Illustrational ROI delineation on different transverse cross-sections through the lung of a mouse with
pulmonary cryptococcosis. (c) Density histogram in 8-bit grey values of the segmented volume of interest
covering the total lung from the μCT dataset, showing the thresholding of grey values from 0 to 107 to select
the ALV. This segmentation step by thresholding returns the number of voxels and the mean density of the ALV
in grey value, which can be converted to report the ALV in mm3 and its density in Hounsfield units (HU)
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Fig. 4 (Semi)-quantification of μCT-derived biomarkers over time. (a, upper panel) Visual overview of
progressing lung pathology over time in the aspergillosis mouse model (coronal cross-sections) and cumula-
tive (“clinical”) score assessment (yellow arrow; right panel). (a, lower panel) Longitudinal visual lung
pathology development in the cryptococcosis mouse model (transverse cross-sections). (b) Longitudinal
quantification of nonaerated lung volume in an aspergillosis mouse model upon A. fumigatus infection,
showing an increase in lung lesion volume over time. Two-way repeated measures ANOVA with Tukey’s
multiple comparison test. **P ≤ 0.005 compared to baseline. (c) Longitudinal quantification of aerated,
nonaerated, and total lung volume in a cryptococcosis mouse model, showing an increase in lung lesion
volume, a decrease in aerated volume, and a compensatory increase in total lung volume over time. Two-way
repeated measures ANOVA with Bonferroni post-test. *P < 0.05; ****P < 0.0001 compared to baseline.
Adapted from [6] and [5]

3. Based on the resulting VOI, relevant image-derived biomarkers
can be determined and gathered in a spreadsheet (Fig. 3a):
aerated lung volume (ALV), nonaerated lung volume
(NALV), total lung volume (TLV) and all corresponding
mean densities. To distinguish air and tissue in the mouse
lung, manually set the following thresholds on the 8-bit grey-
scale histogram “from dataset” in CTAn and keep them con-
stant for all data sets (Fig. 3c):

(a) ALV: 0–107 grey value.

(b) NALV: 108–255 grey value.

(c) TLV: 0–255 grey value.
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4. For reporting volume and density measurements, convert from
voxels to mm3 and from grey values to Hounsfield units (HU),
respectively, in the spreadsheet. For HU calibration, scan a
phantom such as a 50 mL tube filled with water, containing
an air-filled 1.5 mL microcentrifuge tube, using the same scan-
ning settings as in mice (see Subheading 3.2). Set greyscale
index of water to 0 HU and air to -1000 HU.

5. Backup your data and report (Notes 13 and 14). Examples of
quantification of ALV, NALV, and TLV over time in mouse
models of aspergillosis and cryptococcosis are shown in Fig. 4
(Note 15).

4 Notes

1. Isogenic strains expressing a red-shifted thermostable firefly
luciferase (derivatives of A. fumigatus reference strain
CBS144.89): our laboratory has available one triazole antifun-
gal susceptible (wild type) strain (Af_lucOPT_red_WT) and two
triazole antifungal resistant strains harboring either the TR34/
L98H (Af_lucOPT_red_TR34) or the TR46/Y121F/T289A
(Af_lucOPT_red_TR46) cyp51A gene mutations [5].

2. We used BALB/c mice because it is one of the most widely
used inbred mouse strains, especially used in infectious diseases
research. However, the described aspergillosis model was also
successfully developed in C57BL/6NTac mice to study
influenza-associated aspergillosis (IAPA) [14, 15], showing
the possibility to use other mouse strains depending on your
specific research interest.

3. Both C. neoformans and A. fumigatus are classified as biosafety
level 2 agents and should be handled according to the
corresponding safety regulations.

4. All animal experiments should be approved by the institutional
ethical committee and should comply with national and inter-
national regulations.

5. The angled vertical support was manufactured in-house using a
3D printer and 75 mm PLA-filaments (Zhuhai Sunlu Industry
Co., Ltd., Xiangshan District, China). The support is 6 mm
thick, 42 cm long, 22 cm wide and bent to a 45° acute angle.
On each side of the backboard, 2 cm from the top and side
edge, 2 holes were drilled and galvanized metal-style screws,
nuts, and washers were used to secure a stainless-steel wire
strung from one screw to the other, enabling to hang a
mouse by its incisors.

6. Before installing the μCT system, make sure to comply with the
manufacturer’s installation requirements, that is, a table that
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can hold the scanners’ weight, a correct power source
(230 V AC, 50–60 Hz), and adequate room temperature and
humidity (18–22 °C with <70% humidity at 25 °C).

7. Orotracheal inoculation can also be performed under systemic
anesthesia by i.p. injecting a mixture of ketamine (45–60 mg/
kg, Nimatek®, Bladel, The Netherlands) and medetomidine
(0.6–0.8 mg/kg, Domitor®, Espoo, Finland). I.p. injection of
atipamezole hydrochloride (0.5 mg/kg, Antisedan®, Espoo,
Finland) reverses anesthesia [6]. However, it was shown that
i.p. administered anesthesia is associated with more weight-loss
in mice when compared to gas anesthesia [5].

8. As an alternative for the orotracheal inoculation using the
Hamilton syringe, a regular pipet tip can be placed in the
oropharynx near the trachea for oropharyngeal inoculation.

9. Scanning frequency depends on the rate infection progresses in
the model of interest, as well as on the research question. In the
IPA mouse model, mice develop serious infection as fast as
4 days post-infection, so daily scanning is essential to study
longitudinal differences in lung pathology. In the cryptococco-
sis mouse model, infection progresses relatively slowly over a
time span of 5 weeks, so weekly or 2-weekly scanning is
sufficient.

10. Ring artefacts appear as concentric rings on the transversal
image that influence the local grey values and thus prohibit
accurate quantitative analysis. If present, reducing these arte-
facts is necessary to increase the reconstructed image quality.

11. Depending on the type of pathology and/or preference of the
researcher, image scoring can be done either on coronal [5, 11]
or on trans-axial cross-sections [15, 17] and different scoring
methods can be used, as long as the scoring method is consis-
tently applied and reported.

12. By not excluding the large blood vessels in the lung ROI, we
assume no effect of disease on blood vessel volume. Alterna-
tively, the large blood vessels can be excluded from the ROI
during lung delineation. However, some fungal lesions tend to
develop close to blood vessels and distinguishing both may
increase bias in ROI delineation.

13. To statistically compare lung volumes longitudinally, a two-way
ANOVA repeated measures with Tukey’s multiple comparison
post hoc test can be performed.

14. Data size will be around 3–4 GB per dataset, so provide suffi-
cient storage space.

15. Usually, typical symptoms of lung disease such as weight loss
and breathing difficulties inversely correlate with the remaining
ALV. However, disease symptoms do not necessarily correlate
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with the NALV, since the increasing NALV can be paralleled by
a compensatory increase in total lung volume, thereby prevent-
ing the ALV from declining and (temporarily) saving the ani-
mal from severe breathing difficulties. This phenomenon has
been observed in mouse models of cryptococcosis (Fig. 4),
lung metastasis, and lung fibrosis [6, 7, 16, 18].
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